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Abstract 

 Algae and bacteria form complex interactions through the exchange of bioactive 

molecules and nutrients. A wide range of phenotypes, and often their very survival, are 

influenced by these chemically mediated relationships, shaping the ecology and diversity of 

marine communities. Here we sought to uncover the effect of various marine bacteria on lipid 

production and storage in the biofuel candidate, unicellular green alga Dunaliella tertiolecta 

(CCMP1320). The roseobacter Phaeobacter italicus R11 was found to increase D. tertiolecta’s 

lipid per biomass  ~25%, with no effect on growth rate or photosynthetic health, during 16 d co-

cultivation experiments. Although the amount of lipid produced increased, the fatty acid methyl 

esters composition was not altered by P. italicus. Imaging flow cytometry and fluorescence 

microscopy revealed that the increase in lipid per biomass coincided with the production of 

algal-derived, extracellular lipid vesicles. The lipid vesicles were not degraded but accumulated 

in abundance and could fuse, forming larger vesicles. This is the first description of bacterial-

stimulated lipid vesicle production in green microalgae, and these findings could expedite algal 

lipid harvesting during biofuel production. 
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Chapter 1: Introduction  
 

1.1   Microalgae 

 Microalgae are a diverse group of photosynthetic organisms that dominate primary 

production in all phototrophic aquatic ecosystems and produce almost half of Earth’s 

atmospheric oxygen (Field, 1998). Extensive research has been performed to understand the 

crucial role microalgae play in the biogeochemical cycling of carbon, oxygen and sulfur 

(Falkowski, 1998; Simó, 2001). 

The ecological role of these eukaryotes is shaped by their complex evolutionary history 

responsible for their diversity. Microalgae are the product of ancient primary endosymbiosis’ of 

an early cyanobacteria into an Archaeplastida’s ancestor, which happened over 1.6 billion years 

ago (Gould et al., 2008; Rockwell et al., 2014). Since then, additional secondary and tertiary 

endosymbiotic events, between green and red algae with the majority of eukaryotic 

supergroups, have generated a heterogeneous group of unicellular microorganisms 

(Bhattacharya et al., 2004). Microalgal groups have been classified by pigment composition, cell 

wall composition and ultrastructural features such as plastids or cilia (Simon et al., 2009). This 

systematic classification produced 9 divisions with the 6 larger groups of Phaeophyceae (brown 

algae), Pyrrophyceae (dinoflagellates), Chrysophyceae (golden-brown algae), Bacillariophyceae 

(diatoms), Chlorophyceae (green algae) and Rhodophyceae (red algae) (Tirichine and Bowler, 

2011).  

Due to the remarkable phylogenetic and phenotypic diversity of microalgae, effort has 

been made to define their physiological and metabolic processes for decades (Larkum, 2016; 

Liu and Benning, 2013; Singh et al., 2005). Important progress to explore mechanisms of their 

photosynthesis, nutrient assimilation, carotenoid biosynthesis and environmental stress 

tolerance in order to determine their phenotypic plasticity to upcoming climate change and trace 

their evolution has been performed (Beardall and Raven, 2004; Eberhard et al., 2008; Gong and 

Bassi, 2016; MacIntyre et al., 2002; Monteiro et al., 2012). Special attention has been given to 

microalgal lipid metabolism, which has exploitable characteristics in the biotechnology industry 

(Harwood and Guschina, 2009).  
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1.1.1 Microalgal lipids  

 Rapid advances in analytical methods and technology, such as transcriptomics and gas 

chromatography, have enabled the characterization of algal lipid metabolism and the 

identification of novel lipid classes (Danielewicz et al., 2011; Mendoza Guzmán et al., 2011; 

Rismani-Yazdi et al., 2011). Microalgal lipids fall under two categories: polar lipids and neutral 

lipids.  

Phospholipids, glycolipids, sphingolipids and sterols are classified as polar lipids and are 

key components of cellular membranes with a central role to maintain membrane integrity. 

Phospholipids most commonly occur in extra-chloroplast membranes, except for 

phosphatidylglycerol (PG) which is found in the thylakoid membranes, and stabilizes the 

photosynthetic apparatus (Kumari et al., 2013). Structurally, they are comprised of a phosphate 

group that is bound to a hydrophilic, glycerol head which, in turn, is bound to two hydrophobic 

fatty acid tails (Figure 1.1a). The major phospholipids in microalgae are phosphatidylglycerol 

(PG), phosphatidylethanolamine (PE) and phosphatidylcholine (PC) (Yao et al., 2015).  
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glycolipids in microalgae are monogalactosyldiacyglycerol (MGDG) and 

digalactosydiacyglycerol (DGDG), but the proportion of these molecules present in a microalga 

is species dependent (Harwood and Guschina, 2009). Polar lipids also include chlorophyll 

pigments, which are essential for harvesting light energy. The majority of a microalgal cell’s lipid 

production during favorable conditions is devoted to synthesizing these polar membrane lipids 

to sustain their reproduction and growth (Basova, 2005).  

 The second group of lipids in microalgae, neutral lipids (NL), include fatty acids and 

acylglycerols. These molecules are the foremost component of traditional transportation fuels 

(Sorigué et al., 2016). Generally, these molecules only constitute under 1.75% of total dry 

weight in algae species, with the exception of the micro green algae, Botyococccus braunii, 

where hydrocarbons can account for up to 8% of total dry weight (Qin, 2010). 

 Fatty acids (FA) differ in structure from hydrocarbons because of their carboxyl acid 

group on one end of a long, hydrocarbon tail (Figure 1.1c). Fatty acids are considered lipid 

building blocks, as they are the fundamental component for numerous types of lipids in 

microalgae (Hulatt et al., 2017; Jónasdóttir, 2019). They are present as ‘tails’ in phospholipids 

and glycolipids, as displayed in Figure 1. This neutral lipid is classified based on the number of 

carbons and double bonds. Saturated FA contain no double bonds, while unsaturated have one 

(mono unsaturated FA), or more than one (polyunsaturated FA) present (Figure 1.1d). Relative 

to higher land plants, microalgae have been noted to have a higher abundance of fatty acids 

that are 16 to 18 carbons in length (Thompson, 1996). Commercially, microalgae have received 

attention due to their ability to synthesize long chain poly-unsaturated fatty acids, which are 

essential for human brain and fetal development (Khozin-Goldberg et al., 2011).  

Fatty acids can be found freely floating in the cytoplasm or bound in acylglycerols when 

two or three fatty acid ‘tails’ are attached to a central backbone through ester bonds (Figure 

1.1d). Triacylglycerols (TAGs) are the most common neutral lipid synthesized in microalgae and 

can account for up to 60% of total dry weight during adverse conditions in some species (Dong 

et al., 2016). TAGs are the most efficient energy storage molecule and yield twice the energy 

per unit of mass than starch due to their reduced and anhydrous chemical structure (Berg et al., 

2002). During unfavorable conditions, oleaginous microalgae will send stress signals that shut 

down membrane synthesis and re-direct metabolic energy to the accumulation of TAGs for 

energy reservoirs. The most prevalent environmental stresses microalgae experience in their 

natural environment are extreme salinity, pH, or temperature, intense light fluctuations and 
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nutrient limitations (Goold et al., 2015; Solovchenko, 2012). The most common stressor utilized 

in laboratory settings is nitrogen deprivation (Solovchenko, 2012). As a result of these stresses, 

microalgae will inhibit cellular division, increase expression of enzymes involved in the fatty acid 

cycle and begin degrading thylakoid membranes, in order to convert the polar membrane lipids 

into TAGs (Zienkiewicz et al., 2016). Only a few transcriptional regulations of TAG accumulation 

in microalgae have been identified, the most characterized being transcription factor NRR1 

(nitrogen responsive regulator 1) which was up-regulated in Chlamydomonas reinhardtii during 

nitrogen deprivation (Boyle et al., 2012). 

 Characterization of TAG biosynthesis pathways in microalgae has proven to be complex 

partially due to the limited number of genomes partially annotated and the sheer diversity of 

those genomes, especially in comparison to the model plant genome of Arabidopsis thaliana 

(Zienkiewicz et al., 2016). Currently, two pathways of TAG synthesis have been suggested in 

microalgae, the Kennedy (glycerol phosphate) pathway and the monoacylglycerol pathway 

(Zienkiewicz et al., 2016). These pathways are believed to be localized in the ER and 

chloroplast, respectively. Although research into the genetic characterization of TAG 

accumulation in microalgae is ongoing, it is accepted that the metabolic shift in oleaginous 

microalgae during adverse conditions lead to the synthesis of organelles named lipid droplets 

(LD), that are the location of TAG storage. 

 The current model for LD formation in microalgae proposes the biogenesis of the 

organelle occurs in the endoplasmic reticulum and is supported by two facts; the enzymes 

required for TAG synthesis are located in the ER and LDs are usually surrounded by the ER 

(Farese and Walther, 2009) (Figure 2.2a).  

 





 
 

7 

 The role of TAG accumulation in microalgae is three-fold. Firstly, TAGs are the building 

blocks for photosynthetic membranes and, as such, storing a pool of TAG during stressful times 

allows for the quick synthesis of chloroplasts after the re-introduction of microalgae into 

amicable conditions. Secondly, the formation lipid bodies for TAG and secondary carotenoid 

storage has been demonstrated to protect cells against photodamage. Lastly, synthesizing TAG 

absorbs the excessive reactive oxygen species produced during photosynthesis and inhibits 

photo-oxidative injuries especially during periods when little to no photosynthetic energy is 

required for cell division (Solovchenko, 2012).  

 To meet the increasing need of alternative energy, researchers began to study 

microalgal TAG accumulation and lipid droplet synthesis in order to cultivate microalgae for the 

production of renewable energies called biofuels (Merchant et al., 2012). 

 

1.2   Biofuels  

 Algae have a long history in the field of biotechnology with records beginning in the 

1600s when Porphya was cultivated for food additives and agar production (Pulz and Gross, 

2004). In recent years, this group has been exploited by cosmetic, pharmaceutical and medical 

industries because of their rich content of polyunsaturated fatty acids, colorful pigments, and 

antioxidants (Cheregi et al., 2019; Hopfner et al., 2014; Pulz and Gross, 2004; Spolaore et al., 

2006). Microalgae have also been given considerable attention due to their potential as a 

renewable energy source. 

Due to the increasing human population and standard of living, there is an unremitting 

demand for energy. Modern energy requirements are leading to a continuous depletion of finite 

fossil fuel reserves and this depletion is expected to substantially quicken over time (Mejriszan 

Toosi et al., 2018; Ok and Tang, 2012). To ensure future energy sustainability, investment and 

research must be funneled into green alternatives.  

 Biofuels are an environmentally friendly alternative to fossil fuels that approach carbon 

neutrality and are renewable (Garlapati et al., 2019; Lee, 2011; Raheem et al., 2018). Biogas, 

like biomethane or biohydrogen, can be produced through anaerobic microbial digestion or 

pyrolysis of agricultural and food waste (Asomaning et al., 2016; Weiland, 2010). The two main 

types of biofuel are bioethanol and biodiesel. Bioethanol is a sugar derived alcohol that is 

usually produced by the fermentation of plant biomass (Dave et al., 2019; Gray et al., 2006). 
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Bioethanol is blended into traditional gasoline to reduce polluting emissions by improving octane 

level (Balat et al., 2008; Fazal et al., 2018). Biodiesel is derived from natural oils through a 

process of transesterification which separates the hydrocarbons alkyl esters from glyceride 

backbone (Hoekman et al., 2012). This type of biofuel is non-toxic, biodegradable and a direct 

alternative to tradition fuel (Nicolò et al., 2017; Singh et al., 2011). The feedstock oil used for 

biodiesel can be extracted from terrestrial plant crops like soybean or palm, but also from 

oleaginous microalgae (Colling Klein et al., 2018; Hoekman et al., 2012). In order to understand 

the role microalgal lipids take in the current state of the industry, we must first acknowledge the 

development of the biofuel industries.  

 

1.2.1 Timeline of biofuel development  

 The history of biofuels is commonly told in generations in order to follow the 

development, limitations and advantages of the field. The 1st generation of biofuels used 

common food crops, such as corn and sugar cane, for the production of bioethanol (Deneyer et 

al., 2018; Naik et al., 2010). The rise of this generation was paralleled by the “food versus fuel” 

debate, which condemned the biofuel industry for diverting resources such as arable land and 

fresh water from the food market to the energy market (Havlík et al., 2011). These limitations 

prompted the 2nd generation of biofuels, which extracted lignocellulosic biomass from non-food 

waste products such as soft wood lumber waste for bioethanol production (Robak and Balcerek, 

2018). Lignocellulosic biomass can be converted into bioethanol and biofuel through a series of 

enzymatic treatment, pyrolysis or microbial bioconversion (Jönsson et al., 2013; Raud et al., 

2019). The goal of both processes is to break the lignocellulosic biomass into individual parts of 

cellulose, hemicellulose and lignin (Jönsson et al., 2013). Once the monosaccharide sugars are 

separate from the lignin, they can be fermented and further used to produce bioethanol (Kumar 

et al., 2016). 

 Advance biofuels rose from the limitations of the 1st and 2nd generation’s terrestrial 

plant-based system, including massive land area requirements and small lipid yield. Advance 

biofuels focused on the potential of microalgae for the high-yield production of biodiesel (Nicolò 

et al., 2017; Singh et al., 2011). Microalgae have received attention from the biotechnology 

industry because of the physiochemical similarities between the structure of their fatty acids and 

traditional fossil fuels hydrocarbon in regards to carbon chain length and saturation (Hoekman 

et al., 2012; Sajjadi et al., 2018). Although the composition of fatty acids is species-specific, 
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microalgae generally have an increased amount of saturated and mono-unsaturated fatty acids 

versus land plants. Saturated and monounsaturated fatty acids are favored in biofuel production 

because they are less likely to be oxidized and, in turn, have higher stability which is a trait that 

is preferred in fuel sources (Arguelles et al., 2018; Puhan et al., 2010)  Microalgae are suitable 

candidates for biofuel production due to their quick growth rates, high intracellular lipid content, 

and the potential to modify their metabolism through genetic engineering. They are also 

cultivable in salt water and therefore independent of arable land (Brennan and Owende, 2010; 

Chisti, 2007; Mofijur et al., 2019).  

 As previously described, TAG accumulation is stimulated in oleaginous microalgae as a 

response to various stresses. As such, researchers commonly induce TAG accumulation in 

laboratory setting through nitrogen starvation and the current strategies for doing this this 

reviewed by Singh et al, 2015. Unfortunately, the vast majority of techniques for inducing lipid 

accumulation detrimentally affect algal biomass and growth rate making the total production 

more energy-intensive relative to total overall energy yield. The low net yield impedes the ability 

to commercialize these systems, which dictates the industry’s financial sustainability and, as 

such, environmental impact (Milano et al., 2016).  

 

1.2.2 Current trends in microalgal biofuels  

 Production of advance generations biodiesel can be simplified into three steps: (1) 

cultivating the microalga strain to optimal lipid content and biomass, (2) harvesting the biomass 

from media, and (3) extracting the lipid content from the organisms before processing the lipids 

through trans-esterification to produce commercial biodiesel.  

Cultivation is an energy-consuming step of biofuel production, and a current question in 

the advance generations biofuel industry is the ideal cultivation method for commercial 

production of microalgae. During cultivation, factors such as temperature, nutrient availability 

and light intensity have been shown to impact TAG yield. In a lab-based bioreactor, these 

parameters can be easily monitored and modified in order to maximize lipid yield. This level of 

control in laboratory-based systems, though essential for initial research, is energy-intensive 

and difficult to achieve in commercial-scale bioreactors (Khan et al., 2018). 

 Some parts of industry are moving towards outdoor open-pond cultivation systems with 

the intention to use natural light and heat to culture algae. Open-pond systems begin to 
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approach economic stability that is marketable against fossil fuels due to their low operation 

costs and requirement for energy (Costa et al., 2019; Jorquera et al., 2010). Nevertheless, 

these systems suffer from unpredictable weather, salinity imbalances, and contamination that 

negatively affect microalgal productivity (Zhu, 2015). It is suspected that these bioreactors will 

have to be polymicrobial in order to alleviate energy spent maintaining axenic commercial 

cultures at such a large volume (Naghavi and Sameipour, 2019). Researchers have also 

advanced the idea of offshore cultivation systems, which minimize the land and water 

requirements for cultivation (Novoveská et al., 2016).  

Another developing subject in this biotechnological field is genetically modifying (GM) 

microalgae to optimize lipid productivity. Genes that control lipid metabolism, carbohydrate 

metabolism, stress tolerance and auto-flocculation have been of primary focus to benefit biofuel 

production (Shin et al., 2016; Trentacoste et al., 2013; Xue et al., 2015). Currently, the most 

common traits being modified in microalgae now are those involved in reactive oxygen species 

defence, inhibiting contamination, and increasing robustness, that allow microalgae to tolerate 

and maintain high biomass concentration (Gressel et al., 2014). The main concern of GM 

microalgae is the risk to public health and natural ecosystem when, inevitably, these organisms 

escape. Modified traits could give GM microalgae increased fitness over wildtype or native 

microalgae, therefore researchers suggest deleting genes needed to survive in nature, but not 

required for commercial cultivation in GM microalgae in order to prevent reproduction in natural 

ecosystems (Gressel et al., 2014). Released microalgae also have the potential to displace local 

microalgae and develop into harmful algal blooms that could produce toxins which disrupt the 

native ecosystem and cause contamination (Henley et al., 2013). Microalgae are the bottom of 

the aquatic food chain and the effect that GM microalgae would have on higher trophic levels 

has not be sufficiently studied (Henley et al., 2013). It is known that organisms in higher trophic 

levels rely on poly-unsaturated fatty acids for key stages of development and exposure to 

microalgae with altered lipid content, in particular increased saturated fatty acids, might have 

negative health impacts (Pettersen et al., 2010). There is also a possibility of implemented 

genetic elements spreading into the wild-type population that could disrupt local ecosystem.  

 Assessing the promise and the risk of GM microalgae will have to be specific to the 

microalgal species and their modified genes and traits (Beacham et al., 2017). Environmental 

risk assessments for GM microalgae will have to analyze the GM microalgal fitness as well as 

modes of competition between released microalgae and the native population, the stability of 

local community during disruptions and the potential for gene flow between populations 
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(Beacham et al., 2017). These assessments should be a priority in order to inform government 

on regulating GM microalgae and minimize the risks on human health and local environment 

associated with their commercialization.  

The ideal microalgae for biofuel production would be grown outside with minimal 

nutrients, providing high lipid productivity and have production of other high-value molecules 

that would offset the price of the biofuel production pipeline. This microalga would be 

successfully cultivatable to high biomass and lipid concentration at low costs, with a simple 

biomass harvesting method, or used wet biomass, that optimizes net energy yield. In order to 

overcome this energy bottleneck within the biofuel industry, researchers have been examining 

microalgae in their natural habitat in which there is constant association with other 

microorganisms (Ramanan et al., 2016).   

 

1.3   Algal-bacterial interactions 

 In nature, the presence and composition of microalgal communities are driven by 

resource availability and intra- and inter-species interactions (Amin et al., 2012). Microalgae 

constantly interact with marine bacteria within the phycosphere, which is the nutrient-rich 

microscale region surrounding the algal cell (Bell and Mitchell, 1972; Seymour et al., 2017). 

Marine bacteria, like the abundant roseobacter clade, are a major participant in biogeochemical 

cycles and preferentially co-occur with specific groups of microalgae (Buchan et al., 2005; Lima-

Mendez et al., 2015; Martin-Platero et al., 2018; Wagner-Döbler and Biebl, 2006). Bacteria and 

algae exchange bioactives, such as indol-3-acetic acid (IAA), dimethulsulphoniopropionate 

(DMSP) and roseobacticides, which can affect the physiology of both partners (Amin et al., 

2015; Bramucci and Case, 2019; Curson et al., 2011; Labeeuw et al., 2016; Seyedsayamdost et 

al., 2011). Most of the bioactives that mediate algal-bacterial interactions remain 

uncharacterized due to their small size, structural novelty and relatively low concentrations in 

the environment. We are only beginning to understand the association between these groups 

and their impact in structuring and supporting aquatic habitats.  

In the ocean, there are many advantages for microorganisms to associate with each 

other. Bacteria consume dissolved oxygen and organic carbon produced by photosynthetic 

microalgae and in exchange provide accessible nitrogen, phosphorus and inorganic nutrients to 

their partners (Meersche et al., 2004; Mouget et al., 2006). Bacteria can produce antibiotics that 
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protect the algal host from unwanted bacterial colonization, ensuring that the mutualistic 

relationship remains exclusive (Rao et al., 2007). The coastal diatom Pseudo-nitzschia 

multiseries produces tryptophan for bacterial symbionts to use in the production of indole-3-

acetic acid, a plant auxin that promotes growth in some microalgal species (Amin et al., 2015). 

In some cases, interactions are necessary for the survival of one or both members. Bacteria 

synthesize vitamin B12, which is essential for microalgal growth but many microalgae species 

are unable to independently synthesize it (Croft et al., 2005; Grant et al., 2014; Helliwell et al., 

2014). Some bacteria can increase the binding affinity of algal siderophores to iron (Amin et al., 

2009). Continued exploration of these mutualistic interactions will likely uncover novel 

exchanges and symbiotic relationships that could relieve nutrients addition required for biofuel 

production. 

Antagonistic interactions between bacteria and algae can be just as advantageous for 

bacteria, as killing their algal host provides them with the host’s nutrients. Algicides are 

molecular compounds secreted by bacteria in order to kill algal cells through the production of 

reactive oxygen species, hindering photosynthesis and causing degradation of the algal cell wall 

(Demuez et al., 2015; Jia et al., 2014; Mayali and Azam, 2004; Seyedsayamdost et al., 2011). 

These antagonistic interactions are species-specific and most of their underlying mechanisms 

remain unclear. Many of these algicidal compounds are released in response to chemical 

signals that indicate aging of algal host (Seyedsayamdost et al., 2011). Further research and 

careful exploitation of these antagonistic interactions between algae and bacteria could provide 

the biotechnology industry with a low-energy method to release lipids from algae biomass. 

 

1.4   Role of algal-bacterial interactions in biofuels 

 Traditionally, bacteria in algal cultures have been considered a contamination, which 

affects nutrient availability and microalgal growth negatively (Liu et al., 2012; Scott et al., 2010). 

With emerging research on the potential of algal-bacterial interactions, the beneficial side of this 

partnership has been acknowledged (Ramanan et al., 2016; Wang et al., 2016). Bacterial and 

algal cocultures have augmented the commercial production of bio-products and relieved 

energy-intensive steps during harvesting and extraction of those products (Kouzuma and 

Watanabe, 2015). All stages in the biofuel pipeline can be enhanced by utilizing a beneficial 

bacteria consortium: improving algal growth, algal harvesting and lipid extraction from algal 

biomass (Figure 1.3).  
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exploiting a bacterium’s ability to supply vitamin B12 eliminates the need to provide vitamin B12 

in the growth media, reducing production costs (Croft et al., 2005). Bacteria can also stimulate 

growth in microalgae through growth-promoting compounds such as indole-3-acetic acid (Amin 

et al., 2015). A recent study demonstrated that polymicrobial cultures foster constant biomass 

productivity and yield over time (Cho et al., 2017). This suggests that communities of 

microorganisms follow the diversity-productivity paradigm; that increased diversity leads to 

increased stability of the microbial community (Beyter et al., 2016). Harnessing these natural 

interactions to provide nutrients to and promote the growth of biotechnologically valuable 

microalgae could further the industry by reducing energy requirements and cost of production. 

 

1.4.2 Harvesting  

 Harvesting the microalgae biomass from the liquid medium accounts for the majority of 

the total energy required for biofuel production (Gallagher, 2011). Techniques such as 

centrifugation, filtration, and flocculation are currently being used. However, they are energy-

intensive and must be further optimized for the biofuel industry to become sustainable (Barros et 

al., 2015). Currently, there are no commercialized examples of bacterial aided harvesting 

available. But, bacteria are able to promote aggregation of some microalgae, which 

concentrates the culture through settling to the bottom of reactor and therefore improves the 

efficiency of algal biomass harvesting (Wang et al, 2012). This aggregation is usually due to 

ionic interactions between positively charged functional groups on the surface of algal cells and 

negatively charged teichoic acids in gram-positive bacteria (Powell and Hill, 2013). In a pilot 

scale study, researchers also demonstrated the addition of bacteria that produce extracellular 

polysaccharide substances (EPS) stimulated 90% increase of total biomass to bio-flocculate 

(Ndikubwimana et al., 2016). EPS produced by the bacteria in this coculture encouraged cell-to-

cell contact that promoted algal aggregation followed by sedimentation or flotation (Lee et al., 

2013). Bioflocculation is an economically efficient way to harvest microalgal biomass through 

the direct, charge-dependent interactions between bacteria and microalgae. 
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1.4.3 Extraction  

 After the concentration of microalgal biomass, there must be a disruption of the 

microalgal cell walls in order to release the intracellular lipids. Once the lipids are extracted, they 

are separated from other cellular biomass and collected for further processing. Methods for the 

disruption of cell walls usually fall under three categories; mechanical, chemical or enzymatic. 

Mechanical extraction approaches include bead beating, ultrasonic-assisted extraction, 

electroporation and expeller press that physical break open the cells in order to release the 

intracellular lipids (Ranjith Kumar et al., 2015). These methods are advantageous as they do not 

contaminate the lipids with solvents or enzymes and do not depend on type of microalgal 

species (Ranjith Kumar et al., 2015). Chemical extractions utilize specific ratios of organic 

solvents, like methanol and chloroform, in order to collect lipids based on their differences in 

polarity from other cellular biomass (Mubarak et al., 2015; Ranjan et al., 2010). Although 

effective, the use of toxic organic solvents like chloroform on a large scale is unfavorable 

because of cost and potential health risks (Ranjith Kumar et al., 2015).  The use of enzymes 

that degrade the cell walls, such as cellulase or lysozyme, have also been evaluated for lipid 

extraction (Taher et al., 2014). Although the enzymatic method use less energy than mechanical 

methods, they can be non-selective and degrade the other high-value products being harvested 

from the cell (Mubarak et al., 2015).  

 An alternative to these methods of extraction is the use of bacterial algaecides to 

stimulate microalgae autolysis. The majority of algaecide research has focused on bacteria’s 

role in mediating harmful algal blooms (Kim et al., 2008; Masó and Garcés, 2006; Mayali and 

Azam, 2004; Su et al., 2007). These pathogenic interactions are species-specific and induce 

morphological changes that effectively degrade the alga cell wall, releasing the intracellular 

material that can be a nutrient source for the bacteria (Case et al., 2011; Seyedsayamdost et 

al., 2011). Bacterial algaecides could improve the extraction of lipids from algal cultures, 

reducing the energy expended during this stage of the process, but further research into the 

specificity and mode of action of these algaecides is required before they can be effectively 

implemented into the biofuel production pipeline (Demuez et al., 2015). An additional possibility 

for promoting lipid release in microalgae is bacterial-stimulated apoptosis (Bramucci and Case, 

2019). Optimizing bacterial-mediated extraction requires balancing the culture density and 

algaecide concentration in order to optimize lipid yield, which may in turn be affected by the 

sensitivity of specific microalgae to specific algaecides.  
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1.4.4 Bacterial modification of algal lipids  

A largely unrecognized aspect of biofuel production that could benefit from interactions 

between algae and bacteria is the potential of the latter to influence structure of accumulated 

algal lipids. One study determined that the bacteria Phaeobacter inhibens cause a 2.5-fold 

decrease in the alkenone containing lipid bodies in Emiliania huxleyi during co-cultivation 

(Segev et al., 2016). This was a significant finding for paleoceanography, as the ratio of long 

chain polyunsaturated alkenones of this microalga have been a key tool in determining historic 

sea surface temperature, but also has implications when discussing developments in microalgal 

biofuel production (Prahl and Wakeham, 1987). Bacteria could increase the yield of desired 

algal fatty acids by influencing the microalga’s lipid metabolism. This would ultimately benefit the 

overall production of microalgal product if the interaction was controlled. Research on this topic 

is in its infancy, and no application within the biotechnology field has been studied.   

 

1.5   Phaeobacter italicus - Dunaliella tertiolecta model  

 Promising algal-bacterial interactions for biofuel production have been identified through 

phenotypic screening for advantageous characteristics such as increased growth rate, biomass 

and/or lipid recovery and production (Le Chevanton et al., 2013).  During her time in the Case 

lab, Dr. Leen Labeeuw screened different microalgae and bacteria for such phenotypes and 

discovered that the green alga Dunaliella tertiolecta (Family: Chlorophyceae), had significantly 

more lipid per biomass when co-cultivated with the marine bacterium Phaeobacter italicus strain 

R11 (Labeeuw, 2016). I have adopted this interaction as the focus of this thesis. 

 

1.5.1 Dunaliella tertiolecta  

The genus Dunaliella has been studied for its halotolerant characteristics that allow 

some species to persist at extreme salt concentrations (Borowitzka and Siva, 2007). D. 

tertiolecta is a marine, flagellated green alga that was first identified in 1959 by R.W. Butcher 

(Butcher, 1959). Cells are radially symmetric in shape and vary from 5-18 m long. This species 

has a distinct cup-shaped chloroplast, which is filled with colorless starch granules (Figure 1.4). 
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1.5.2 Phaeobacter italicus R11 

 Phaeobacter italicus R11 is a marine bacterium belonging to the monophyletic 

roseobacter clade (Class: Alphaproteobacteria)(Case et al., 2011; Fernandes et al., 2011). It 

was isolated from Delisea pulchra (Rhodophyta) in Botany Bay, New South Wales, Australia 

(Case et al., 2011). Roseobacters are a strictly marine group, encompass many microbial 

lifestyles from planktonic to biofilm forming and inhabit a diverse range of marine ecosystems 

from sea ice to the sea floor (Brinkhov et al., 2008). Organisms in this clade are known for 

aerobic anoxygenic photosynthesis and role in the biogeochemical cycle of sulfur (Wagner-

Döbler and Biebl, 2006). This clade accounts for up to 25% of bacteria population in photic 

ocean which could explain their multiple descriptions of relationships with micro- and marco-

algae (DeLong and Karl, 2005; Selje et al., 2004).  

 P. italicus has linked genetic traits to locate and approach algal surfaces through 

chemotaxis, characteristics commonly associated with bacteria that have symbiotic life history 

strategies (Fernandes et al., 2011). P. italicus is able to consume algal exudates and protect 

itself from reactive oxygen species (Fernandes et al., 2011). Reactive oxygen species are the 

primary algal defence mechanism against potential pathogens (Brinkhov et al., 2008). Studies 

have shown that the bacterium releases proteins into the extracellular space and analysis of the 

protein content, called exoproteomes, have shown that P. italicus releases RTX-like proteins 

and virulence genes (VarR) (Gardiner et al., 2017, 2015). These genes have been determined 

to control P. italicus’ colonization of algal hosts and contribute to the bacterium’s pathogenicity.  

P. italicus has previously reported temperature-dependent virulence against the red macroalgae 

Delisea pulchra and the bloom-forming haptophyte Emiliania huxleyi (Case et al., 2011; Mayers 

et al., 2016). P. italicus is an interesting candidate for phenotypic screening for interaction with 

D. tertiolecta because of its previously established relationships with micro and macroalgae.  

 

1.6   Thesis objectives  

 In this thesis, I aim to further investigate the relationship between green alga D. 

tertiolecta and marine roseobacter P. italicus through a biofuel production lens, focusing on how 

P. italicus induces increases in lipid per biomass of the alga. I performed mono- and co-culture 

experiments with D. tertiolecta and P. italicus to monitor lipid accumulation along with 

photosynthetic health of microalgae in both conditions (Bramucci et al., 2015; Labeeuw, 2016). 



 
 

19 

Furthermore, I performed fatty acid analysis using comprehensive GCxGC mass spectroscopy 

on large-scale volumes of algal control and coculture to determine if P. italicus modifies the 

composition of algal fatty acids. Finally, I describe this interaction by the quantification and 

visualization of algal cells and lipid droplets. 

 Based on the findings from phenotypic screening of algal-bacterial interactions and 

current literature describing D. tertiolecta’s role in biofuel production, I hypothesize that marine 

bacterium P. italicus increases lipid production and storage in the lipid droplet organelles of 

candidate biofuel microalgae D. tertiolecta.  

To answer this hypothesis, five experimental aims were established: 

1. Determine if the algal pathogen, P. italicus, influences growth, PSII health or lipid 

accumulation of D. tertiolecta through co-cultivation experiments. 

2. Determine if lipid accumulation coincides with nitrogen starvation.  

3. Determine if P. italicus alters the composition of fatty acids in the alga.  

4. Determine if P. italicus changes the lipid droplet morphology in the alga. 

5. Quantify and visualize extracellular lipid vesicle production. 
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Chapter 2: Bacterial stimulated production of lipid vesicles in 
green microalgae Dunaliella tertiolecta 

 

2.1 Introduction 

Phytoplankton drive marine primary production, fixing an estimated 40% of total global 

carbon annually, and are essential for the biogeochemical cycling of elements (Falkowski, 1994; 

Field, 1998; Simó, 2001). These microalgae are closely associated with specific bacterial 

groups, which uptake some of the output of their primary production as well as biogeochemical 

intermediates, directing the flow of global nutrient cycles and the structuring of microbial 

communities in the oceans (Durham et al., 2015; Lima-Mendez et al., 2015; Milici et al., 2016; 

Ramanan et al., 2015). These interactions encompass various relationships, from mutualism to 

competition and pathogenesis, which are mediated through the exchange of bioactives and 

nutrients (Amin et al., 2012; Bramucci et al., 2018; Bramucci and Case, 2019; Geng and Belas, 

2010). However, algal-bacterial interactions are not only essential for modeling marine 

biogeochemical cycles, but also have potential in the microalgal biotechnology industry, as 

bacterial stimulation of their hosts metabolism could be useful in optimizing production of 

commercial metabolites such as lipids (Pulz and Gross, 2004; Spolaore et al., 2006).   

Microalgal lipids fall under two categories, polar and neutral lipids. Polar lipids are the 

central component of cellular membranes and responsible for membrane integrity while neutral 

lipids are mainly considered energy storage molecules (Thompson, 1996). Triacylglycerols 

(TAG) are the most common neutral lipid in microalgae and specific species are able to 

accumulate up to 60% of their dry weight in TAGs (Dong et al., 2016).  Microalgal lipid 

metabolism still remains poorly understood because of their enormous genetic diversity, which 

is extensive even within genera, as well as limited genome sequence availability and differences 

from model plant counterparts (Harwood and Guschina, 2009; Hu et al., 2008; Zulu et al., 2018). 

It is understood that microalgae synthesize TAGs through the Kennedy pathway and/or the 

monoacylglycerol pathway, and accumulate them in organelles called cytoplasmic lipid droplets 

(Farese and Walther, 2009; Goold et al., 2015; Zienkiewicz et al., 2016). Lipid droplet synthesis 

is stimulated by environmental stresses like extreme salinity, pH, temperature, intense light 

fluctuations and nutrient limitations (Solovchenko, 2012). In response to these stresses, 

microalgae will inhibit cellular division, increase TAG biosynthesis and begin degrading 

thylakoid membranes in order to convert the polar membrane lipids into TAGs (Zienkiewicz et 
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al., 2016). Understanding and controlling this stress response has been a target to increase lipid 

yield in biofuel-producing microalgae strains.  

 Microalgal TAGs are compositionally similar in carbon chain length and degree of 

saturation to traditional fossil fuels and as such are the focus of the advance generations of 

microalgal biofuel production (Atabani et al., 2012; Thompson, 1996). The common way to 

induce TAG accumulation in microalgae is through nitrogen limitation, however, this method can 

have detrimental effects on biomass and growth rates that impedes the ability to commercialize 

these systems (Singh et al., 2015). In order to overcome this energy bottleneck within the 

industry, attaining both high algal biomass and high lipid yield, researchers have been 

examining microalgae in their natural habitat in which they are a part of microbial consortia 

(Padmaperuma et al., 2018; Ramanan et al., 2016; Wang et al., 2016).   

 Polymicrobial cultures of microalgae and bacteria can be beneficial to biofuel 

production, as the latter feed on the waste products of the algae, removing autoinhibitory 

compounds (Fuentes et al., 2016; Padmaperuma et al., 2018). Bacteria can also play a crucial 

role in microalgae’s productivity by providing bio-available nutrients, hormones and chemical 

defense against pathogens (Amin et al., 2009, 2015; Croft et al., 2005; Seyedsayamdost et al., 

2011). The benefits of polymicrobial cultures are now being recognized at each stage of the 

biofuel production pipeline; cultivation, harvesting and lipid extraction (Berthold et al., 2019; 

Fuentes et al., 2016; Ramanan et al., 2016). During cultivation, bacteria can stimulate lipid 

productivity and enhance biomass by providing nutrients or growth promoting factors, which 

would optimize overall biofuel production yield (Berthold et al., 2019; Cho et al., 2015; de-

Bashan et al., 2002; Wang et al., 2015). Harvesting the microalgal biomass from the liquid 

medium accounts for the majority of the total energy of production (Gallagher, 2011). Certain 

bacteria increase aggregation of algae which promotes culture concentration through settling 

(Powell and Hill, 2013). Bioflocculation and bio-aggregation are efficient ways to reduce energy 

required to harvest microalgal (Ndikubwimana et al., 2016; Ummalyma et al., 2017). Extracting 

lipids from microalgal cells traditionally relied on expensive chemicals or mechanical force to 

disrupt cell walls, releasing the intracellular lipids (Mubarak et al., 2015). Bacterial algicides 

could improve lipid extraction but the specificity and mechanisms of these processes still require 

research to be efficiently implemented (Demuez et al., 2015).  

  Here we explored the effect marine bacteria have on lipid production and localization 

on the biofuel candidate, green microalga Dunaliella tertiolecta (CCMP1320). To identify if 



 
 

36 

bacteria could stimulate lipid yield in this microalgal host, various bacterial strains were 

screened in a cocultivation assay with D. tertiolecta (CCMP 1320) using lipophilic dye Nile Red. 

The roseobacter Phaeobacter italicus increased lipid per biomass in stationary phase D. 

tertiolecta without affecting on photosynthetic health or biomass. This increase took the form of 

secreted, extracellular vesicles. It was hypothesized that the origin of the lipid vesicles were 

released algal lipid droplets. This is the first study, to our knowledge, that describes the 

production of lipid filled vesicle as a of result algal-bacterial interactions.    
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2.2 Importance 

 Interactions with bacteria can have a strong influence on algal metabolism and therefore 

need to be understood to gain a full picture of their physiology in natural and artificial aquatic 

ecosystems. Through the screening of such interactions, we have identified bacterial stimulation 

of extracellular lipid vesicle production in a unicellular green alga that is a candidate for biofuel 

production. This has implications in the biotechnology industry and microbial ecology. In 

industry, algal lipids are commercially cultivated as nutritional supplements and as feedstock for 

biofuel production. This research suggests using bacteria as the agents of extraction and 

stimulation during biofuel production, instead of toxic chemical or energy consuming methods. 

In microbial ecology, microalgal lipids are used as biomarkers for microalgal communities and 

as historic sea-surface temperature proxies in paleo-oceanography. These ecological 

techniques might require re-evaluation, in order for increased accuracy, since bacteria can 

affect the yield and localization of microalgal lipids.  
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2.3 Material and methods  

2.3.1  Growth and maintenance of algal and bacterial strains 

  The chlorophyte Dunaliella tertiolecta CCMP 1320 was obtained from the Provasoli-

Guillard National Centre for Marine Algae and Microbiota (NCMA) and maintained in L1-Si 

media made with artificial seawater (35 g/L of Instant Ocean, Blacksburg, VA, USA). D. 

tertiolecta was grown at 18 ℃ in a diurnal incubator (12:12 h dark:light cycle). D. tertiolecta and 

its medium were checked for bacterial contamination prior and throughout experimental use by 

growing 20 μL aliquots onto ½ marine agar (½  MA) (18.7 g Difco Marine Broth 2216 

supplemented with 9 g NaCl and 15 g Difco agar in 1 L) and incubating at 28 ℃ for 24 h. Algal 

cultures were grown statically for 4 d prior to experimental (104 cells ml-1).  

The bacteria Alteromonas macleodii 9313c2, Vibrio cidicii 111013, Phaeobacter inhibens 

2.10 and P. italicus R11, were maintained at 28 ℃ on ½ MA plates (½ Difco Marine Broth 2216) 

(Fernandes et al., 2011; Martens et al., 2007; Orata et al., 2016). Cells were grown in 5 mL ½ 

MA to stationary phase, at 28 ℃ for 24 h, before experiments.   

 

2.3.2 Co-cultivation experiments  

 Algal-bacterial cocultivation experiments were performed in 48-well plates (Becton, 

Dickinson and Company, Franklin Lakes, NJ, USA) as described in Bramucci et al. (Bramucci et 

al., 2015). Briefly, stationary phase bacterial cultures were washed twice by centrifugation and 

re-suspended in L1-Si medium made with artificial seawater before dilution to 104 colony-

forming units (CFU) ml-1. D. tertiolecta and bacteria were mixed in a 1:1 (v:v) ratio (104 cells ml-1 

each) to start cocultures. Monoculture control of D. tertiolecta was inoculated in 1:1 (v:v) ratio 

with L1-Si made with artificial seawater. Mono- and co-cultures were aliquoted in 1 mL volumes 

into 48-wells plates and three independent wells were sampled at each time point. 48-wells 

plates were incubated in a diurnal incubator (12:12 h dark:light cycle) at 18 ℃.  

 At each time point, 20 μL of samples were plated on ½ MA and incubated for 24 h at 28 ℃ to confirm the absence of bacteria in the algal control and enumerate bacteria in coculture 

treatments.  
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2.3.3 Biomass and lipid measurement 

  Biomass (OD 680nm), chlorophyll a fluorescence (ex:445nm, em:680nm) and neutral 

lipid content were measured from 250 μL of three independent wells of mono- and co-cultures 

using a Synergy H1 microplate reader (Biotek, Winooski, VT, USA). Neutral lipid content was 

quantified using the Nile Red fluorometric test assay (Franz et al., 2013). Briefly, 25 L of Nile 

Red (Sigma-Aldrich, St. Louis, MO, USA) (5 mg/100 mL of acetone) was added to 250 μL of 

cells and mixed well. Samples were incubated for 20 min at room temperature in the dark. 

Fluorescence was read at 590 nm emission after excitation at 530 nm. Sterile L1-Si medium 

made with artificial seawater was used as a blank. A standard curve was prepared from a stock 

solution of glyceryl trioleate (triolein) (Sigma-Aldrich, St. Louis, MO, USA) in the solvent 

isopropanol at 10 mg/mL (Fischer Scientific, Waltham, MA, USA) to quantify the neutral algal 

lipid content with triolein lipid equivalent (Bertozzini et al., 2011). 

 

2.3.4 Nitrogen concentration analysis  

 Frozen samples of algal control and cocultures, from d 0, 4, 8, 12 and 16, were thawed 

prior to completing nitrate and nitrite analysis through Cayman’s Nitrate/Nitrite Colorimetric 

Assay Kit (Cayman Chemical, Michigan, USA). The assay used prepared Griess reagents and 

was performed in accordance to the manufacturer’s instructions. 

 

2.3.5 Pulse-amplitude-modulation (PAM) fluorometer  

 A PAM fluorometer (WATER-PAM, Waltz, Effeltrich, Germany) was used to measure D. 

tertiolecta’s photosynthetic potential quantum yield (Fv/Fm) (Schreiber et al., 1986). Triplicate 

samples were taken during the mid-point of the dark cycle and diluted, with sterile L1-Si 

medium, in the detection range of the PAM fluorometer. Each sample was processed after a 3 

min dark adaptation followed by a saturating pulse. The potential quantum yield was calculated 

using Fv/Fm=(Fm-F0)/Fm (van Kooten and Snel, 1990). 
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2.3.6 Fatty Acid Analysis through GCxGC-TOFMS 

 Fatty acid analysis was performed in triplicate on D. tertiolecta alone and grown with P. 

italicus. Coculture was obtained as described previously with the exception that the volume was 

increased to 100 mL in an Erlenmeyer flask. 

Samples were collected through suction filtration on pre-weighed Whatman ® glass fiber 

filters (0.22 µm, Grade GF/F) at 18 d. Each sample was rinsed three times with phosphate 

buffer solution (PBS, 1M) to remove salts for fatty acid extraction. Filters were placed in glass 

vial and stored in -80 °C overnight before being lyophilized for 24 h. After drying, filters were 

weighed and dried biomass was recorded.  

The fatty acid extraction protocol was adapted from previous literature (Cavonius et al., 

2014; Ryckebosch et al., 2012). All samples were extracted using equal amounts of methanol 

and chloroform, followed by sonication after each chemical addition. After addition of distilled 

water (3.5 mL), an extraction series of the bottom chloroform layer was performed. The samples 

were then dried (40 °C under nitrogen) and resuspended in cyclohexane prior to addition of 

toluene and 2% H2SO4. Samples were incubated for 1 h then dried in 5 mg of Na2SO4. Samples 

were extracted for a second time with a t-butyl methyl ether series before being dried (40 °C 

under nitrogen). Cyclohexane (250 µL) was added, and these samples, now containing the fatty 

acid methyl esters, were stored at at 4 °C until analysis.  

Fatty acid methyl ester derivatives from the algal extracts were collected on a Leco 

Pegasus 4D GCxGC-TOFMS (Leco Instruments, St. Joseph, MI) with a cryogenic modulation 

system utilizing liquid nitrogen. The first dimension column is an Rxi-5SilMS (Chromatographic 

Specialties, Inc., Canada) with 30 m length 0.25 mm internal diameter and a 1.00 µm film 

thickness. The second dimension used was an Rtx-Wax (Chromatographic Specialties, Inc., 

Canada) with a 1.84 m length, 0.18 mm internal diameter, and a 0.18 µm film thickness. Ultra-

pure helium (5.0 grade; Praxair Canada Inc., Edmonton) was used as the carrier gas with a 

speed-optimized (Blumberg and Klee, 2000) constant flow rate of 1.44 mL min-1. The injection 

volume was 1 µL, run with a split ratio of 1:100 with a constant inlet temperature of 250 °C. The 

optimal heating rate was 3.50 C min-1 with an initial temperature hold at 80 °C for 4 min and a 

final temperature hold of 230 °C for 10 min (Klee and Blumberg, 2002). The secondary oven 

was held at +5 °C relative to the primary oven, and modulator +15 °C relative to the secondary 

oven. The modulation period (Pm) was 2.50 s, with a hot pulse duration of 0.60 s, and a cool 

time of 0.65 s. The transfer line temperature was maintained at 250 °C. 
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Data was analyzed using ChromaTOF (v.4.43; Leco). Reference peaks were identified in 

a certified reference material containing 37 fatty acid methyl esters (Supelco 37 Component 

FAME Mix, Millipore Sigma, Canada) or were identified by analyzing their retention in the first 

and second dimensions relative to known components (Mondello et al., 2003). Once the peaks 

were identified, they were searched for in other samples using the ChromatTOF Calibration 

function with first and second retention time deviations of 5 s and 0.5 s respectively, and a 

minimum mass spectral match threshold of 700 (1000 maximum). Each sample was normalized 

with dried biomass before calculations of percent fatty acid of total fatty acids were performed.  

 

2.3.7 Fluorescence microscopy  

 During experiments, cells were fixed in 0.15% glutaraldyhyde for 10 min in the dark for 

brightfield and epifluorescence microscopy. Images were obtained using Zeiss Axio Scope A1 

(Zeiss, Oberkochen, Germany), equipped with an Optronics digital camera and PictureFrame 

Software Ver 2.3. Epifluorescence microscopy was used to image cells and lipid vesicles with 

Nile Red fluorescence dye (Sigma-Aldrich, St. Louis, MO, United States) and nucleic acids with 

SYBR-Green 1 (Thermo Fischer Scientific, Waltham, MA, United States) according to the 

manufacturer’s instruction (25 ℃, 10 min incubation). Images were acquired simultaneously with 

three different channels; 1. differential interference contract (DIC) channel,  2. Nile Red 

fluorescence (red/orange - ex: 530nm, em: 590nm) and 3. SYBR-Green 1 (green – ex: 497 nm, 

em: 520 nm) and overlaid using Zen 2 Blue Edition software.  

 

2.3.8 Transmission electron microscopy 

 TEM was performed on D. tertiolecta alone and cocultured with P. italicus. Samples 

were concentrated and resuspended in fixative (2.5% glutaraldehyde, 2% paraformaldehyde in 

0.1 M PBS) after the spent medium was removed before being stored overnight at 4 ℃. 

Samples were pelleted, washed three times with 0.1 M PBS buffer then post-fixed in 1% 

osmium tetroxide (OsO4 in 0.1 M PBS buffer, pH 7.2) for 2 h. Three buffer washes were 

performed with 0.1 M PBS buffer before samples were dehydrated through a graded ethanol 

series three times each (50%, 70%  90% and 100% ethanol). Samples were then incubated for 

2 h in a new 1:1 Ethanol:SPURR mix then transferred into 100% SPURR mix to incubate for 12 
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h. Sample was transferred to BEEM capsules (Ted Pella, Redding, CA, United States) in 

SPURR resin and then embedded. Molds were incubated in 75 ℃ oven for 16 h then cooled to 

room temperature. Sectioning was performed with a diamond blade on Ultracut E. 

Ultramicrotome (Leica Microsystems, Concord, ON, Canada). Sections (0.6 m thick) were 

stained with uranyl acetate (4% in dH2O) (Fisher Scientific, Hampton, NH, United States) and 

lead citrate stains (Reynolds, 1963). After staining, images were taken on a Morgagni 268 

transmission electron microscope (FEI Company, Eindhoven, The Netherlands) at 80 kV with a 

Gatan Orius CCD Camera (Gatan Inc., Pleasanton, CA, United States). 

 

2.3.9 ImageStream flow cytometry 

 Samples for flow cytometry were fixed as described for fluorescent microscopy and then 

flash frozen in liquid nitrogen and stored at -80  C. Flow cytometry was performed using an 

Amnis ImageStream multi-spectral imaging flow cytometer (model mk1) (Amnis Corporation, 

Seattle, WA, United States) to enumerate algal cells and lipid-filled vesicles and confirm lipid 

vesicles did not contain DNA. Samples were stained with SYBR-Green 1 and Nile Red, as 

previously described for fluorescent microscopy, and 1,000 algal cells were acquired for each 

sample of mono- and co-cultures at 0, 4, 8, 12 and 16 d, in triplicate. To correct spectral overlay, 

a compensation matrix (Nile Red, SYBR-Green, Unstained cells with no brightfield) was applied 

to all data. Analyses were completed with fully compensated, focused, single objects as duplets 

were excluded. Objects were visually inspected to include in population enumeration. Data were 

processed using ImageStream IDEAS software (Amnis Corporation, Seattle, WA, United 

States).  

 

2.3.10 Statistical Analysis 

A Shapiro-Wilk test was performed on each independent variable to determine normality 

(p-value > 0.05). Homogeneity of Variance (p-value < 0.05) was confirmed using a Levene’s 

test. Statistical significance (p-value < 0.05) was determined by One-Way ANOVA on 

parametric data and Kruskal-Wallis rank sum test on non-parametric data. For Figure 2.1, a 

one-tailed, two sample t-test between P. italicus and D. tertiolecta control was performed. 

Details on all data variables can be found in associated figure legend.  
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2.4 Results  

2.4.1 Changes in the lipid production of D. tertiolecta during co-cultivation 

with various bacteria 

 The effect of marine bacteria on the production and storage of lipids of the green 

microalgae D. tertiolecta were tested by comparing lipid accumulation when grown alone and 

with four bacteria; Alteromonas macleodii 9313c2, Vibrio cidicii CIP 111013, Phaeobacter 

inhibens 2.10 and P. italicus R11. Lipids were quantified with lipophilic dye Nile Red using a 

standard curve to measure triolein equivalent lipid units (Bertozzini et al., 2011; Greenspan, 

1985). As the Nile Red fluorescence of bacteria cultured alone was below the detection limit, the 

fluorescence reading was representative of microalgal lipids. Since lipid quantity is positively 

correlated with biomass, total lipids were normalized with biomass and lipid per biomass (OD 

680 nm) was compared across cocultures and algal controls after 20 d growth (Figure 2.1). 
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Chlorophyll a fluorescence is a relative proxy for microalgal density and was unaffected 

by P. italicus until 18 d (late stationary phase) when chl a was higher in the coculture than the 

algal control (Figure 2.2a). Potential quantum yield is a dimensionless expression of 

photosynthetic health and represents how effective photosystem II (PSII) is at pumping 

electrons down the election transport chain (Schreiber et al., 1986). It is calculated as (Fm-Fo)/Fm 

where Fm represents maximum algal fluorescence and Fo is initial algal fluorescence. The 

control and coculture did not differ in photosynthetic health until 18 d, where the control was 

healthier than the coculture, although the decline in photosynthetic health was small compared 

the decline associated with the entrance into stationary phase from 2 to 8 d (Figure 2.2b). It is 

possible that lower photosynthetic health coupled with higher chl a fluorescence could be a 

physiological response to synthesis of additional chlorophyll pigments, compensating for overall 

lower functionality of PSII. Biomass did not differ between cultures with the exception of 16 d, 

when the coculture had less biomass than the control (Figure 2.2c). Through direct plating of 

coculture on media, it was determined that the bacterial population in coculture grew from 5 x 

103 CFU per mL-1 on 0 d to a maximum of 1.00 x 105 CFU per mL-1 on 12 d (Figure 2.3). The 

bacterium completed exponential phase by 4 d and maintained its population density of 1 x 105 

CFU per mL-1 throughout stationary phase. This maximum population density was maintained  

regardless of initial bacterial population inoculum.  
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between the algal control and coculture throughout the experiment. As increased lipid 

accumulation was only exhibited in coculture during late stationary phase (12 d – 18 d), it 

cannot be attributed to nitrogen starvation as both were under equal nitrogen limitation by 4 d. 

Furthermore, D. tertiolecta has been shown to prefer nitrate as a nitrogen source, the nitrogen 

source of the L1-Si medium, while P. italicus’ genome indicates the bacterium does not have 

genes  which are necessary for utilizing nitrate as nitrogen source (genome absent of EC 

1.7.7.2, EC. 1.9.6.1, EC 1.7.1.1, EC 1.7.1.2, EC 1.7.1.3, EC 1.7.99.4) (Chen et al., 2011). 

Therefore, it is unlikely that there was competition for nitrogen, but rather that the bacteria and 

algae use different nitrogen sources, which they consume rapidly (<4 d). Both the control and 

coculture were likely under nitrogen limitation during early stationary phase (4 d – 10 d), and so 

the increased lipid accumulation detected in late stationary phase in the coculture is not due to 

nitrogen limitation but the presence and interaction with P. italicus itself. 

 

2.4.4 Co-cultivation produces extracellular lipid vesicles 

 When lipid accumulates within algal cells, it is stored in spherical organelles called lipid 

droplets (Farese and Walther, 2009; Goold et al., 2015). To visualize lipid droplets within D. 

tertiolecta grown with and without P. italicus, epifluorescent microscopy was used with 

fluorescent stains for dsDNA (SYBR-Green) and lipids (Nile Red) (Figure 2.6).  
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droplets accumulation was evident, consistent with nutrient limitation during stationary phase 

(Figure 2.6e, f). Extracellular vesicles, unattached to either algae or bacteria, were also present 

in coculture, staining with Nile Red but not with SYBR-Green (Figure 2.6g, h). It is unlikely that 

the lipid stained extracellular vesicles, referred to as lipid vesicles henceforth, were bacteria, as 

SYBR-Green fluorescence (DNA stain) was absent. The lipid-filled vesicles were spherical in 

shape, ranged from 1-3 µm in diameter. On 16 d, lipid vesicles were still absent in the control 

(Figure 2.6i, j) but increasing in numbers in coculture (Figure 2.6k, l). 

  As microscopy is 2D, it could miss DNA stained vesicles or misidentify bacterial cells 

attached to lipid vesicles. Therefore, fluorescent image flow cytometry with SYBR-Green and 

Nile Red fluorescent staining was performed for robust identification and comparison of P. 

italicus (DNA stained), D. tertiolecta (DNA and lipid stained) and extracellular lipid vesicles (lipid 

stained) populations (Figure 2.7).  
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Three distinct populations could be identified after compensated flow-cytometric analysis 

dependent on lipid and nucleic acid content. Bacteria formed a distinct population and stained 

exclusively with SYBR-Green, indicating no bacterial lipid accumulation had occurred (Figure 

2.7c). The lipid vesicle population stained intensely with Nile Red (Figure 2.7b). Some of the 

objects in the lipid vesicle population fall on the similar SYBR-Green axis as bacteria. Upon 

close inspection of these objects, it was determined that there was no true SYBR-Green 

fluorescence within the lipid vesicles and their position on the plot was because of two reasons. 

First, the lipid vesicles stained so intensely with Nile Red that it was read as SYBR-Green even 

with proper compensation, due to the inherent emission and excitement spectral overlap of 

these two stains. Second, for objects in the lipid vesicle population that fell higher on the SYBR-

Green axis, brightfield images clearly depict separate bacterial cells (DNA stained) attached to 

lipid vesicles (lipid stained). Therefore, the DNA fluorescence attributed to some of this 

population is not within the lipid vesicle, but from the bacterium attached to it. Algal cells with no 

lipid droplets stained with SYBR-Green, forming a separate population from algal cells with lipid 

droplets and creating a bi-modal distribution of D. tertiolecta (Figure 2.7d). This distribution of 

the algal population on the lipid axis suggests that lipid accumulation could be a bi-modal 

phenotype in microalgae.  

 The lipid vesicles seen during epifluorescent and flow cytometric imaging were lipid-

filled, spherical in shape and ranged from 1-3 µm in diameter. This description matches that of 

intracellular microalgal lipid droplets that form distinct spheres filled with lipids (Goold et al., 

2015). Due to the morphological similarities between the extracellular lipid vesicles present in 

coculture and intracellular lipid droplets, it was hypothesized that P. italicus stimulated the 

release of D. tertiolecta’s intracellular lipid droplets. Transmission electron microscopy was used 

to visualize lipid droplet localization in D. tertiolecta to gain insight on how P. italicus stimulates 

lipid vesicle release (Figure 2.8).  
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Cultures of algal cells grown axenically revealed intracellular lipid droplet accumulation 

from 12-14 d (Figure 2.8a, b). In the control monoculture of algae, lipid droplets were 

occasionally located at the perimeter of the cell but still visibly surrounded by cell membrane 

and cell wall (black arrow) (Figure 2.7a). Algal cells grown with P. italicus also accumulated lipid 

droplets found at the perimeter of the algal cell (Figure 2.8c, d, e, f). Unlike control, these lipid 

droplets were found with thin visible cell membrane or cell wall surrounding them relative to 

algal control (black arrow) (Figure 2.8c, d, e, f).  

 

2.4.5 Lipid vesicles dynamics in D. tertiolecta-P. italicus cocultures 

Populations of algae and lipid vesicles were enumerated throughout the experiment with 

ImageStream flow cytometry to establish the abundance of lipid vesicles in the system and gain 

insight on the dynamics of these populations over time (Figure 2.9). 
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tightly regulated. Number of vesicles peaked at 8 d, then dropped at 12 d before returning to 

their maximum concentration on 16 d. The decrease of lipid vesicle concentration at 12 d 

corresponds with a peak of median Nile Red fluorescence (Figure 2.9c). This increase in 

fluorescence, or total lipid, shows that while the number of lipid vesicles decreases, their lipid 

content increases, which could be explained by vesicle fusion.  
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2.5 Discussion 

2.5.1 P. italicus and D. tertiolecta have a commensal interaction 

  P. italicus is an opportunistic pathogen to macro- and micro-algae (Case et al., 2011; 

Mayers et al., 2016). It can cause bleaching in older S type (scale-bearing) and C (coccolith-

bearing) type cells of the microalga Emiliania huxleyi at 18 C and rapid bleaching from 

temperature-enhanced virulence at 25 C (Mayers et al., 2016). Through the analysis of P. 

italicus’ exoproteome, it was determined that 30% of the proteins were affected by temperature, 

including amino acid and carbohydrate transporters that would aid in the consumption of any 

released nutrients following the host’s death (Gardiner et al., 2017). Gardiner et al, (2015) also 

discovered temperature-regulated expression of novel RTX-like proteins, which are secreted 

virulence factors in other bacteria (Linhartová et al., 2010). Another virulence factor employed 

by P. italicus is a unique quorum sensing luxR-like regulators, varR, that is essential for the 

surface colonization, and subsequent infection, of macroalgae (Gardiner et al., 2015). P. italicus 

is also known to have cytolytic toxins that are known virulence factors in multiple gram-negative 

bacteria and cause host cell lysis (Fernandes et al., 2011).  

 In this study, P. italicus was not pathogenic to D. tertiolecta during co-cultivation at 18 

C, as PSII function (Figure 2.2) and cell density (Figure 2.8) during co-cultivation did not differ 

from the control. Furthermore, there was no loss of D. tertiolecta nuclear integrity during 

fluorescent microscopy or flow cytometry, hallmarks of apoptotic like- programmed cell death 

has observed in P. italicus’ host (Segovia et al., 2003). This study was performed at 18 C, a 

temperature at which P. italicus is not usually virulent. Previous studies of P. italicus’ 

temperature-dependent virulence, pathogenesis was in some part due to the host’s depleted 

defenses due to aging or environmental stress (Case et al., 2011). It has been shown that D. 

tertiolecta cultures are still viable in high temperature (28 C) therefore it might not vulnerable to 

the attacks of P. italicus at these elevated temperatures (Sosik and Mitchell, 1994). 

 P. italicus population density increased when cocultured with D. tertiolecta (Figure 2.3), 

and so, presumably, there was exchange nutrients as the medium used had no carbon source. 

P. italicus would have to grow from organic carbon exudates, or lipid vesicles, from the 

photosynthetic D. tertiolecta. Since the population density of the alga, biomass and PSII function 

was unaffected by P. italicus, their relationship can be considered commensalism. The only 

observable effect that P. italicus had on D. tertiolecta was stimulation of lipid vesicles 
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production. However, the purpose of lipid vesicles is unknown and the role of vesicles in host 

physiology needs further elucidated to determine if this interaction should be considered 

symbiotic or parasitic. This work does demonstrate that P. italicus occupies a flexible niche 

extending beyond pathogenicity, and that its niche is host dependent.  

2.5.2 P. italicus-D. tertiolecta interaction has potential application in biofuel 

D. tertiolecta is a biofuel candidate because of its high lipid yield and fatty acid 

composition favorable to biodiesel production (Song et al., 2016; Tang et al., 2011). This 

species also lacks a rigid cell wall, which facilitates lipid extraction and genetic manipulation, 

and is tolerant to high salt concentrations, which can protect outdoor bioreactors to undesirable 

contamination and allow cultivation in salt water (Rismani-Yazdi et al., 2011). The interaction of 

D. tertiolecta with P. italicus described in this study has two potential applications in the biofuel 

industry. 

  First, the co-cultivation of these microorganisms increase lipid yield by ~25% in late 

stationary phase. This increase, stimulated by P. italicus, is of general lipid metabolism that 

include fatty acids favorable for biofuel production (C16:0, C16:1, and C14:0) (Figure 2.4). The 

increase of lipid yield, with no effect on biomass accumulation, is an attractive characteristic in 

biofuel producing microalgae as it increases overall biofuel production. Secondly, this interaction 

produces lipid vesicles that are already separate from the algal biomass, which could reduce the 

energy required during harvesting and efficiency during transesterification. Harvesting accounts 

for the majority of energy used during biofuel production, which leads to an energy imbalance 

impeding commercialization of the industry (Gallagher, 2011). Lipid vesicles are found in the 

extracellular space in high abundance (Figure 2.9), and could be concentrated through chemical 

flocculation or filtration based on size, buoyancy or hydrophobicity differences from algal cells. 

The presence of P. italicus does not affect the growth or health (Figure 2.2, Figure 2.9) of D. 

tertiolecta and therefore the same culture can be used for subsequent generations of lipid 

vesicle harvesting, a process similar to ‘milking’ diatom cultures (Vinayak et al., 2015).  

 

2.5.3 P. italicus alters D. tertiolecta’s lipid production  

Lipid accumulation in microalgae can be influenced by various interaction occurring in 

polymicrobial communities. If a microalga is in a mutualistic relationship with a bacterium, lipid 
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accumulation could be delayed due to a prolonged exponential phase. Potentially, this indicates 

a mutualistic interaction between these microorganisms which most likely alleviated nutrient 

stress and, as such, reduced lipid accumulation. Pathogenic interactions would limit algal 

biomass through algal cell lysis or stimulating programmed cell-death, and thus impeding algal 

lipid accumulation. Bacteria can also compete with the alga for nutrients, thus stimulating stress 

that leads to lipid accumulation.  A parasitic bacteria might consume host’s lipids resulting in 

decreased lipid accumulation, or stimulate lipid accumulation by depleting the host of essential 

nutrients. 

 Relationships between microalgae and bacteria that promote biomass accumulation, 

stimulate growth or increase lipid yield have been previously described (Berthold et al., 2019; 

Fuentes et al., 2016; Ramanan et al., 2016). An increase of chl a and b, lutein and violoaxanthin 

pigments, lipid content and an increase from four to eight fatty acids was detected in Chlorella 

vulgaris and Chlorella sorokiniana when cultivated with Azospirillum brasilense (de-Bashan et 

al., 2002). Although Azospirillum brasilense is known to promote growth in other microalgae, 

interactions between the microorganisms that lead to these increases were not described (de-

Bashan et al., 2002). Another example of algal-bacterial interactions that affects lipid production 

is between an oleaginous green microalgae strain, Ankistrodesmus sp. strain SP2-15, and the 

bacterium Rhizobium strain 10II (Do Nascimento et al., 2013). The cocultivation of these two 

microorganisms resulted in an increase of up to 30% in lipid accumulation as a possible result of 

bacterial production of indol-3-acetic acid and/or vitamin B12 (Do Nascimento et al., 2013).  

Although studies report increases in lipid accumulation, it is uncommon that the cocultures are 

imaged in order to describe lipid droplet morphology, which are the location of neutral lipid 

accumulation. One study did detect a 2.5 fold reduction of lipid droplets in haptophyte E. huxleyi 

when cocultured with another roseobacter, P. inhibens 2.10 (Segev et al., 2016). Quantification 

of algae containing lipid droplets was performed with algal control and coculture at two separate 

time points through counting algae during fluorescent imaging using Nile Red dye (Segev et al., 

2016). 

 Here we have shown that P. italicus stimulates lipid accumulation in stationary growth 

phase of D. tertiolecta (Figure 2.2). The lipid accumulation during co-cultivation corresponds to 

the presence of extracellular lipid vesicles (Figure 2.9). The novelty of this study is not the lipid 

accumulation of a green microalgae as a result of bacterial interaction, but the production of 

extracellular lipid vesicles.  
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2.5.4 D. tertiolecta produces extracellular lipid vesicles  

  In this model, we demonstrated that the lipid per biomass ratio was increased due to a 

production of lipid vesicles that were released into the extracellular space. These vesicles 

ranged from 1-3 µm in diameter, were spherical in shape and stained intensely with Nile Red 

dye (Figure 2.6). Lipid vesicles were abundant in the system, maintaining a 1:1 ratio of lipid 

vesicles to algae during stationary phase of growth (Figure 2.9).  

 It is highly unlikely that the lipid vesicles described were lipid-filled P. italicus, as they did 

not display DNA fluorescence during epifluorescence imaging (Figure 2.6) or ImageStream flow 

cytometry independent of attached bacterial cells (Figure 2.7). The lipid vesicles observed 

ranged from 1-3 µm, which is up to six times the size of P. italicus bacterium (0.5 µm). 

Furthermore, TAG accumulation in bacteria is an uncommon characteristic shared by select 

strains in the actinomycetes group and has never been observed in the Roseobacter clade 

(Alvarez and Steinbüchel, 2002). The lack of lipid accumulating phenotype in the Roseobacter 

clade and absence of DNA content in vesicles, we concluded that the Nile red staining 

population was composed of algal-derived vesicles and were not bacteria or bacteria-derived. 

 There are multiple types of extracellular vesicles (EV) that are usually categorized by 

size and cellular origin (Zamith-Miranda et al., 2018). For example, bacteria create extracellular 

vesicles by budding off their cell membrane (Kulp and Kuehn, 2010). The resulting vesicles can 

contribute to quorum sensing, cellular defence and horizontal gene transfer processes (Manning 

and Kuehn, 2011; Toyofuku et al., 2017). Prochlorococcus is an abundant cyanobacteria that 

was discovered to release lipid vesicles (<200 nm) that contain protein, DNA and RNA (Biller et 

al., 2014). These vesicles were able to sustain the bacterial growth and possibly serve as a 

gene reservoir in the open ocean (Biller et al., 2014). There is a gap in knowledge for 

extracellular vesicles production in eukaryotic microorganisms, especially in marine microalgae 

(Yáñez-Mó et al., 2015). In fungus and yeast, it has been confirmed that EVs are used for 

communication and to modulate host-pathogen interactions (Zamith-Miranda et al., 2018). The 

only characterized study of eukaryotic microalgal EV production is on haptophyte Emiliania 

huxleyi (Schatz et al., 2017). When E. huxleyi is infected by viruses, it will produce info-

chemicals that stimulate EV production and increase virion uptake in non-infected cells (Schatz 

et al., 2017). The EVs are exploited by the viruses in the system to prolong their life and 

increase infectivity (Schatz et al., 2017). Currently, there are no published evidence of 
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extracellular vesicles in green microalgae as a phenotypic characteristic in result of a viral 

infection or bacterial interaction (Gill et al., 2019).  

  Lipid vesicles produced during co-cultivation of P. italicus and D. tertiolecta were larger 

than eukaryotic EVs studied (>500 nm) and were morphologically similar to algal lipid droplets. 

During co-cultivation, lipid droplets of D. tertiolecta were positioned on the perimeter of the cell 

with only thin membrane separating the lipid droplet and extracellular space (Figure 2.8). This 

could be a snapshot of lipid droplets extrusion into the extracellular space stimulated by P. 

italicus. The colonial green algae Botryococcus braunii is the only microalga known to 

accumulate lipids in the immediate environment, but this is a unique growth characteristic has 

never been attributed to bacterial interaction, and the lipids are not fully released into the 

extracellular space (Hirose et al., 2013; Lee et al., 2015). If the lipid vesicles are excreted lipid 

droplets, this process did not decrease microalgal photosynthetic health and therefore it is 

unlikely that the release was a consequence of algal cellular lysis via bacterial algicides. P. 

italicus has the ability to synthesize indol-3-acetic-acid, which is a plant auxin with growth-

promoting properties in some microalgal species (Amin et al., 2015; Fernandes et al., 2011). 

This bioactive has also been demonstrated to show increased cell membrane permeability in 

some cell types of haptophyte Emiliania huxleyi (Labeeuw et al., 2016). Perhaps this attribute, 

along with  D. tertiolecta’s lack of rigid cell wall, facilitated the release of the lipid droplets. 

However, organelle trafficking is regulated by the cell and this mechanism could therefore not 

be completely passive. The function and mechanism of production and/or release of the lipid 

droplets are still unclear, and further investigation into the lipid vesicles proteome or the systems 

metabolome would be insightful. 

 

2.5.5 Conclusion  

Cocultivation of D. tertiolecta  and P. italicus produced extracellular lipid vesicles and 

increased lipid per biomass of coculture by ~25% in stationary phase without changing their 

fatty acids makeup. This, to our knowledge, is the first example of bacterial stimulation of lipid 

vesicle release in eukaryotic microalgae. Although the production of lipid vesicles from a green 

microalgae is a gateway to many questions in marine microbial ecology, the most obvious 

application is in biofuel production as a way to expedite lipid harvesting.   
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(Chapter 2, Figure 2.9). This response was species specific and is, to our knowledge, the first 

description of an algal-bacterial interaction that produces lipid vesicles. We suggest that the 

vesicles were algal derived lipid droplets, because of localization of these organelles at the 

perimeter of microalgal cell, with very thin membrane separating the lipid droplet and the 

extracellular space, when they are grown with the bacterium. Furthermore, the extracellular lipid 

vesicles are similar in size and shape to algal lipid droplets.  Although lipid droplet production in 

a common characteristic in oleaginous microalgal species there is no research suggesting that 

microalgae can actively release their lipid bodies into the extracellular space (Goold et al., 

2015). The cellular mechanism of lipid droplet release to produce the extracellular lipid vesicles 

in this study remains unknown.   

During fluorescence flow cytometry sampling, bacteria were imaged individually and 

seen ‘attached’ to lipid vesicles. Lipid vesicles were abundant and dynamic over time, but the 

bacterial population was maintained at ~1x105 CFU per mL in stationary phase, even at differing 

initial population densities (Chapter 2, Figure 2.3). The only observed increase of bacterial 

density was during exponential phase until carrying capacity was reached and maintained. The 

increase of bacteria population (0 d - 4 d) did not overlap with the production of lipid vesicles 

later in the experiment (10 d - 16 d). If bacteria were consuming the lipid vesicle’s contents as a 

nutrient source, there would be an expected increase of bacteria population density over time. 

There was no carbon supplement in the medium used, therefore bacterial growth had to be 

sustained by the algal produced dissolved organic carbon.  

 

3.2  Biotechnological application of research   

 The potential role of algal-bacterial interactions was previously summarized, but the 

model described in this thesis has additional implications that could alleviate the energy and 

cost required for biofuel production (Chapter 1) (Figure 3.2).  
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algal culture during lipid extraction. Milking is most commonly performed in diatoms where the 

physical force applied at each frustule forces lipid droplets into the extracellular space, but the 

diatom is unharmed and used for additional culture cycles (Vinayak et al., 2015). It is possible 

that this model can be a form of ‘milking’ microalgae as lipid vesicles are already released 

without compromising health and viability of D. tertiolecta cultures. 

Overall, this thesis presents research with potential application in biofuel field but 

additional studies will have to be performed in order to ensure this response is maintained at 

commercial-sized cultivation.   

 

3.3  Impact of research on microbial ecology 

 This thesis reveals that algal-bacterial interactions can influence the production and 

storage of lipids in green microalgae and therefore, relationships between microorganisms must 

be considered when using microalgal lipids as proxies. In addition to their role in the 

biotechnological industry, algal lipids are used as proxies in paleo-oceanography and marine 

ecology (Kumari et al., 2013; Sahu et al., 2013). Fatty acids are taxon-specific biomarkers for 

microalgal communities in marine systems (Sahu et al., 2013) and some can also be used as 

indicators of stressful environments for algae (Lu et al., 2012). In paleoceanography, microbial 

lipids are used as fossils for past microalgal communities due to their chemical stability over 

long periods of time (Madureira et al., 1997). Furthermore, the ratio of saturated and 

unsaturated alkenones found in Emiliania huxleyi is used to model historic sea-water 

temperature (Marlowe et al., 1990). Research has already demonstrated that bacteria affect the 

haptophytes alkenone production, causing a 4 °C temperature change from the model (Segev et 

al., 2016).  

 The intricate relationships between algae and bacteria will be significant when 

discussing global, and ocean, warming (Beardall and Raven, 2004; Case et al., 2011). The 

virulence of some bacterial pathogens, like P. italicus, is induced by temperature increases and 

their impact on algal populations will be more pronounced with the increasing ocean warming 

(Mayers et al., 2016). We don’t know how the majority of marine microorganisms will react 

individually to upcoming environmental pressures much less how inter-species interactions will 

change. Warming will also impact the biofuel industry which is moving towards poly-microbial, 

open pond systems. These bioreactors are small water bodies that will be susceptible to climate 
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impacted interactions. Microbial relationships are an essential part of the ocean’s stability and 

cannot be ignored during discussions of climate change.  

 

3.4 Future directions 

 Further research is required to define the origin of lipid vesicles and the mechanism of 

release from the green microalgae in this study. To begin, it would be advantageous to isolate 

the lipid vesicle from algal biomass through size-dependent filtration or centrifugation 

separation. The isolation of lipid vesicle would allow proteomic, metabolomic and transcriptomic 

analysis, which would give insight of the vesicle’s origin and possible function. In particular, 

during proteomic studies, I would look for the presence of major lipid droplet protein which is a 

central protein in the development of microalgal lipid droplets (Nguyen et al., 2011). This would 

be able to confirm that lipid vesicles were in fact, released lipid droplets. A transcriptomic study 

could be completed in order to determine genes involved with mechanism of release and the  

alga’s metabolic response to P. italicus. This research would be optimized when the complete 

sequencing of D. tertiolecta genome is available, which does not exist at this time.  

A metabolomic study of the three treatments; the bacteria, the algae and the coculture, 

would be essential in identifying any bioactive molecule that are exchanged in order to elicit the 

response of algal lipid vesicle production. This study would also allow to determine if there were 

bioactive molecules, such as indol-3-acetic acid, that played a role in the interaction. 

Further studies could test the breadth of this interaction. Cocultures of P. italicus and 

other species of green microalgae could be cultivated and imaged for lipid vesicle presence. 

The bacterium Phaeobacter gallaeciensis, which is the closest genetic relative to P. italicus, 

could be cocultured with D. tertiolecta and lipid vesicle production could be investigated 

(Fernandes et al., 2011). These studies could determine if this response is specific to the 

microalgae, the bacterium or unique to the relationship between them. It would also determine if 

this interaction could be stimulated in other biofuel producing microalgae, expanding its 

practicality in the field.   
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3.5 Conclusions  

In this thesis a novel interaction between a green alga, D. tertiolecta, and a marine 

bacterium, P. italicus, that produced algal-derived lipid vesicles in the extracellular space was 

studied. Algal lipids, which were the focus of this study, have an important role in the 

biotechnological field as well as in marine microbial ecology. We have demonstrated that 

bacteria can influence the production and location of algal lipids therefore microbial interactions 

must be considered in fields that use algal lipids as agents. This is the first description, to our 

knowledge, of extracellular vesicle production in green microalgae and the first study to show 

the extracellular vesicle production that is stimulated by an algal-bacterial interaction. 
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