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Abstract

Protein folding involves a stochastic search through the configurational energy
landscape towards the native structure. Although most proteins have evolved to fold
efficiently into a unique native structure, misfolding (the formation of non-native
structures) occurs frequently in vivo causing a wide range of diseases. The prion protein
PrP has the unique ability to propagate an infectious disease without transmitting any
genetic material, based instead on a misfolded conformation which can reproduce itself.
The mechanism of prion misfolding and propagation remains unsettled, from details
about the earliest stages of misfolding to the structure of the infectious state. Part of the
difficulty in understanding the structural conversion arises from the complexity of the
underlying energy landscape. Single-molecule methods provide a powerful tool for
probing complex folding pathways as in protein misfolding, because they allow rare and

transient events to be observed directly.

We used custom-built high resolution optical tweezers to study PrP one molecule
at a time. By measuring folding trajectories of single PrP molecules held under tension,
we found that the native folding pathway involves only two states, without evidence for
partially folded intermediates that have been proposed to mediate misfolding. The full
energy profile was reconstructed for the native folding of PrP, revealing a double-well
potential with an extended partially-unfolded transition state. Interestingly, three different
misfolding pathways were detected, all starting from the unfolded state. A mutant PrP
with higher aggregation propensity showed increased occupancy of some of the
misfolded states, suggesting these states may act as intermediates during aggregation. To
investigate the mechanism of PrP misfolding further, we characterized the folding
pathways of PrP when two molecules interact to form a dimer. Remarkably, the dimer

invariably formed a stable misfolded structure, via multiple partially-folded intermediates.



We mapped the energy landscape for PrP dimer misfolding and identified a key
intermediate that leads to misfolding by kinetically blocking the formation of the native
structure. These results provide mechanistic insight into the formation of non-native
structures of PrP and demonstrate a general platform for studying protein misfolding and
aggregation at the single-molecule level, with wide applicability for understanding

disease and biological function.
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1. Molecular folding, misfolding and diseases

Folding is the molecular self assembly process by which the linear one-
dimensional protein chain takes on a specific three-dimensional structure. According to
the central dogma of molecular biology, genetic information flows from DNA into RNA
through transcription, and finally into protein through translation. However, the
expression of genetic information does not end here. Proteins have to fold into specific
three-dimensional structures in order to carry out their functions precisely. The folding
process is thus required for the information stored in DNA to take effect, constituting an
important step in the flow of genetic information (Koonin et al., 2002). Moreover, RNA,
rather than being just an intermediate factor assisting protein synthesis, has been found to
play important roles in regulating different biological processes (Castel and Martienssen,
2013; Serganov and Nudler, 2013). Finally, the structural dynamics of molecules like
proteins and RNA also plays essential roles in biology (Agarwal, 2006; Al-Hashimi and

Walter, 2008; Hall, 2008; Henzler-Wildman and Kern, 2007; Smock and Gierasch, 2009).

At the most basic level, sequence determines conformation and conformation
determines function. Only correctly folded molecules have long-term stability and are
able to carry out their biological function properly, except for intrinsically disordered
proteins (Rezaei-Ghaleh et al., 2012), which remain functional despite the lack of unique
three-dimensional structures. In contrast, improper folding resulting in non-native states
(i.e. misfolding) can cause the dysfunction of the molecules. Unfolded, partially folded or
misfolded molecules may be subjected to some housekeeping procedures (Araki and
Nagata, 2012; Kubota, 2009; Pechmann et al., 2013; Tyedmers et al., 2010) inside

organisms and degraded, except some special events in the cell, such as translocation



which requires complete or partial unfolding of a molecule (Matouschek, 2003; Prakash
and Matouschek, 2004). However, misfolded molecules that escape the proper regulatory
mechanisms may aggregate and induce diseases (Chiti and Dobson, 2006).

Understanding how macromolecules fold and misfold is thus a crucial part of deciphering
the flow of genetic information, with important implications for understanding how cells
function and origins of many diseases. These questions are discussed below in the context
of two general aspects: first, the folding code and mechanisms; second, misfolding

mechanisms and diseases.

1. Folding code and mechanisms

The first aspect of the folding problem involves how the information defining the
three-dimensional native conformation is encoded in the one-dimensional sequence of a
biopolymer. This question was addressed by Anfinsen in 1957, who showed that the
native structure of a protein can be fully regenerated spontaneously, with its activity fully
recovered, after denaturing and then renaturing the protein (Sela et al., 1957). In this
pioneering work, the structure of a natively-folded enzyme, ribonuclease A, was fully
denatured with the addition of 2-mercaptoethanol and urea. The catalytic activity was
destroyed as the enzyme lost its native conformation. Upon the removal of the denaturant,
the activity was essentially fully restored, indicating the spontaneous recovery of the
native conformation. Based on this observation, it was hypothesized that all the
information required to determine the three-dimensional structure of a protein is
incorporated in the amino acid sequence. Anfinsen hypothesised furthermore that the
native structure was the lowest-energy state of the system (Anfinsen, 1973). The question

arises of whether there exists a universal code to store the information regarding the



three-dimensional conformation of proteins in their one-dimensional sequence, and how

the information is encoded.

Many structures of proteins and nucleic acids have been solved by high-
resolution structural determination methods such as nuclear magnetic resonance (NMR)
and X-ray crystallography. However, these procedures are often time consuming and
technically demanding, so that structures are available for only a relatively small
proportion of the vast universe of possible proteins (Slabinski et al., 2007).
Computational prediction of structures is possible, but not completely reliable (Moult,
2005), and physics-based structure prediction is still not very effective (Cao and Chen,
2011; Faver et al., 2011; Zhang, 2009). Molecular dynamics simulations can successfully
predict the folding structures of some proteins, especially small ones (Piana et al., 2013;
Shaw et al., 2010), but further improvements in computational capabilities will be needed
to improve reliability for large proteins or macromolecular assemblies. Given the limited
information we have connecting sequences to structures, compared to the combinatorial
complexity of the possible sequences, the folding code has yet to be deciphered.
Complicating the matter is the fact that there is likely no universal, one-to-one
relationship between the primary sequence and three-dimensional structure of proteins;
rather the structure formed by a given sequence is context-dependent (Minor and Kim,

1996; Schellenberg et al., 2010).

Another important aspect of the folding problem is how the structure forms, i.e.
the folding mechanism. As Levinthal pointed out, the time required for a protein to fold
into a specific conformation based on a random search would be enormously long
because of the astronomical number of possible configurations assessable to a protein

(Levinthal, 1968; Levinthal, 1969). Assuming simplistically that each amino acid has 3



possible conformations and that each conformation can be sampled in 1 ps (the time scale
of elastic vibration and hydrogen bonding (Benkovic and Hammes-Schiffer, 2003)), a
100-amino-acid-long protein with a random sequence would take 10% years (3" x 10%* s
=5 x 10%s) to search the entirety of conformation space sequentially, very much longer
than the age of the universe (~ 10'° years). In practice proteins usually fold on the
timescale of microsecond to seconds (Kubelka et al., 2004), or as slow as minutes to
hours (Kim and Baldwin, 1990). This contradiction is the well-known “Levinthal's
paradox”, which indicates that a random search would not allow a protein to find its

native structure on a physiological time scale.

Instead of a random search, proteins are generally believed to find their
conformations quickly by folding along specific pathways through the set of a
conformational landscape, biased by the interactions within the molecule and with the
solvent (Frauenfelder et al., 2007; Thirumalai et al., 2010; Wolynes, 2008). However, the
microscopic details of the transition from a disordered polypeptide chain into a highly
ordered structure are still not fully understood. Classical biochemistry methods, such as
circular dichroism (CD) spectroscopy, infrared spectroscopy, NMR spectroscopy and
mass spectrometry, are able to provide important information about the structure and
kinetics during the folding process (Buchner and Kiefhaber, 2005), although these
methods generally cannot provide enough temporal resolution for observing the detailed
interconversion along folding pathways. Stopped flow (Fabian and Naumann, 2004),
temperature jump (Hofrichter, 2001) and hydrogen exchange techniques (Konermann et
al., 2011) allow the direct observation of fast kinetics during the folding process
(Schechter, 1970). However, these are ensemble measurements that observe the average

behavior of many molecules. It can sometimes be difficult to discern intermediate,



partially-folded states (which can play important roles along the pathway to the final
structure), especially if they are rare or short-lived. It can be even more difficult to
distinguish between different populations, if different types of behavior occur at the same

time.

2. Misfolding mechanism and diseases

Although most proteins have evolved to maintain a specific conformation in
order to carry out their functions properly, misfolding (the formation of non-native
structures) still occurs frequently in vivo (Hartl and Hayer-Hartl, 2009). Cellular
processes act to mitigate the effects of misfolding, e.g. by guiding folding with molecular
chaperones or by removing misfolded proteins once they have formed through the action
of the proteasome (Hartl and Hayer-Hartl, 2009; Tyedmers et al., 2010). Misfolded
proteins, which escape such quality-control pathways, however, can lead to a wide range
of diseases. Such “protein misfolding diseases” include, for example, Alzheimer’s disease,
Parkinson’s disease, fronto-temporal dementia and the prion disorders, which are
associated with the misfolding respectively of amyloid B, a-synuclein, tau and prion

proteins (Chiti and Dobson, 2006).

The accumulation of misfolded protein molecules into large-scale aggregates is a
common feature of numerous protein misfolding diseases, however in most cases the
identity of the toxic species remains unresolved. Disease-related proteins can misfold and
aggregate into oligomers, ultimately forming amyloid fibrils, insoluble aggregates of
misfolded proteins which is usually composed of highly-ordered B-sheet-rich structures.
The deposition of amyloid fibrils in different tissue types has been found in a large

number of protein misfolding diseases (Chiti and Dobson, 2006), but the significance of



the amyloid fibrils in disease propagation is not clear. Exactly which species are toxic is
still controversial, although it is believed that soluble oligomers early in the aggregation
pathway are, in many cases, more toxic than the mature fibrils. In fact, the fibrils may

actually serve a protective role by reducing the level of the toxic particles (Caughey and

Lansbury, 2003; Chiti and Dobson, 2006).

Despite the importance of protein misfolding and aggregation to disease, the
molecular mechanisms of the misfolding and aggregation processes remain imperfectly
understood. Amyloid formation is often found to be consistent with a nucleated-growth
model, in which a misfolding (or aggregation) nucleus forms slowly during an initial lag
phase, after which amyloid polymerization proceeds rapidly (Chiti and Dobson, 2006).
During this process, many different conformational states and folding pathways may, in
principle, be accessible to a polypeptide chain. This is illustrated schematically in Fig. 1.1.
Only the native state is able to function properly. If the quality control systems that
regulate in vivo folding fail, the misfolding pathways can overwhelm the native folding
pathways and cause diseases. Understanding the fundamental molecular events and the
detailed mechanism underlying protein misfolding will help elucidate the origin of
protein misfolding diseases and develop potential therapies. Part of the challenge in
deciphering misfolding mechanisms stems from the fact that ensemble averaging makes it
challenging to resolve the key features, since the initiating events are likely rare and
entangled with further interconversions (Straub and Thirumalai, 2011). Few techniques
have the ability to access the early nucleation stage and follow the complex aggregation
process thereafter, leaving protein misfolding and aggregation a “black box” needing

further exploration. New methods that are able to monitor transient protein states and



follow their fast interconversions are required to clarify the complex misfolding and

aggregation pathways.
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Figure 1.1 Complex folding/misfolding pathways accessible to a protein. After being
synthesized by ribosomes, nascent polypeptides are subjected to different
folding/assembly/disassembly pathways. Under normal conditions, proteins follow the
native folding pathway into a fully functional structure, possibly through some
intermediate states. In vivo, these processes are highly regulated and improperly folded
proteins are subjected to the degradation pathways and other quality control systems.
However, misfolding can occur. The protein may be able to form a variety of non-native
conformations, including misfolded monomers, native-like oligomers, misfolded
oligomers, amorphous aggregates and amyloid fibrils. Under certain conditions,
misfolded or aggregated proteins may be toxic, causing diseases.



The prion diseases, which result from the misfolding of PrP, are notable among
protein-misfolding diseases not only because they are infectious, but also because of their
mode of infection (Aguzzi et al., 2007). A specific pathogenic conformation of PrP (the
scrapie form, PrP%) is able to recruit and template the conformational change of the
cellular form of PrP (PrP°). Therefore, the information required for the propagation of a
prion disorder is not genetic but rather, a protein conformation. Recent studies have
suggested that such conformational infectiousness may not be unique to PrP. For instance,
prion-like propagation (Brundin et al., 2010; Frost and Diamond, 2010; Goedert et al.,
2010) seems to occur in several neurodegenerative diseases such as Alzheimer’s disease
(Stohr et al., 2012), Parkinson’s disease, fronto-temporal dementia, amyotrophic lateral
sclerosis (Grad et al., 2011; Munch et al., 2011). As with the prion disease, all of these
diseases are related with one or more types of amyloid-forming proteins: amyloid B, a-
synuclein, tau and superoxide dismutase-1. Although not infectious, these diseases share
similar features with the prionopathies, such as the accumulation and spread of misfolded
protein aggregates, as well as a diversity of disease phenotypes. Therefore, the
propagation of protein misfolding and neuropathogenicity in these diseases may occur in
a similar prion-like manner. These similarities suggest that a detailed understanding of
the protein misfolding/aggregation pathway of one protein could provide insight into the

misfolding of other proteins as well.

In this thesis, | focus on PrP as a model system to study protein folding and
misfolding mechanisms in the context of a disease-causing protein. A basic conceptual
biophysical picture of folding and misfolding will be introduced in chapter 2, followed by
two chapters talking about the methodology — single-molecule approaches (chapter 3),

and specifically single-molecule force spectroscopy (SMFS) using optical tweezers



(chapter 4). Chapter 5 demonstrates SMFS as an approach to measure the hierarchical
folding/misfolding of a molecule using a system with alternative structural outcomes,
namely RNA riboswitches. The rest of the thesis focuses on SMFS studies of folding and
misfolding of PrP. Chapter 6 describes the current background on prion research. Chapter
7 presents the SMFS results of PrP, showing the direct observation of folding and
misfolding of single PrP monomers. In Chapter 8, we first discuss the validation of the
Hummer-Szabo formalism for energy landscape reconstruction, and then use this method
to recover the free energy profile of the PrP native folding pathway, yielding the diffusion
constant, transition path time and rates. In Chapter 9, we take the first step to studying
PrP aggregation using individual dimers, which we found to form exclusively misfolded
structures. | conclude the thesis with an outlook on single molecule approaches to prion

research and discuss some considerations for future research.



2. Biophysical description of the folding problem

The folding problem can be understood in terms of the energy landscape theory.
The energy landscape encoded by the amino acid sequence contains, in principle, all the
information needed to describe the conformational dynamics of a protein, from the
folding kinetics to the locations of energy barriers and the existence of intermediates or
non-native pathways. The detailed characterization of energy landscapes provides a
quantitative view of the protein folding problem. Fast native folding is typically viewed
as the consequence of a funneled shape of the energy landscape (Dill and Chan, 1997;
Wolynes, 2008), whereas misfolding and aggregation can result from partially folded
states which are kinetically trapped by high barriers in a rugged landscape (Chiti and

Dobson, 2009; Hartl and Hayer-Hartl, 2009).

2.1 Theoretical description: the energy landscape

The energy landscape (Bryngelson and Wolynes, 1987; Dill and Chan, 1997,
Onuchic and Wolynes, 2004; Wolynes, 2008) describes the free energy of each
conformational state a molecule can adopt as a function of conformational coordinates,
such as the dihedral angles of each peptide bond. The folding process then involves
diffusion across this conformational landscape. Since the number of microscopic degrees
of freedom for a given polypeptide is large, energy landscapes are typically high-
dimensional hypersurfaces. A random polypeptide sequence will generally result in a
very rugged landscape, where the protein is highly “frustrated” as the global minimum is
difficult to reach kinetically (Dill and Chan, 1997; Wolynes, 2008). This is the origin of
the Levinthal paradox. However, evolution has generally selected for proteins that fold

rapidly along well-defined pathways, avoiding the need for a random search of the entire
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conformational space. This can be achieved based on a funnel-shaped energy landscape

with minimum frustration.

intermediates
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Figure 2.1 Energy landscape of protein folding/misfolding. The purple surface shows
a multitude of conformations funnelling to the native state via intramolecular contacts,
whereas the pink area shows conformations moving toward amorphous aggregates or
amyloid fibrils via intermolecular contacts. The complexity of the folding pathways for
aggregation is indicated by the complex energy profile with numerous free energy
minima and maxima, representing different stable or metastable states with transition
barriers in between. The figure is adapted by permission from (Hartl and Hayer-Hartl,
2009).

Consider folding in a funnelled energy landscape (Fig. 2.1). An unfolded protein
molecule is randomly coiled, with a high conformational entropy. The funnel will guide
the molecule towards changes in conformation that decrease the internal energy by
making favorable intramolecular interactions. The bias to the conformational diffusion

provided by these interactions speeds up folding exponentially, resolving Levinthal’s
11



paradox (Zwanzig et al., 1992). As interactions are formed, however, there is a decrease
in entropy as the conformational degrees of freedom are restricted. This competition
between entropy and energy usually funnels the free energy through a barrier, explaining

why in most cases protein folding is an activated process (Lorimer, 1996).

As the energy landscape becomes more rugged, incompletely folded metastable
states start to appear, either on or off the native folding pathway (Fig. 2.1). On-pathway
intermediate states usually represent mileposts leading to the correct folding of the native
structure. Off-pathway misfolded states, which are often kinetically trapped by high
barriers in the energy landscapes or involve contacts between different molecules, could
result in further misfolding and aggregation. The folding/misfolding network of a
polypeptide in Fig. 1.1 is quantified by energy landscape theory, resulting in a complex
energy profile represented in Fig. 2.1. The conformation of a polypeptide chain under a
given condition depends on the relative thermodynamic stabilities of different states and
the kinetics of the interconversions between the states. Therefore, characterizing a
complete picture of the energy landscape, including all partially-structured states, helps
us to understand the folding pathways and misfolding mechanisms of a protein. However,
because these partially-structured conformations are often energetically unfavourable,
they are usually short-lived or rare, which raises technical difficulties for detection and

characterization.

If protein folding could be measured by tracking the position of each atom in the
molecule in real time, then the full multi-dimensional energy landscape could be
measured. This is not possible with current experimental methods, hence the full
landscape can only be studied virtually, through computational simulations (Piana and

Laio, 2007; Piana et al., 2013; Shaw et al., 2010). One of the approaches used to
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overcome this difficulty and treat experimental data more completely is to project the
high-dimensional energy landscape onto the specific experimental reaction coordinate
measured. This projection reduces the landscape to a one-dimensional profile
(Bryngelson et al., 1995; Piana et al., 2013; Sabelko et al., 1999; Shaw et al., 2010).
Examples of reaction coordinates include the extension of the molecule (Best et al., 2008),
an experimental observable, or the fraction of native contacts, which is especially useful
for simulations. Under normal experimental conditions of constant temperature and
pressure, the Gibbs free energy is more convenient to describe the properties of the
system than the Helmholtz free energy (Pathria, 1996). In this framework, the reduction
in entropy as the molecule folds along the funnelled landscape towards a minimum of
free energy competes with the enthalpy of intra-chain interactions. In some cases, the
entropy loss during folding is compensated sufficiently by a corresponding internal
energy gain so that the molecule reaches the minimum-energy state without encountering
any barriers. Molecules that fold without barriers are known as “downbhill folders”
(Bryngelson et al., 1995; Onuchic et al., 1997). More commonly, however, a free energy
barrier appears because the entropy loss and the energy decrease are not synchronized
(Fig. 2.2). This barrier represents the “transition state,” the highest-energy, unstable
intermediate through which the molecule must pass during folding. In the case of a single
barrier separating two states, the transition state represents the decision point for
committing to the forward or reverse reaction (in the context of classic chemical physics
(Truhlar et al., 1996), and it also defines the rate-limiting step during the folding process.
The height of the transition state barrier is related to the stability of the molecule (both

energetic and Kkinetic).
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Figure 2.2 Schematic free-energy profile for a two-state folding reaction. A typical
two-state protein folding between the native state (N) and the unfolded state (U) across
the transition barrier () is characterized by the diffusion constant over the energy barrier
(D) and the shape of the energy landscape in terms of the height of the energy barriers
(AG* from the unfolded state and AGy* from the folded state, respectively), the position
of the energy barriers (Axy* from the unfolded state and Axy* from the folded state,
respectively) and the stiffnesses of the potential wells (x for the unfolded state and «y for
the folded state, respectively) and barrier (). The folding rate given by Kramers theory
(k) is set primarily by the barrier height, which determines the length of time spent
diffusing within the potential well waiting for a sufficiently large thermal fluctuation to
cross the barrier. The transition path time required to cross the barrier (t,) is much
shorter, and is determined primarily by the diffusion constant across the barrier.

2.2 Diffusion constant, transition path time, and rates

Energy landscape theory conceptualizes folding as configurational diffusion over
the surface of the landscape. A molecule diffuses within the folded/unfolded wells and
across the barrier as it unfolds/folds (Fig. 2.2). In this picture, the molecule spends most
of its time diffusing within the potential wells, with only rare and fast transitions between
them. Unfortunately, key information about how the molecule folds is contained in the
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transition path, the actual path taken while crossing the barrier (Fig. 2.2, yellow
highlighted part). It is within this path that the effective folding processes during which
the molecule explores different intermediate conformations occur, forming and breaking
native/non-native contacts and finally reaching the folded state. As a single-molecule
property, the transition paths themselves are extremely challenging to observe
experimentally since they are very brief (Chung et al., 2009; Chung et al., 2012; Lee et al.,
2007). Until recently, only all-atom simulations could provide insight into the
mechanistic details of the transition paths (Piana et al., 2012, 2013; Shaw et al., 2010),
and these were limited to very simple proteins (Best, 2012). However, the average time
spent during the transition path, the transition path time t,, has now started to become
accessible experimentally. To date, T, has been estimated for protein folding from single-
molecule fluorescence trajectories (Chung et al., 2009; Chung et al., 2012), but it has not

yet been calculated from folding landscapes themselves.

The results from chemical kinetics, in particular Kramers’ theory for diffusive
motion in a harmonic landscape (Hanggi et al., 1990; Kramers, 1940), can be used to
relate the kinetics of protein folding to the underlying energy landscape. Kramers theory
has now been widely applied to interpret the timescales for protein conformational
dynamics (Best and Hummer, 2010; Dudko et al., 2006; Kubelka et al., 2004; Nettels et
al., 2007; Plotkin and Onuchic, 2002). The folding/unfolding rate, which primarily

depends on the timescale of the molecule spent inside a well (Fig. 2.2), can be expressed

as:
— _ i H KKy

k = koexp(~AG*/kgT), where the prefactor is k, = D, (2.1)
27K, T
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in which AG* is the height of the potential barrier, D is the diffusion constant over the
barrier, x, is the stiffness (curvature) of the potential well, «; is the stiffness of the barrier,
and kg is the Boltzmann constant. In this Kramers rate equation, the pre-factor kq gives a
measure of the fastest rate for folding, that is when there is no barrier (AG*=0).
Therefore, D effectively describes the roughness of the landscape and sets the
fundamental “speed limit” for protein folding (Kubelka et al., 2004). The rate of contact
formation within short peptides of various lengths has been measured with energy
transfer (Bieri et al., 1999) and quenching (Krieger et al., 2003; Lapidus et al., 2000), as
has the intrachain diffusion constant for a variety of naturally-folding proteins, but only
in their denatured or nearly-denatured states (Borgia et al., 2012; Chen et al., 2009;
Hagen et al., 1996; Nettels et al., 2007; Soranno et al., 2012). Importantly, these
approaches do not probe chain dynamics as they are approaching the transition state,
when hydrophobic collapse has likely occurred or structure is partly formed. Since the
diffusion constant is generally coordinate-dependent and for proteins with high energy
barriers the folding rate depends mostly on the diffusion constant at the top of the barrier
(Best and Hummer, 2010), proper characterization of the diffusion over a barrier could be
significant in terms of understanding the protein folding problem, which has never been

done experimentally.

The transition path time, T, may also be related to the shape of the energy
landscape, by calculating the mean first passage time (Chaudhury and Makarov, 2010;
Chung et al., 2009; Hummer, 2004). For an harmonic barrier with AG* > 2 ks T (Chung et

al., 2009),

_In(2e” AG/k,T) _ In(2e” AG# /k,T)

T D, /ksT 27K, \/K‘b/K‘W
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where vy is Euler’s constant and the expression becomes exact in the limit of a large
barrier height. Generally 1y, << k™, since a significant amount of time is spent diffusing
within the potential well before the barrier is actually crossed. It is interesting to note the
differences in the dependence of the folding rate and the transition path time on the
barrier. The folding rate is highly sensitive to the barrier height (in fact exponentially—
dependent), since the molecule must wait for a thermal fluctuation that is sufficiently
large to get over the barrier. As the barrier gets higher, the molecule will spend more time
trapped in the potential well, resulting in a lower folding rate. However, since the
transition path time only takes into account successful transition events, it is much less
sensitive to the barrier height, depending only logarithmically on the height. To date,
these landscape theories have been used to predict protein folding rates, but only using
landscapes derived from simulations (Kubelka et al., 2004), because free-energy profiles
are difficult to measure. Free energy landscapes measured experimentally (Gebhardt et al.,
2010; Woodside et al., 2006a) must be integrated with the prediction of folding rates in

order to validate the corresponding theories for further investigations.
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3. Single-molecule approaches to the folding problem

3.1 Advantage of single-molecule approaches

Protein folding has been studied for many decades with biochemical and
biophysical methods such as fluorescence spectroscopy, CD spectroscopy, neutron
scattering, and NMR. These methods look at the behavior of an ensemble of molecules in
solution. Such ensemble biochemical and biophysical measurements have provided the
bulk of our knowledge of folding (Buchner and Kiefhaber, 2005), but they have some
significant limitations. In particular, the ensemble averaging can make it challenging to
characterize the properties of states that occur rarely or are very short-lived. It is also
challenging to distinguish the properties of any subpopulations present in a mixture of
states. In recent years, approaches that study the folding behavior of individual molecules
have been used to overcome these challenges, complementing the more traditional
methods and offering ever more detailed pictures of the microscopic behavior (Borgia et
al., 2008; Woodside et al., 2008). By monitoring one molecule at a time, such single-
molecule techniques provide a promising new approach in understanding protein folding,

misfolding and aggregation.

Single-molecule techniques provide a unique window into folding reactions
because of the ability to measure properties of the free energy landscape directly. Single
reaction paths for each individual folding event can be monitored independently, allowing
the observation of specific pathways along the energy landscape and the full distribution
of kinetic behaviors. Changes in the molecular configurations can be measured with sub-
nanometer resolution as the molecule unfolds and refolds, allowing the structural

elements involved in each folding event to be determined (Greenleaf et al., 2007). The
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folding energies and rates for each step along the folding pathway can be characterized
with high precision. The diffusion constant for the denatured (Borgia et al., 2012; Chen et
al., 2009; Hagen et al., 1996; Nettels et al., 2007; Soranno et al., 2012), transition, and
folded states (Hinczewski et al., 2010), can in principle be resolved separately, providing
detailed insights into the structural dynamics of the molecule at different stages of the
folding process. The transition path time, which is a single-molecule property, has only
started to be measured experimentally using high-resolution single-molecule techniques
(Chung et al., 2009; Chung et al., 2012). All information about a structural transition can
be explored and analyzed from the energy landscape, the full profile of which can be
reconstructed directly from single-molecule techniques. In this way, single-molecule
techniques provide a more quantitative and physical description of the biological folding

problem in terms of the energy landscapes.

Single-molecule techniques provide insights and detailed information about the
complex picture of protein misfolding and aggregation as well (Hoffmann et al., 2013;
Yu et al., 2013). The many different conformations involved, the numerous alternative
pathways, and the likely importance of rare or transient states (Fig. 1.1) all pose key
technical challenges for characterizing misfolding mechanisms. Determining how they
interconvert and their position along the folding/aggregation pathways is a key challenge
in aggregation studies. Single-molecule approaches are well-suited to overcome these
challenges: not only are they well-established for studying protein folding mechanisms
(Borgia et al., 2008), but they can directly characterize distinct subpopulations, map out
folding pathways, and observe rare or transient states (Hoffmann et al., 2013). A
particular concern in the context of aggregation is that the concentration required to
achieve a sufficient signal strength from a given species might be incompatible with
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measurement because it triggers rapid aggregation. In the single-molecule regime, single
protein monomers, oligomers, or even aggregates can be isolated to achieve a local
concentration of the protein monomer in an oligomer construct as high as 10 M (e.g. as
the effective concentration of proteins linked together covalently), leading to the
formation of intermediate species via intermolecular interactions (Hoffmann et al., 2013).
At the same time, the overall protein concentration in solution can be monitored from as
low as 1 pM to high molar concentration to mimic different stages of the aggregation
process (Fung et al., 2003). A detailed picture of aggregation mechanisms can thus be

built up step-wise.

Nowadays, single-molecule spectroscopy is just beginning to be applied to
characterize protein misfolding and aggregation. For example, misfolding has been
observed in a few protein constructs using both force (Bechtluft et al., 2007; Oberhauser
etal., 1999; Stigler et al., 2011; Xi etal., 2012; Yu et al., 2008) and fluorescence
spectroscopies (Borgia et al., 2011). Likewise the formation and growth of aggregates has
been monitored with fluorescence spectroscopy (Hillger et al., 2007; Nath et al., 2010;
Orte et al., 2008). The network of pathways available for misfolding has only begun to be
mapped out in any detail (Stigler et al., 2011; Xi et al., 2012), but not yet for any disease-

related protein.

3.2 Summary of single-molecule methods

A variety of techniques is available to monitor the structure, stability, and
dynamics of molecules at the single-molecule level, based most commonly on

fluorescence or force measurements (Table 3.1).
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Table 3.1 Single-molecule techniques. The basic principles, method of measurement,
and requirements for protein samples are outlined for several commonly used single-
molecule techniques (Forster resonance energy transfer (FRET), fluorescence correlation
spectroscopy (FCS), atomic force microscopy (AFM), optical tweezers, magnetic
tweezers and nanopores).

molecule and
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Nanopore

translocation.
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1. Fluorescence-based techniques

FRET between co-localized fluorophores is a very sensitive probe of
conformation and dynamics (Joo et al., 2008). Molecules are labeled by a donor
fluorophore and an acceptor fluorophore, between which energy transfer can occur via
resonance due to the overlap of the absorption spectrum of the acceptor and emission
spectrum of the donor. The distance between the two fluorophores can be monitored
based on the FRET efficiency, which can be determined from the donor and acceptor
fluorescent intensities. Chemical denaturation such as urea or guanidine hydrochloride is
typically used to manipulate the conformation of the molecule, and the distance changes
estimated from the FRET efficiency represent the conformation dynamics. For example,
proteins labeled with two different fluorescent dyes usually have smaller FRET values in
their unfolded and larger FRET values in their native state. In combination with
techniques such as total internal reflection microscopy, FRET can be imaged at single-
molecule level. As a highly sensitive method, single-molecule FRET is typically used to
probe distance changes between 1 to 10 nm, over timescales usually ranging from 107 to
10% s (Greenleaf et al., 2007). Single-molecule FRET has been applied widely to study

both protein (Borgia et al., 2008) and RNA folding (Tinoco et al., 2010).

Another common fluorescence-based technique is FCS. In FCS, the diffusion of
fluorophore-labeled molecules across a small confocal volume results in fluorescence
fluctuations that are temporally correlated. The autocorrelation of the fluorescence
intensity contains information about the size and the shape of the molecule (Fitzpatrick
and Lillemeier, 2011). Therefore FCS can be used to observe the formation and growth of
structure formation during early aggregation process, for example, the multi-phase

aggregation of PrP initiated by an early dimerization process has been observed using
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FCS in conjunction with other methods (Post et al., 1998). However, unless immobilized,
each molecule passes the effective volume only for a short time, so FCS reports the
collective behavior of an ensemble of molecules and the ability for tracking the kinetics

of individual molecules is limited.

2. Force-based techniques

Force can be applied directly to single molecules using different techniques, such
as AFM, optical tweezers, or magnetic tweezers (Greenleaf et al., 2007; Neuman and
Nagy, 2008). Typically the molecule of interest is attached to large objects to allow the
application of forces and manipulation of structures. AFM utilizes a sharp cantilever tip,
the position of which is monitored via deflected laser beams, to apply force to a molecule.
Because of the high stiffness of the cantilever probe, AFM works best at large forces,
typically in the range 10 to 10,000 pN, which makes it most suitable to study high-force
phenomena such as breaking of covalent interactions, unfolding of stable proteins, and
unfolding of aggregates. Magnetic tweezers use a superparamagnetic particle attached to
a molecule to apply force with a magnetic field (Neuman and Nagy, 2008). In contrast to
AFM measurements, with magnetic tweezers the applied force is constant regardless of
the motion of the force probe, since the length scale over which the magnetic field
gradient changes (~mm) is much larger than the scale of the motion (~nm), making
magnetic tweezers good for monitoring structural transitions under equilibrium constant-
force conditions with typical force range from 0.01 to 10,000 pN (Neuman and Nagy,

2008).

Optical tweezers employ dielectric beads trapped in electromagnetic fields to

manipulate the molecule of interest (Woodside and Valentine, 2009) . The stiffness of
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optical tweezers is generally lower than for an AFM, and therefore optical tweezers are
more suitable to study processes in the low-force regime (0.1 to 100 pN). Optical
tweezers gives the best temporal resolution (10 to 10° s) among all the force
measurement techniques, with very high spatial precision (as low as 0.1 nm). Optical
tweezers have been successfully used to study a wide range of biological processes, such
as the motion of molecular motors and the mechanisms of enzymes, including the
transcription and translation process at the single-molecule level (Abbondanzieri et al.,
2005; Wen et al., 2008). The folding of DNA, RNA and proteins has been studied
extensively by this technique as well (Borgia et al., 2008; Li et al., 2008; Moffitt et al.,
2008). However, optical tweezers are limited by the highest force that can be applied,
which is determined by the laser intensity, the optical geometry, the index of refraction of

the samples, and various aspects of the experimental protocols.

Force and fluorescence techniques have been combined to generate force probing
systems with FRET-detection capability, such as FRET-based optical tweezers (Hohng et
al., 2007) or magnetic tweezers (Hugel et al., 2007). These new hybrid systems allow
simultaneous observation of different variables describing the conformation of the
molecule, such as the force and distance from optical tweezers and the FRET
measurement of intramolecular distance. By allowing multiple reaction coordinates to be
followed at once, such measurements can in principle allow the probing of multiple
dimensions in the energy landscape, as well as providing more complete information

about the conformation of the molecule.
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3.3 The effect of force in single-molecule force spectroscopy

measurements

The focus of my work has been to use single-molecule force spectroscopy (SMFS)
as a tool for studying protein folding. SMFS is by now a standard method for measuring
structural transitions. A force probe (e.g. AFM, optical tweezers, or magnetic tweezers) is
used to apply tension to a molecule. The force acts as a denaturant to induce structural
changes, such as switching proteins between folded and unfolded states. In more
traditional ensemble measurements, other variables such as chemicals, temperature
changes, pressure changes, or pH changes are used as denaturants to perturb the protein
structure. Although most denaturants are “artificial”, in the sense that the protein does not
normally encounter the conditions being imposed, forces are in fact encountered naturally
in the cell in many contexts, from gene regulation (Oluwole et al., 1997) to the
translocation of proteins across membranes (Matouschek and Bustamante, 2003), making

mechanical unfolding a biologically-relevant condition.

SMEFS provides distinct advantages regarding misfolding and aggregation studies.
Extremely stable structures such as amyloids can be disrupted with relative ease, and the
use of force as a denaturant allows the solution conditions to be maintained constant
while denaturating and renaturating the protein. This last point is especially important
because misfolding and aggregation are often very sensitive to conditions such as pH,
temperature, or chemical denaturants (Baskakov, 2002; Gerber et al., 2008; Hornemann
and Glockshuber, 1998; O'Sullivan et al., 2007). Since these conditions are typically used
to trigger unfolding/refolding, it can be challenging to isolate the effects that relate
specifically to misfolding and aggregation. Misfolding can therefore be studied in the

single-molecule regime under solution conditions which would not normally be
26



considered conducive to misfolding. Conversely, since individual molecules are
measured in isolation, the folding dynamics of individual monomers may be studied

under solution conditions in which the protein would normally aggregate rapidly.

F=0

Free energy

< Axm _). . A, A— 112

Reaction coordinate

Figure 3.1 The effect of force on free energy landscapes. The force tilts the energy
landscape, changing the barrier height, the barrier position, the free energy difference as
well as the occupancy of states (represented by the depth of the shading inside the wells).

SMEFS also has advantages for applying energy landscape theory to study protein
folding, because it allows free energy profiles to be measured directly, as will be
discussed in greater detail in chapter 8. Here, we describe briefly the effect of force on the
folding through changes to the landscape. The application of force introduces a natural,
well-defined reaction coordinate, the end-to-end distance, onto which the energy
landscape can be projected. Force tilts the energy profile along the reaction coordinate in
a controlled and well-understood way (Fig. 3.1). From classical thermodynamics, at
constant temperature and pressure, the free energy change is equal to the reversible work
done to the system:

27



dG =F -dx (3.1)

Therefore, the force tilts the energy landscape by the amount depending linearly on the

distance along the reaction coordinate AX:

AG(F) = AG® —F - AX, (3.2)

where AG? is the free energy difference at zero force. Meanwhile, the probability density
of states along the reaction coordinate P(x) is related to the free energy AG(X) via the

Boltzmann transform:
P(x) = exp(—AG(X)/kgT ). (3.3)

In a two-state system as illustrated in Fig. 3.1, an equilibrium force, F,, exists at which
the molecule spends equal time in the folded and unfolded states. According to Eq. 3.3, at
F., the free energy difference between the two adjacent states within the landscape is zero.

Therefore,

AG° = Fy-AX, (3.4)

thus the free energy difference at an arbitrary force is given by Eq. 3.2 as:

AG(F) = (F,,—F)-AX. (3.5)

As a result, the occupancy of states can be shifted by an applied force. For example, the

population of the high-energy unfolded state varies with force as:

Pu(F) = {1+exp[(Fy—F) Ax/ksT]} ", (3.6)
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where AX(F) is the force-dependent distance between adjacent states. Analogously, the
population of high-energy rare or transient intermediate states can be tuned by force in a

similar way, giving an excellent chance for observing them using SMFS.

The force-dependent rates can be obtained from the Kramers rate theory based on
different kinds of assumptions. By assuming the distances to the transition states are not

force-dependent, Eq. 2.1 becomes:
k(F) = koexp(—(AG**—FAX*)/kgT) = Krorarunfora €XP(FAX kg T) (3.7)

which is the widely-used Bell's rate formula (Bell, 1978). In this formula, Ksoigunford
represents the folding/unfolding rate at zero force: Ksoigiunford = koexp(—AGi’OlkBT), where
AG*’ is the height of the barrier at zero force and Ax* is the distance to the transition state,
which is considered to be positive in case of unfolding and negative in case of refolding.
However, force-independent transition state positions are usually not an accurate
description. Alternatively, by specifying a certain shape of the energy landscape and

using the Kramers theory at the high barrier limitation, Dudko et al. worked out an

expression for force-dependent rate analytically (Dudko et al., 2006):

1,0 A 1,0 1,0 %
AX ij - AG 1_(1 AX ij 38)

k(F)=k 1-——— -
( ) fold/unfou( AG 1,0 kB T AG 1,0

in which v is a parameter characterising the shape of the energy barrier (v = 1/2 for a
cusp-like barrier, Uo(x) = AG* (x/x*)? for (x < x*) and -oo for (x > x*); v = 2/3 for a softer
cubic potential, Up(x) = 3/2 AG* x/x* - 2 AG* (x/x*)*). For v = 1, the expression reduces to
the simple Bell model. The Dudko model tracks the dependence of the position of the

transition state with force, therefore is expected to provide a more accurate way for
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characterizing rates. In cases where the reconstruction of the full energy profile, which is
based on high-resolution single-molecule measurements, is not essential, these theories
(the Dudko theory in combination of the Kramers theory), provide an accurate prediction
of the most important parameters of the energy landscape (AG*, Ax¥) and of protein
folding itself (D, ty,). (The comparison between the experimental and predicted rates will

be discussed in chapter 8.)

Because of the effect of force applied over the entire energy landscape, the free
energy of states and the kinetics of the transitions between different states can be
measured directly from SMFS. In principle, all accessible states along the folding
pathway should be sampled in equilibrium force measurements. Rare or transient states
may be more populated at different forces, which provides a more complete picture of the

protein folding and aggregation network.
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4. Optical tweezers

Since their invention by Arthur Ashkin in 1986 (Ashkin et al., 1986), optical
tweezers have become a powerful tool for studying biological systems at the single-
molecule level. In this thesis, we use optical tweezers as the major technique to
investigate protein folding. The basic principles of optical tweezers are introduced in this
chapter, followed by a brief description of the construction of our high-resolution optical
tweezer system. After that | describe two basic types of SMFS measurements, which will
be used extensively in this thesis, and what information is expected out of the

measurements.

4.1 Principles of optical trapping

Optical tweezers use high optical intensity gradients to manipulate microscopic
dielectric objects with electromagnetic forces (Neuman and Block, 2004). The
mechanism of optical trapping can be understood simply based on the momentum
conservation in the Mie regime (Ashkin, 1992), by assuming the dimension of the object
is much larger than the wavelength of the laser (Fig. 4.1a). As a tightly focused laser
beam passes through a dielectric object, such as a plastic bead, light is deflected with
changes in momentum. From the momentum conservation law, the momentum change of
the object must be equal but opposite to the momentum change of the light, pushing the
object back to the centre of the laser trap. The situation is complicated when considering
the scattering force coming from light reflected from the object, as a result of which the
object is pushed axially away from the focal point. For micron-sized objects, the axial

gradient force typically balances the scattering force, allowing stable trapping.
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focused
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Figure 4.1 Principles of optical trapping. (a) The principle of optical trapping in Mie
regime. The momentum of the laser changes as the laser beams (grey) are deflected by
the object, which results in the restoring force (black) of the object. (b) The principle of
optical trapping in Rayleigh regime. A Lorentz force is generated as the dipole of the
object interacts with light.

An alternative view of optical trapping considers the opposite limit, when the
trapped object is much smaller than the wavelength of the laser (known as the Rayleigh
scattering regime). In this case, the object can be considered as a dipole which interacts
with the electric field via a Lorentz force (Fig. 4.1b). The absorption and re-radiation of
the light by the object gives the scattering force, which is proportional to the intensity of

the laser:
Fo =221 (4.1)

where | is the laser beam intensity, c is the speed of light in vacuum, n, is the refraction
index of the medium, and C = (8/3)zk*r’[(m?-1)/(m*+2)] is the scattering cross-section of
the sphere. The time-averaged Lorentz force gives the gradient restoring force exerted on

the object (Harada and Asakura, 1996; Woodside and Valentine, 2009):

32
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where r is the radius of a sphere, m = ny/ny, is the ratio of the indices of refraction of the
sphere (n,) and medium (ny,). The restoring force is thus proportional to the gradient of

the light intensity.

For a laser beam with a Gaussian-shape intensity profile, the force rises linearly
with displacement near the centre of the trap. The restoring force can be then considered
as F = -kx, where ky is the stiffness of the trap. The optical trap acts like a three-
dimensional spring made out of light with a constant stiffness in the centre of the trap,
giving an harmonic potential V = (1/2)k:x?, as shown by the trap potential (Fig. 4.2b)
measured from the Brownian motion of a trapped bead (Fig. 4.2c). However, as the object
is displaced further from the trapping centre, the gradient of the laser intensity becomes
non-linear with the displacement. The force, proportional to the gradient, then rolls over
and generates a non-harmonic trapping potential outside the centre region (Fig. 4.2a).
This non-harmonic window of ~ 30-50 nm width where the force is constant to within a
few percent effectively has zero stiffness, and hence can be used to clamp the force
passively, without the need for feedback loops which can introduce experimental artifacts
(Greenleaf et al., 2005). This is the principle of the passive constant force measurement

used in our studies.
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Figure 4.2 The trapping profile of optical tweezers. The Force-displacement curves (a)
for beads held in an optical trap at different light intensity (AOD gain) showed a linear
harmonic potential (b) near the trap centre and a non-harmonic potential as the bead
moved farther out. As a result the force rolled over to generate a zero stiffness region of ~
50 nm wide (grey). The trap potential near the centre of the trap is measured from the
Gaussian position histogram (c) of a trapped bead based on the Boltzmann relation
between the probability for the displacement of a trapped bead with the potential. These
data were taken from our instrument using 600-nm-diameter polystyrene beads.
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In a typical optical trapping experiment, beads with diameters ~ 1 um are used,
and the wavelength of the trapping laser is often in the near infrared region (~ 1 um) for
the least damage to biological samples. Therefore, the above two limiting cases break
down. More complete electromagnetic theories have been developed to calculate the
force in the intermediate regime that characterizes most measurements (Rohrbach and
Stelzer, 2001, 2002). However, these theories are not considered here as the physical
principles of trapping remain the same, and the basic dependence of the force on the

gradient of the light intensity is unchanged.

4.2 Construction of ultra-stable high-resolution optical tweezers system

A dual-trap optical tweezer system with a separate detection laser (Fig. 4.3) was
used for all our measurements. A 5W, 1064-nm Nd:YVO, solid state laser from Spectra-
Physics (BL106C) was used as the trapping laser. The laser beam was separated by
polarization to generate two traps. The position of each trap was controlled independently
by one acousto-optic deflector (AOD, AA Optoelectronique) and one electro-optic
deflector (EOD, Conoptics) in each axis. The traps were moved apart during all
measurements using the EODs only, because of their highly linear response (Valentine et
al., 2008). The AODs were used to steer the beam in the perpendicular axis during
calibration processes and to control the stiffness of each trap by modulating the laser
beam intensity. Several Keplerian telescopies were used to expand the beam to fill the

objective at the back focal plane, to maximize trap stiffness (Neuman and Block, 2004).
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Figure 4.3 Design of a dual-trap optical tweezers system. The system consists of three
major parts: a trapping laser with beam steering (orange path), a detection laser with
beam steering (red path), and a microscope with detection. Two orthogonally-polarized
laser beams from the same 1064-nm laser were used to generate two traps. The position
of each trap was controlled independently by one AOD and one EOD in each axis. The
traps were moved apart during all measurements using the EODs only. The stiffness of
each trap was controlled by the AODs. Three Keplerian telescopes were used in each
laser path to expand the beam to overfill the objective lens (full width at 1/e ~ 5 mm) for
maximum stiffness. Bead positions within the traps were measured by collecting the light
from two orthogonally-polarised beams at 633 nm scattered by the beads onto
independent PSDs. The flow chamber is made by plasma-cleaned microscope slides and
cover slips with double sided tapes (yellow), with the sample channel in between. The
channel is sealed with glue (cyan) to prevent drying during the measurement. Labels in
the figure: A/2, half waveplate; PBS, polarizing beam splitter; DM, dichroic mirror; CCD,
charge-coupled device; P, polarizing film; IF, interference filter. The dashed arrows label
conjugate planes.

The position of the trapped bead is monitored by the scattered light from a
separate detection laser. In our system, a 633-nm HeNe gas laser is used as the detection
laser. This laser was coupled into a single mode optical fiber for enhanced pointing
stability, and then divided into two orthogonally-polarized beams, one for each trap. The
beams were then passed through steering lenses to control their position in the specimen
plane, collimated, expanded, and combined with the trapping beams before sending into
the microscope. Detection light scattered by the beads was separated by polarization and
collected by independent position-sensitive diodes (PSD, Pacific Silicon Sensors) for
position calibration. Further details of the construction and calibration of the optical

tweezers have been reviewed in the master's thesis of Daniel A. Foster (Foster, 2010).
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Figure 4.4 Spatial resolution. (a) A short segment of constant force data can be used to
estimate the spatial resolution of the optical tweezers. Here the data was taken from the
extension trajectory of PrP when the protein was fully folded at 9.2 pN. (b) The power
spectral density from the Fourier transform of the extension trajectory. (c) Integrated
noise from the power spectral density. Dashed lines represent the bandwidth needed to
achieve a resolution of 1 A, 3.6 A (the length of one amino acid), and 1 nm.

A system with ultra high spatial and temporal resolution is required to calibrate
the displacements and forces accurately and observe fast dynamics effectively. The
spatial resolution is limited by instabilities from two main sources: (1) environmental
factors, such as temperature stability, acoustic noise, mechanical stability and air currents;
and (2) system instabilities, such as fluctuations of the laser beams. Our system has been
designed to minimize these instabilities in several ways. First of all, the instrument is
housed in a quiet room with the temperature controlled to within 0.1 °C. Second,
measurements were made with the molecule uncoupled mechanically from the
microscope slide: the molecule was held between two beads levitated about 600 nm
above the slide surface by the traps. The sample was therefore isolated from mechanical
motions of the microscope. Furthermore, this dual-trap assay also reduced noise from
sources such as laser pointing fluctuations, by allowing differential measurement between
the two traps. Third, the effects of air currents were reduced by covering the optical paths
with plastic tubes, especially at focal points. All the arrangements implemented to our
system have been contributed to bring the spatial resolution down to sub-nanometer range
(Fig. 4.4). On the other hand, the temporal resolution of the system is limited to ~ 0.1 ms
by the bead size and trap/construct compliance. Further improvements could be made

using smaller beads and stiffer constructs.
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Figure 4.5 Experimental assay for the dual trap apparatus. A protein labeled at both
termini with Cys residues is attached to sulfhydryl-labeled DNA strands bound to beads
held in optical traps. The extension of the molecule held under tension by the traps is
measured as the protein unfolded or refolded. The force is proportional to the
displacement of the bead from the centre of the trap. Note: figures are not drawn to scale.

A macromolecule itself is generally too small to be trapped, since the trapping
force depends on the size of the molecule (Eg. 4.2). Although techniques have been
developed to trap single protein molecules (Pang and Gordon, 2012), the direct
manipulation of the molecule by force is still not available. In a standard optical tweezers

SMEFS assay, force is instead applied through micrometer-sized polystyrene beads, which
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are linked to the molecule through kilobase-long double-stranded DNA handles (~ 300
nm each) (Fig. 4.5). The handles also serve as spacers between the two traps, preventing
interactions of the molecule with the surface of the beads. A number of attachment
schemes have been developed to provide strong, specific binding. Antibody-antigen
interactions are widely used to attach the handles to the beads and a common approach
for attaching DNA handles to proteins is through a disulfide bridge (Cecconi et al., 2008).

Beads of different sizes are typically used for easy identification under the microscope.

4.4 SMFS measurements and information to be learned

In SMFS measurements, the dynamics of a molecule is monitored from the
motions of the beads in the traps. The extension of the construct as well as the force
exerted on the molecule can be derived from the relative positions of the beads with
respect to their equilibrium positions. SMFS is often done in two different regimes: non-
equilibrium force-extension curve measurements, and equilibrium constant-force
measurements. A wealth of information, such as the detailed folding pathways, the
presence of intermediate or misfolded states, the kinetics of the folding reactions, the
transition path time, the diffusion constant as well as the whole profile of the energy

landscapes can be determined from SMFS.
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Figure 4.6 Summary of FEC analysis. Analyses of FEC measurements involve WLC
fittings of different states along the folding pathway, kinetic analysis of force
distributions and rates, free energy estimation from the Jarzynski and/or Crooks theorem,
as well as full energy landscape profile reconstruction using the Hummer-Szabo
formalism.

4.4.1 Non-equilibrium force-extension curve measurements

The molecule can be unfolded/refolded while moving the traps apart/together at a
constant velocity to ramp the force up/down. The extension of the constructs (Fig. 4.5)
can be measured as we monitor the force at the same time (see appendix for a detailed
protocol of the distance and force calculation), creating force-extension curves (FECs). In
our experiments on PrP, ramping velocities between 10-300 nm/s were typically used to
generate loading rates (rate of change of the applied force) ranging from ~1-50 pN/s. The
analysis of FECs yields: (1) folding pathways and structures of states involved in terms of
contour length change; (2) kinetic rates and energy barriers; (3) estimation of free energy

changes; as well as (4) energy landscape profiles, as summarized in Fig. 4.6. Note that
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rapid changes to the force mean that these measurements are typically under non-

equilibrium conditions.

Typical FECs of a simple DNA tether, made by connecting two DNA handles
together without any other molecules in between, show a monotonic but non-linear
increase in extension with force as the handles are stretched (Fig. 4.7a). For mechanical
loads below ~ 35 pN (Gross et al., 2011), DNA elasticity can be well described by
extensible worm-like chain (WLC) model (Marko and Siggia, 1995; Wang et al., 1997),
which treats the double-stranded DNA as an entropic chain with flexible bonds. The
extensible WLC model yields the relation between the extension of the molecule (x) and

the force exerted on the molecule (F) as follows (Wang et al., 1997):

-2
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Here L, is the persistence length of the polymer, L. is the contour length, K is the stretch
modulus which accounts for the enthalpic compliance of polymers due to the stretching
of covalent bonds at higher forces. The handle FEC fits well to the extensible WLC
model at force up to ~ 40 pN, but deviates at higher forces (Fig. 4.7a) due to the twisting
effect of the double stranded DNA handles (Gross et al., 2011). At forces ~ 60 pN, the
handles become “overstretched,” generating a plateau (Smith et al., 1996) (Fig. 4.7a). At
this stage, the handles are being denatured by force and the sawtooth pattern is generated
by unpeeling of segments of the DNA handles, until the handles are fully melted and
begin to act as single-stranded DNA (Gross et al., 2011; Paik and Perkins, 2011). As a
result, the DNA-handle-based assay is only valid for studying folding events lower than
60 pN.
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When a molecule is attached, the FEC measurements provide information
regarding the folding pathways, kinetics and energy landscapes for the molecule of

interest.

1. Mapping out folding pathways and determination of contour length changes

In the presence of a molecule between two handles, the molecular structure may change
with force, for example unfolding at a certain force, causing a deviation of the actual
FECs from the WLC behavior of the handle alone. Typically, unfolding of a structure
causes an abrupt increase in extension and concomitant drop in force, which indicates an
apparently two-state cooperative unfolding process (Fig. 4.7b). The contour length
change AL, of the unfolded molecule can be determined by fitting the second part of
FECs with two WLC in series, one for the DNA handles and one for the unfolded
molecule. L, L, and K of the handle were treated as free parameters for fitting the folded
branch of the FECs, but thereafter as fixed parameters for fitting the unfolded branch. L,
and K for the unfolded biopolymers were also treated as fixed parameters when fitting the
unfolded branch of the FECs. Hence the latter fit involved only a single free parameter,
the contour length change, AL., which can be then related to the structures involved
during the unfolding event. Any intermediate state (I) should have been seen as an extra
step in between the folded native state (N) and the unfolded state (U) (Fig. 4.7b).
However, non-equilibrium FECs are usually less sensitive for mapping out the folding
pathways compared with the equilibrium constant force method, for example, as we can

see in case of RNA aptamer in the next chapter.
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2. Folding kinetics

The unfolding forces (F,) encode a wealth of information regarding the kinetics
of the folding reaction. Because of the stochastic nature of unfolding, a given molecule
will unfold at a slightly different force each time it is pulled apart, producing a
distribution of unfolding forces. This distribution can be related to the force-dependent
rate for unfolding as well as the shape of the energy landscape (the folded well and the
barrier from the folded state). The distribution, p(F), can be described very well by a
guantitative model based on Kramers theory developed by Dudko et al. (Dudko et al.,

2006):

1—}/
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where k(F)= kunfo,d[l—
is the force dependent rate introduced in the last chapter (Eq. 3.8). In these expressions,
Kunfold is the unfolding rate at zero force, Axy*" is the distance to the transition state from
the native (folded) state at zero force, AGy* is the height of the energy barrier from the
native state at zero force, r is the loading rate, kg is Boltzmann’s constant, and v is a
parameter characterising the shape of the energy barrier (v = 1/2 for a cusp-like barrier,
v = 2/3 for a softer cubic potential). Based on the same theory, the refolding force
distribution depends on the folding rates as well as the energy barrier from the unfolded

state in a similar way:
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where Axy*” and AGy*’ is the position and height of the energy barrier from the unfolded
state at zero force. Here, AX* and r are taken as negative numbers, since the extension is
decreasing and the force is ramping down during the refolding experiments. A
complementary analysis of the kinetics based on the cumulative probability of unfolding
yields the lifetime of the folded state as a function of force and hence the unfolding rate
k(F) (Dudko et al., 2008). Values of k(F) from datasets at different loading rates for the
same type of molecules collapse to a single curve (Dudko et al., 2008), that is well fit by

the same type of landscape model using Eq. 3.8.
3. Equilibrium free energy estimation

Equilibrium thermodynamic properties can be extracted from non-equilibrium
measurements. Although work is irreversibly dissipated in such measurements, the
equilibrium free energy can be reconstructed from the distribution of the non-equilibrium
work using fluctuation theorems such as the Crooks theorem (Crooks, 1999) or the
Jarzynski equality (Jarzynski, 1997). These methods have been tested through
nanomechanical measurements of unfolding transitions in single RNA hairpins (Collin et

al., 2005; Liphardt et al., 2002) and applied widely (Ritort, 2008).
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Figure 4.7 Force-extension curve measurements. (a) FECs of DNA handles alone. The
FEC deviates from the standard extensive WLC starting from ~ 40 pN. At ~ 70 pN there
is a plateau from overstretching. Although L, for long double-stranded DNA is measured
to be 50 nm, L, for short DNA may significantly differ from this number (20 - 30 nm in
our measurements). The slope after the breakage of the tether is related to the stiffness of
the trap as the bead moving back to the centre of the trap. (b) Schematic FEC (red) of
cooperative two-state unfolding between the native state (cyan) and the unfolded state
(green). In presence of intermediate, steps appear in between (purple).

The Crooks fluctuation theorem predicts a time reversed symmetry in the non-
equilibrium work done on a system. It states that the distribution of non-equilibrium work

Pu(W) associated with the forward change of a system (in our case the unfolding of a
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molecule) relates to the reverse work distribution Pr(W), corresponding to the refolding

of a molecule, via following equation:

(4.6)

M_exp(W—_AGJ,

P.(-W) kT

assuming the forward and reverse changes of the system follow the same (but time-
reversed) protocol. In FEC measurements, this protocol requires the loading rate to be the
same for the unfolding and the refolding process. Here AG is the equilibrium free energy
difference between the initial and the final state of the system. As shown in Eq. 4.6, under
equilibrium conditions, AG = W since no work is dissipated. Therefore, free energy can
be estimated by AG = <W>, given the measurement is done near the equilibrium regime.
However, since a typical FEC measurement is done in the non-equilibrium regime, from
Eqg. 4.6, AG can be determined as the work value at which the unfolding and refolding

work distributions cross, i.e. where Py(W) = Pr(—W).

The Jarzynski equality, on the other hand, provides a simple identity between the
equilibrium free energy and non-equilibrium work for a one-sided reaction (e.g. folding
or unfolding, separately, without the need to measure both). It states that the free energy
change of a system, AG, relates to the exponential average of the non-equilibrium work

done on the system, W, as follows:

o2 el )

In FEC measurements, W can be estimated from the area under the curve (integrating

force over distance). The value estimated for AG converges to the correct value as the
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number of FECs goes to infinity. However practically, the exponentially-weighted
average heavily emphasizes the low-energy tail of the work distribution, which has
contributions from only a limited number of rare events. Therefore, the Jarzynski
estimator has a systematic bias towards overestimating the value of AG. This bias
becomes larger as the measurement goes further out of equilibrium and as the number of
samples becomes smaller. Different methods have been developed to estimate the
Jarzynski bias (Gore et al., 2003; Palassini and Ritort, 2011). In the near equilibrium
regime, the bias By depends on the averaged work and the number of samples by the

following relation (Gore et al., 2003):

By = % (4.8)
in which Wy;s is the dissipated work defined as the difference between the non-
equilibrium work and equilibrium free energy difference:
W, =(W)— AG, (4.9)
and o is a decreasing function of Wi;:

In[2CW,, /KT ] (4.10)
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Here C is a constant induced by Gore et al. that defines how small the bias must be before
reaching the large N limit and was assumed to be 15 for bias calculation (Gore et al.,

2003).
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4. Energy landscape reconstruction from non-equilibrium measurements

Going beyond the determination of key parameters describing the energy
landscape, Hummer and Szabo proposed an approach to reconstructing the whole free
energy profile from non-equilibrium force-ramp measurements (Hummer and Szabo,
2001). Briefly, assume a time-dependent Hamiltonian of the single molecule pulling
system of the form H(x,t) = Hy(X) + V(x,t), where Hq(x) is the Hamiltonian of the
unperturbed system and V(x,t) is the time-dependent perturbation from the trap. The
perturbation is described in terms of the molecular extension q(x), effective trap stiffness
ks, and center position z(t) = z, + vt of the trap moving at velocity v, as:

V(x,t) = V[q(x)-z(t)] = 1/2 k[q(x)—z(t)]>. The external work along each non-equilibrium

trajectory at time t is then found from:
t

W, = jaH(X(t)t)dt k v[vt 1242, jz dt} (4.11)
0

For each FEC, indexed by k, we determine the trap position z; at discrete time t; and then

calculate the external work Wi, by numerical integration of the data using:
Wy =K V05V + 2ot =D (t; ;) (0 +9;.4,)/ 2] (4.12)
j=1

To obtain an optimal estimate of the free energy surface, averages are made over many
time slices and repeated trajectories. For each time slice t, ensembles of positions z; and
corresponding W; values are obtained. The extensions are binned with respect to the time
slices and the corresponding histogram values are weighted by exp(—Wy/kgT), leading to

the “weighted-histogram” calculation of the unperturbed molecular free energy:
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4.4.2 Equilibrium constant force measurements

FECs probe the folding dynamics out of equilibrium, due to the changing force.
To investigate the folding under equilibrium conditions, the extension of the molecule
can be measured as a function of time while the force is held constant using a force clamp
(see appendix for a detailed protocol of the distance and force calculation). Constant force
can be achieved by an active force clamp or a passive force clamp. The active force
clamp can cause instability of the force from the resonant oscillations of the system,
which is not suitable for studying fast dynamics (a good example of this in real data can
be found in a recent paper using AFM to study the dynamics of an unfolded protein
(Berkovich et al., 2012)). The passive force clamp makes use of the non-harmonic part of
the trapping potential in optical tweezers, as demonstrated previously (Greenleaf et al.,
2005). A passive force clamp maintains a constant force during the transitions themselves,
avoiding artifactual transients from feedback loop closure. As Fig. 4.8 shows, during the
transition from a typical two state system, the force changes very little (here, less than
0.07 pN; the apparent force change is probably due mostly to drift in the force signal,
which is single-ended in contrast to the differential extension measurement and hence
more susceptible to drift). The same kind of information that can be obtained from FECs
can also be recovered from the analysis of constant force measurements (Fig. 4.9),

including the folding pathways, energetic stability, kinetic rates and energy barriers, and
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energy landscape profiles, allowing the results to be checked for consistency. Meanwhile,

under the equilibrium condition provided by the passive force clamp, the folding

pathways of a molecule can be characterized in a much more detailed way, because it is

easier to detect rare or transient states from histogram and transition analysis of the

extension trajectories.
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Figure 4.8 Force remains constant during constant-force measurements. (a) Force
and extension records measured simultaneously using the passive force clamp. The force
remains unchanged whether the protein is folded (blue) or unfolded (red); no transients
are observed as the folding/unfolding takes place. (b) Histograms of the force in the
folded (blue) and unfolded (red) states are well fit by Gaussians whose peaks differ by
less than 0.07 pN.
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Figure 4.9 Summary of constant force analysis. The folding pathway analysis, kinetics
analysis of lifetime and populations, histogram analysis and transition analysis for
searching for transient states and energy landscape reconstructions can be applied to
constant force measurements. Most of the methods for researching rare or transient states
were first developed based on the work done in this thesis.

1. Map out folding pathway and detection of intermediate/misfolded states

In constant force measurements, conformational changes of a molecule are
usually accompanied by a change in extension, as shown in Fig. 4.8 for a two state
protein and in Fig. 4.10 for a three-state DNA hairpin. Since constant force measurements
are made under equilibrium conditions, the molecule will generally sample all possible
transitions between different conformations. For example, if there is an intermediate state,
I, on the folding pathway between the unfolded state U and the native state N, then it
should be seen not only as a step between U and N when the molecule unfolds or refolds,
but also as a transient excursion from U and, separately, from N (Fig. 4.10). If an
intermediate is only seen as a transient excursion from U or from N (but not both) and
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does not occur as a step between U and N, then it must represent an off-pathway state.
Constant force measurements generally provide a more sensitive way to detect rare or
transient states and map out the entire folding network compared with FEC

measurements, because they allow for more extended observation times.
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Figure 4.10 Signature of an intermediate state in constant-force measurements. (a)
An intermediate state (“I”’) on the native folding pathway could be obligate, if there is
only one pathway from unfolded (“U”) to native (“N”) (schematic at left), or non-obligate,
if there is more than one pathway from U to N (schematic at right). (b) Constant-force
measurement of a DNA hairpin with a stem sequence designed to produce a single
obligate intermediate at the location marked by the arrow. An intermediate is clearly seen
in the extension histogram. It is also seen directly in the extension record: as transient
spikes from N to | (black circle) and from U to | (green circle), as well as in the form of
brief steps during the motion between N and U (blue circle). The red box represents the
area displayed with an expanded timescale.

2. Folding free energy and kinetics

54



As introduced in chapter 3, force tilts the energy landscape, changing the relative
free energy difference between states and the height of the energy barrier. Therefore, the
thermodynamics and kinetics of different states can be determined by directly measuring
the populations and lifetimes of different states at different forces. The free energy
difference between adjacent states within the landscape can be calculated from Eq. 3.5.
The equilibrium force, F,, can be determined by fitting the probability distribution for the
unfolded state, P,(F), to Eg. 3.6. Considering that the unfolded molecule is stretched in

the presence of the force, the free energy difference at zero force can be estimated by:
AGoz Fl/z'AX(Fl/z) - AGstretch, (414)

where AGgyercn gives the energy for stretching the amino acids that unfolded in the
transition from zero force to F.,. This stretching energy can be estimated by integrating

the non-extensible version of the WLC equation, to obtain:

2 3
AGstretch(x)= kBT LC 3 L -2 L (415)
L, 4Q-x/L)| \L, L,

Whereas the kinetics for folding and unfolding at a given force must be extracted

from the distribution of unfolding forces based on theoretical models in FEC
measurements, in the case of constant-force measurements they can be read straight from
the data, by measuring the dwell times in each state between the folding/unfolding
transitions (Fig. 4.11a). Under constant force, for a two-state system characterized by a
folding/unfolding rate Keiqunfold, the probability of lifetimes follows an exponential

distribution (Fig. 4.11b):

Punfolded folded (t) oc exp (_ k fold/unfoldt)' (4.16)
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Figure 4.11 Lifetime determined from constant force measurements. (a) A
representative trajectory of a two-state folding system was separated by thresholding to
determine the dwell times in each state. (b) The lifetime distributions of the folded (cyan)
and unfolded state (pink) were well fitted with exponential functions (blue and red lines),
yielding a folding rate of 0.3 s™* and an unfolding rate of 2.5 s™ at this specific force.

The folding/unfolding rate can either be determined from the exponential fitting

of the lifetime distribution, or from the reciprocal of the mean lifetime of the

unfolded/folded state. The position of the transition state along the reaction

coordinate, Ax*, can be then determined from the force-dependence of the kinetics
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(Woodside et al., 2006b) using the Bell model, Eq. 3.7. Note that the Bell model assumes
that the location of the transition state does not move when force is applied, an
assumption that is known to be incorrect in general (Dudko et al., 2006); the more correct
expression is Eg. 3.8, which assumes motion of the transition state. However, the
assumption that the position of the barrier is force-independent is often borne out fairly
well in constant-force studies, because only a relatively narrow range of forces is
measured. As a consistency check, F, can also determined from the force at which
folding and unfolding rates are equal and compared to the value obtained from the

probability distribution Py(F).
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Figure 4.12 Point-spread function. A histogram of the extension from a constant-force
record of the reference construct lacking protein (upper graph, grey) shows the point-
spread function (PSF) of the trap fit to Eq. 4.17 for the PSF (cyan). Counting noise in the
residual (bottom graph, grey) from the histogram binning is smoothed in a 2.5-nm
window (black). The green curve illustrates how a possible short-lived state would appear.
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3. Point spread function and detection of short lived states

Special protocols have been developed in this thesis for detecting short-lived or
rare intermediate states, which are not directly visible from the extension trajectories. One
of the methods is to compare histograms of the molecular extension with the point-spread
function (PSF) of the optical trap. The PSF is the distribution of extensions that would be
expected for a construct with a fixed length, due to thermal fluctuations; it can be
measured using a reference construct consisting of just DNA handles. On our instrument,
extension records measured at constant force with a 50 kHz bandwidth for ~ 100 s
displayed distributions that were almost Gaussian but partly asymmetric (Fig. 4.12). For a
harmonic potential with fixed stiffness, the PSF should be Gaussian (Gebhardt et al.,
2010; Woodside et al., 2006a). The asymmetry we observe is due to the anharmonicity of
the trapping potential used for the passive force clamp (Greenleaf et al., 2005): the
amplitude of the Brownian fluctuations in the position of the bead is here sufficiently
large that the bead explores a significant portion of the anharmonic portion of the
potential well. The trap stiffness experienced by this bead therefore varies across the
distribution of bead positions. At high displacements from the trap centre (corresponding
to low molecular extensions) the bead visits regions of negative stiffness, thereby
decreasing the effective stiffness of the system (traps plus molecule), whereas at low
displacements (corresponding to high molecular extensions) the bead visits regions of
positive stiffness, increasing the effective system stiffness. The low-extension side of the
Gaussian distribution expected for a harmonic trap is therefore stretched out, whereas the

high-extension side is compressed.

These effects can be modeled phenomenologically by describing the PSF as a

pseudo-Gaussian function with an extension-dependent width parameter:
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Aexp| — (x=%) X > X
2(0—clx = x,|)* ’
P(x)= = , (4.17)
Aexp| — (x=%) ~ 1, X< X
I 2(a+c|x—xo|) |

Here c represents the extension-dependent stretching or compression of the distribution
width, and o represents the extension-independent component of the width. This function
fits the data very well, leaving effectively no residual other than counting noise (Fig.
4.12). When fitting extension histograms for a molecule of interest, residuals left after
fitting the PSF can be checked for consistency with the shape of the trap PSF: any PSF-

shaped residual would indicate the presence of an additional, rarely occupied state.

4. Time response, transition paths, and detection of short-lived intermediate states

In principle the extension transition in constant force measurements records the
actual transition path of the molecule during the folding/unfolding process. However in
practice, the temporal response of the current optical tweezers systems is not fast enough
to extract the real transition path signal from the molecule of interest. However,
intermediate states, such as local minimums of the energy surface along the transition
path, if there are any, might be stable enough to be observed during the brief transition
time between adjacent states. In order to search for short-lived intermediate states which
are not directly obvious within a single transition, say from N to U (or U to N), multiple
transitions must be aligned and averaged to reduce the effects of Brownian motion and
determine the shape (extension vs time) of the folding and unfolding transitions

accurately. The transitions can be aligned by fitting each transition to the logistic function,
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an analytic approximation to the Heaviside step function which empirically matches the

shape of the transitions reasonably well:

KO- Copl a0l 9

where X is the end-to-end extension, t; is the time at the centre of the transition, and o
represents the slope of the transition (as a — oo, X(t) — (1), the Heaviside step function).

The records are aligned on the t, fit values for each transition (Fig. 4.13a), and then

averaged.
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Figure 4.13 Instrument response function. (a) Fitting the folding/unfolding transitions
at constant force. The extension recorded during a single unfolding transition (red) at
constant force, is fit by Eq. 4.18 (grey). (b) The average instrument response (blue) to a
step impulse function (black) is well-approximated by the convolution of the impulse

function with a Lorentzian transfer function (red). The green curve illustrates a possible
presence of an intermediate state.

The instrument response can be determined from the response of the optical trap
to a step function signal (Fig. 4.13b, blue) using the reference DNA handle construct.
Holding the reference construct between the traps, the traps can be moved suddenly (< 1

us), and the resulting motion of the reference construct measured with the detectors. Such
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measurements reflect the intrinsic filtering effects of all aspects of the instrumentation
(including the effects of the beads and handles); they can be used to determine the

effective transfer function which smooth the actual extension change in the protein
according to O(t): X(t)® H (t) where O(t) is the observed extension record, X(t) is the

actual extension time series of the protein itself, and H(t) is the transfer function of the
instrument. We applied this method to our trap, averaging 200 measurements of the
response of the optical trap detectors as described above for the unfolding/refolding
transitions. Approximating the fast impulse used to measure the response as a true step
function, the response is described well if the transfer function is Lorentzian (Fig. 4.13b,

red); the time response of the trap is on the order of ~100 ps.

We note that the presence of a very short-lived intermediate state during the
transition would change the shape of the average extension in Fig. 4.13b. It is possible to
model the shape of the folding transition expected at constant force if an obligate
intermediate | were present. By comparing the experimental data with simulated curves,
the lifetime or the upper boundary of the lifetime of on-pathway intermediate states can
be determined, which will be discussed in Chapter 7. This approach is similar to the
method used to estimate transition times from single-molecule FRET trajectories (Chung

etal., 2012).

The transition path time for protein folding being measured to date is on the order
of a few ps, as found by computational simulation (Shaw et al., 2010) and experimental
measurement using fluorescence (Chung et al., 2012). Since this is much faster than the
time-response of the optical trap (~100 us), the actual transition of the protein is not

directly extractable. However, the transition path time can be extracted indirectly via an
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alternative method using the parameters from the kinetic analysis of the FECs and

constant force trajectories, which we will discuss in detail in Chapter 8.

5. Free Energy landscape reconstruction from equilibrium measurements

Free energy landscape profiles can be reconstructed based on equilibrium
measurements as well as from FECs. The physical principle is that the free energy AG(X)

and the probability density P(x) of the states are related by the Boltzmann factor:

AGegm(X) = —KsTIn(P(x)), (4.19)

where X is the reaction coordinate. P(x), the probability distribution of the molecular
extension, is found by measuring the extension at high bandwidth (>50 kHz) near F = F,.
This method of energy landscape reconstruction based on equilibrium method has been
validated by Woodside et al. through quantitative comparisons of the landscape profiles
measured for different DNA hairpin sequences to a parameter-free model of the
sequence-dependent landscapes (Woodside et al., 2006a). This method has been proven
to be accurate and has been applied recently to measure protein folding landscapes
(Gebhardt et al., 2010), but it is technically demanding, requiring very high spatio-
temporal resolution and stability. It is also difficult to apply for proteins with slow folding
rates, because of insufficient statistics. Furthermore, for proteins sampling different
folding pathways at the same time, the method is problematic due to the difficulty in
isolating the desired pathway from the measurement. In this case, the previous Hummer-
Szabo method may be more appropriate, because different pathways can be isolated

kinetically.
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Appendix: Optical trapping measurements

1. Calibration

Prior to any measurements, the instrument was first calibrated following standard

procedures. The stiffness of each trap was calibrated independently using three methods:

power spectral analysis of the bead position fluctuations, variance of the bead position,

and Stokes drag of the bead in the trap, as described previously (Neuman and Block,

2004). The stiffness was found by averaging the three results for many different beads.

The positions of the beads in each trap were calibrated by raster scanning beads through

the volume of the detector beam, mapping the detector voltages to the bead positions by

interpolation.
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Figure 4.14 The distance and force calculations in SMFS measurements.
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2. FEC measurements

FEC measurements were performed by moving the two trapping beams apart or
together at a constant speed by modulating the voltage on the EOD. Typically, the trap
stiffnesses were 0.3 and 0.9 pN/nm. The speed of trap separation was typically 10-300
nm/s, generating a loading rate (rate of change of the applied force) ranging from ~1-50
pN/s. Data were sampled at 20 kHz, filtered online with an 8-pole 10 kHz Bessel filter,

and averaged over each step.

For FECs, the real-time position was tracked for only one of the beads using the
PSDs, following a method described previously (Abbondanzieri et al., 2005). The
displacement of the bead with respect to the centre of the trapping laser (Fig. 4.14) is dx,
= Xo + dXo, Where X, is the position of the bead and dxq, is the position of the trap TO in
the detection space. Force was calculated based on F = ky-dxo, where kK is the stiffhess of
the trap TO. The position of the bead in trap T1 was inferred from the trapping force F
measured in TO: X; = dX; - dX11 = F / Ky - dxtq, in which dxy; is the position of the trap
T1 and k; is the stiffness of T1. The extension (Fig. 4.14) of the molecule was then

calculated from:

Extension = dxdetection laser T X1 = Xo - I'veado - Ibeadt

= dxdetection laser T ((kO'(XO + dXTO)) / kl - dXTl) = Xo = INbeado = INoead1

where dXgetection 1aser 1S the separation between the centre of the two detection lasers, which
can be calibrated in advance, rpeaqgo (410 nm) and rpeaq; (300 Nm) are the radius of the two

beads, ko and k; are the calibrated stiffnesses of the traps, dxy; is the real-time motion of
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the trap T1 (the control parameter of the measurement). The only measured quantity is

thus X.
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Figure 4.15 Force calibration using DNA hairpins for constant force measurements.
The AOD amplitude corresponding to the F., of each of the DNA hairpin was measured
at constant force for three different molecules and averaged. The nonlinear relation
between the AOD amplitude and the laser power was also characterized to be Power =
2.3339-ao0dgain - 0.18333-aodgain’. Finally, the F,, of each hairpin from previous studies

(Woodside et al., 2006b) was plotted against the laser power and a linear relation was
obtained.

3. Constant force measurements

Constant force measurements were made using a passive force clamp (Greenleaf
et al., 2005), following a previously-described approach (Abbondanzieri et al., 2005;
Greenleaf et al., 2008). Data were typically sampled at 50 kHz and filtered online with a
25 kHz 8-pole Bessel filter. The stiffnesses of the traps were usually set to be 0 and 0.3
pN/nm. The position of beads in both TO and T1 (X, and x,) were measured in real time

independently. The extension of the molecule (Fig. 4.14) was then calculated based on:

Extension = dXdetection laser + X1 = Xo = Ibeado = Fbead1-
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The extension in constant force measurements thus represents the differential signal of
the traps, in which the relative motions between the two traps were eliminated. Because
the forces inferred from the calculated stiffness of the traps contained systematic errors in
the constant force measurements, we also calibrated the force (Fig. 4.15) by comparing to
the folding of standard DNA hairpins which were found previously to fold/unfold over

forces ranging from 5 to 20 pN (Woodside et al., 2006a; Woodside et al., 2006Db).
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5. SMFS of the add adenine riboswitch relates folding to

regulatory mechanism’

This chapter demonstrates SMFS can be used to measure the hierarchical
folding/misfolding and map the energy landscape, using a relatively well understood
RNA riboswitch molecule as an example. Riboswitches regulate gene expression via
ligand binding to an aptamer domain which induces conformational changes in a
regulatory expression platform. By unfolding and refolding single add adenine riboswitch
molecules in an optical trap, an integrated picture of the folding was developed and

related to the regulatory mechanism (Neupane et al., 2011).

5.1 Introduction of the add adenine riboswitch

Riboswitches are gene regulatory elements in mRNA which modulate gene
activity by sensing the concentration of associated small metabolites (Baird and Ferré-
D'Amaré, 2010; Coppins et al., 2007; Roth and Breaker, 2009). Found in a wide range of
organisms, they are often bipartite in structure, consisting of an aptamer domain which
senses the target ligand and an expression platform which modulates gene expression.
Ligand binding stabilises the aptamer domain through changes in secondary and/or
tertiary interactions, typically switching the structure of the expression platform between

two alternatives and thereby altering transcription, translation, splicing, or other processes

* A version of this chapter has been published. Neupane, K., Yu, H., Foster, D. A. N.,
Wang, F. and Woodside, M. T. Single-molecule force spectroscopy of the add adenine
riboswitch relates folding to regulatory mechanism. Nucl Acids Res 39, 7677-7687 (2011).
In this work, H.Y. built the instrument with D.A.N.F., performed experiments and
analyzed data with K.N.. RNA riboswitches were made by F.W. and D.A.N.F.
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during expression (Baird and Ferré-D'Amaré, 2010; Coppins et al., 2007; Roth and

Breaker, 2009).

The purine riboswitches are among the smallest and structurally simplest
riboswitches, yet collectively they still demonstrate much of the variety of mechanisms
used by more complex riboswitches (Kim and Breaker, 2008). For example, the xpt
guanine riboswitch controls expression via transcription termination (Mandal et al., 2003),
the pbuE adenine riboswitch through transcription anti-termination (Mandal and Breaker,
2004), and the add adenine riboswitch through translation activation (Serganov et al.,
2004). Despite such different mechanisms, the aptamers of these riboswitches all have
very similar structures: a “tuning-fork™ architecture wherein the purine binding site is
located at a specific residue in a pocket formed at the junction of three helices, two of
which are hairpins interacting via kissing loops and aligned on top of the third helix (Fig.
5.1) (Batey et al., 2004; Serganov et al., 2004). Comparative studies of these riboswitches
thus provide an opportunity to investigate the molecular features involved in their

different regulatory mechanisms (Lemay et al., 2011).

Previous studies have investigated various different features of the purine
riboswitch aptamers, such as the ligand specificity (Mandal and Breaker, 2004; Noeske et
al., 2005) and its structural basis (Gilbert et al., 2006; Noeske et al., 2005; Rieder et al.,
2007), the kinetics of the loop-loop interaction (Lemay et al., 2006), the Mg?*-
dependence of the folding (Buck et al., 2010), the folding energy landscape (Greenleaf et
al., 2008), the structural changes upon ligand binding (Gilbert et al., 2006; Noeske et al.,
2007; Ottink et al., 2007; Stoddard et al., 2008), and the ligand binding/dissociation rates
and energies, for both the aptamer and the full-length riboswitch (Lemay et al., 2011;

Rieder et al., 2007; Wickiser et al., 2005a). The relation of aptamer folding to regulatory
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mechanism has been less well studied, however, whether in purine riboswitches or more
generally. The pbuE riboswitch has been shown, along with the FMN riboswitch, to
function via kinetically-controlled folding of the aptamer in competition with ligand
binding and transcription (Greenleaf et al., 2008; Lemay et al., 2011; Lemay et al., 2006;
Wickiser et al., 2005a), while the folding kinetics of the preQ; riboswitch aptamer
suggest that transcription regulation is achieved instead by ligand-induced
thermodynamic changes (Rieder et al., 2010). The add riboswitch has been confirmed to
control translation in vitro and in vivo, with expression levels indicating that regulation
does not require transcription-translation coupling (Lemay et al., 2011). To date, however,
little has been done to characterise the interaction between an aptamer and its
corresponding expression platform, a key question for understanding and manipulating

riboswitch function (Zhang et al., 2010).

(b)

Figure 5.1 The structure of add adenine riboswitch. The add riboswitches control
translation by adopting different conformations. (a) In “ON” state, the aptamer (yellow)
is fully folded and the expression platform is unfolded. The adenine (A) binding site is in
the P1 loop. The ribosome binding site is exposed for the ribosome (green) to bind. The
gene is on. (b) In “OFF” state, the expression platform (cyan) is fully folded and the
aptamer is partially unfolded. The ribosome binding site is buried and the gene is off. The
sequences of the aptamer, expression platform and the full length riboswitch used in this
study are listed in Table 5.1. Figure courtesy of Krishna Neupane.
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We addressed these issues by using SMFS to observe the folding and unfolding
trajectories of individual add riboswitch molecules from Vibrio vulnificus held under
tension in a high-resolution optical trap. We first built an integrated picture of folding in
the aptamer alone, similar to previous force spectroscopy work on the closely-related
pbuE adenine riboswitch aptamer (Greenleaf et al., 2008). Since these riboswitches have
very similar aptamer structures but work by completely different regulatory
mechanisms—translation activation (add) rather than transcription anti-termination
(pbuE)—we can begin to discern which aspects of the folding arise from shared structural
features and which may be important for the different regulatory mechanisms. We then
extended these measurements to the complete riboswitch, probing the interaction between
aptamer and expression platform and thereby demonstrating that the regulation is likely

controlled by the folding thermodynamics.

5.2 RNA constructs

RNA constructs were created by inserting the sequence for the add aptamer alone,
expression platform alone, or full-length riboswitch into the pMLuc-1 plasmid. A 77-bp
DNA fragment coding for the add adenine riboswitch aptamer and 3 flanking nucleotides
on each side (see Table 5.1) was inserted between the BamH | and Spe | sites of a
pMLuc-1 plasmid (Novagen). A 2,226-bp, linear, double stranded (ds) DNA transcription
template was amplified by PCR from this plasmid, with a T7 promoter placed in the
upstream primer. The completed template consisted of 1,289 basepairs (bp) of linker
sequence upstream of the aptamer, followed by the aptamer itself, and then an additional

842 bp of linker downstream of the aptamer. These 2,208 bp of DNA were transcribed
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with MEGAscript high yield transcription kit (Ambion). The resulting transcription
template containing the riboswitch (or its constituent parts) flanked by linker regions on
either side was amplified by PCR and transcribed in vitro. Two single stranded (ss) DNA
handles designed to be complementary with the upstream and downstream linker
sequences flanking the add A-riboswitch aptamer were created by asymmetric PCR
(Saiki et al., 1986): primary PCR was first performed with both forward and reverse
primers for each handle on its own, then the purified ds PCR products were used as
templates in asymmetric PCR reaction with only one primer present. The 3" end of the
DNA handle complementary to the upstream (5” end) linker section of the transcript was
labelled with dig-ddUTP using terminal transferase (Roche). The DNA handle
complementary to the downstream (3") linker of the transcript was functionalised with

biotin on the 5" end of the PCR primer.

The RNA transcript and the two ssDNA handles complementary to the linker
sequences on either side of the aptamer were annealed by gradually increasing the
temperature to 85°C, then stepping down to 62 and 52°C for 90 minutes each in a thermal
cycler. The RNA-DNA hybrid thereby created consisted of a 1,289-nt RNA-DNA duplex
handle labelled with digoxigenin at one end, 77 nt of RNA containing the aptamer, and a
842-bp RNA-DNA duplex handle labelled with biotin at the other end. The aptamer is
separated from the duplex handles by 3 nt of unstructured ssSRNA, to uncouple
interactions between the handles and the aptamer. Constructs containing the expression
platform alone and the full-length riboswitch were created in the same way, using either a
58-bp DNA insert coding for the add adenine riboswitch expression platform, or a 117-bp
insert coding for the full-length riboswitch, in both cases with flanking nucleotides on

each side (Table 5.1). The RNA constructs were prepared by Feng Wang.
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Table 5.1 Sequences of RNA molecules measured: add riboswitch aptamer (cyan),
expression platform (green), full-length riboswitch (red represents the overlapping
between the aptamer and the expression platform), and oligomer sequences
complementary to portions of the aptamer.

Aptamer 5-CGCGGCTTCATATAATCCTAATGATATGGTTTGGGAGTTTC
SEQUENCE | TACCAAGAGCCTTAAACTCTTGATTATGAAGTCTGT-3!
The single-stranded linkers to the duplex handles are listed in italics.

Expression | 5-CCATTATGAAGTCTGTCGCTTTATCCGAAATTTTATAAAGA
platform | - \ A GACTCATGAATCCC-3

Full-length | 5-CGCGGCTTCATATAATCCTAATGATATGGTTTGGGAGTTTC
SEqQUENCE | T ACCAAGAGCCTTAAACTCTTGATTATGAAGTCTGTCGCTTT
ATCCGAA ATTTTATAAAGAGAAGACTCATAAATC-3'

Oligomers complementary to aptamer

complementary to junction J2/3 between P2 and P3 5-GTAGAAAC-3'
(46-53)

complementary to 5’ strand of P1 (13-22) 5-ATATGAAGCC-3'

complementary to 5’ strand and loop of P2 (25-38) 5-CCATATTATTAGGA-3'

complementary to loop and 3’ strand of P3 (59-72) 5-CAAGAATTTAAGGC-3'

The final hybrid constructs were diluted to a concentration of 160 pM and mixed
with equal volumes of 600-nm and 820-nm diameter polystyrene beads (Bangs) at
concentrations of 250 pM. The smaller beads were coated with avidin DN (Vector Labs),
and the larger beads were coated with polyclonal anti-digoxigenin (Roche). The bead-
construct mixture was incubated for 1 hour at room temperature, then diluted 100-fold
into RNase-free measuring buffer: 50 mM MOPS pH 7.5, 130 mM KCI, 4mM MgCl,,
and 200 U/mL RNase inhibitor (SUPERase*In, Ambion). An oxygen scavenging system

consisting of 40 U/mL glucose oxidase (Sigma), 185 U/mL catalase (EMD), and 250 mM
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D-glucose (Sigma) was also included in the buffer. The diluted dumbbells were placed in

a flow chamber prepared on a microscope slide, and inserted into the optical trap.

5.3 Folding intermediates of the aptamer

First the aptamer alone was measured, using FECs and trajectories at constant
force to identify states in the folding pathway. The optical trapping assay is illustrated
schematically in Fig. 5.2a. Three FECs measured in the absence of adenine (Fig. 5.2b:
black, blue, and red lines) display typical features: the force, F, at first rises nonlinearly
with extension due to the elasticity of the double-stranded (ds) handles (Liphardt et al.,
2001; Smith et al., 1996), until characteristic “sawtooth” patterns occur when the length
increases abruptly due to unfolding of different parts of the aptamer (Liphardt et al.,
2001). Four states are seen with different contour lengths. The change in the contour
length associated with each unfolding transition, AL, was found by fitting the aggregated
FEC data from hundreds of pulls on the same molecule (Fig. 5.2b: grey dots) to two
extensible WLC models (Wang et al., 1997) in series, one for the ds handles, and a
second for the unfolded ss RNA (Eq. 4.3) (Seol et al., 2004). The average values of AL,
determined from more than 5,200 FECs measured on 4 different molecules were:

AL; = 39.6 £ 0.5 nm from the fully folded state (labelled “F”, purple line) to the fully
unfolded state (labelled “U”, yellow line), AL, = 19 £ 1 nm from F to the shorter
intermediate (labelled “P2P3”, cyan line), and AL, = 30.3 + 0.5 nm from F to the longer
intermediate (labelled “P3”, green line). All uncertainties quoted in this thesis represent

standard error on the mean (s.e.m.).
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Figure 5.2 Force spectroscopy of add aptamer alone. (a) RNA containing the
riboswitch aptamer flanked by two kilobase-long handle sequences was annealed to DNA
strands complementary to the handles and attached to beads held in optical traps. (b)
FECs in the absence of adenine reveal 2 intermediate states corresponding to the
unfolding of everything except hairpins P2 and P3, followed by hairpin P2. Three FECs
(black, blue, red) are plotted above the aggregated data from 700 FECs (grey dots).
Worm-like chain fits are shown for the four states: F—fully-folded (purple); U—fully-
unfolded (yellow); P3—P3 folded (green); and P2P3—both P2 and P3 folded (cyan). (c)
Adenine binding resulted in similar behavior but higher unfolding forces. State P2P3 was
observed less frequently if at all. (d) The extension as a function of time at different
levels of constant force in the absence of adenine reveals 5 distinct states corresponding
to the major structural features: fully-unfolded at the largest extension (“U”), then P3
folded (“P3”), then both P2 and P3 folded but no loop-loop interaction (“P2P3”), then the
P2-P3 kissing loop complex (labelled “P1_U”, P1 unfolded), and finally fully-folded
(“F”). Only short segments of the full records are displayed. (e) Histograms of the full
extension records show force-dependent occupancies of the states. The P1_U state always
has low occupancy.

We related these states to the unfolding of distinct structural elements in the
aptamer (Fig. 5.2b, inset) via the AL, values expected from these structures:
AL = Npe- L™ — Any-dy, where N, is the number of nucleotides unfolded, L™ = 0.59 nm is
the contour length/nt for ssSRNA (Saenger, 1984), An,, is the number of RNA helices
removed during unfolding, and d, = 2.2 nm is the diameter of the A-form dsRNA helix
(Saenger, 1984). The AL, values expected for different structures are listed in Table 5.2,
alongside the measured values. We found excellent agreement with the expected value
for full unfolding (F to U), confirming that the aptamer is being completely unfolded. P1
unfolding by itself was not observed, but the intermediate labelled P2P3 matched the
result expected for unfolding P1 and the loop-loop interaction (i.e. everything but P2 and
P3). The last intermediate (labelled P3) was in good agreement with the expectation for
unfolding everything except P3. Notably, whereas state F never reformed once it was
unfolded in a given FEC, multiple transitions between states P2P3, P3, and U were often
observed (Fig. 5.2b), indicating much faster kinetics for hairpins P2 and P3 than for helix

P1 and the junction.
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Table 5.2. Aptamer unfolding contour length changes. The expected contour length
changes from unfolding different structural components of the aptamer are listed, along
with the values obtained from analysis of FECs in the presence and absence of adenine.
Uncertainties represent the standard error.

Transition FtoU FtoP1 U | FtoP2P3 | FtoP2 F to P3
AL, expected 39.7 nm 10.6 nm 20.5nm 29.5nm 30.7 nm
(71 nt) (18 nt) (31 nt) (50 nt) (52 nt)
AL. measured | 39.6 £ 0.5 nm 19+ 1 nm 30.3+0.5
(no adenine) nm
AL, measured | 40.1+0.8 nm 20.6 +0.8 30.4+04
(with nm nm
adenine)

However, since hairpins P2 and P3 differ by only 2 nt in length, additional
confirmation for this state was obtained using an anti-sense DNA oligomer
complementary to the 5’ stem and loop of hairpin P2 to block P2 folding, and another
complementary to the loop and 3’ stem of hairpin P3 to block P3 folding (sequences listed
in Table 5.1). FECs measured in the presence of 10 uM of the P2-blocking oligomer (Fig.
5.3a, red) show that indeed the only unfolding transition that occurs is the one at the
highest forces which had been previously identified by the extension change as P3. The
contour length change for this remaining transition corresponds to 19.5 + 0.5 nt from 550
FECs. Since 19 nt are expected for P3, these results confirm the identification of the P3
folding transition. In contrast, FECs measured in the presence of 10 uM of the P3-
blocking oligomer (Fig. 5.3a, blue) show a single unfolding event but with a longer
contour length change: 22 £+ 1 nt determined from 165 FECs, matching the 21 nucleotides
expected for P2 unfolding. Just as importantly, the unfolding force distribution for P2 (i.e.
P3 blocked: Fig. 5.3b, blue) was significantly different from the distribution for P3 (i.e.

P2 blocked: Fig. 5.3b, red). We compared the distribution of unfolding forces for the
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transition attributed to P3 in Fig. 5.1 (Fig. 5.3b, black) to the distributions expected for P2
unfolding (Fig. 5.3b, blue) or P3 unfolding (Fig. 5.3b, red). It clearly matches the
distribution expected for P3 unfolding, and is inconsistent with the distribution for
unfolding P2, further confirming that the identification of the transitions in Fig. 5.2 is

correct.
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Figure 5.3 Confirmation of hairpin folding identification using anti-sense oligos. (a)
FECs under normal conditions (black) and with a DNA oligomer bound to the loop and 5’
stem of hairpin P2 (red) and an oligo bound to the loop and 3’ stem of hairpin P3 (cyan).
The normal high-force unfolding transition (black) is the same as the transition with P3
unfolding (red), and P2 unfolding (cyan) is distinct from P3 unfolding (red) as it occurs at
lower force. (b) Unfolding force distributions for P2 unfolding (cyan), P3 unfolding (red),
and unfolding without blocking oligomers (black). The high-force unfolding distribution
without oligomers (black) overlaps with P3 unfolding (red). P2 unfolding is at lower
force, distinct from the P3 unfolding. (c) Under constant force, again only the high force
transition is seen when the oligomer is bound (red), confirming that this transition
involves P3 folding.
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Similar behavior was observed when measurements were repeated in the
presence of saturating adenine concentration (200 uM >> Kp ~ 600 nM (Rieder et al.,
2007)), as shown in Fig. 5.2c. In this case, the aptamer was held at F ~ 0 for 5 s between
FECs to ensure that adenine binding occurred (Greenleaf et al., 2008). The principal
change due to adenine binding was an increase in the typical unfolding force for the fully-
folded state, and a concomitant reduction in the population of the intermediate states;
P2P3 was often not observed. The average contour length changes between states,
measured from over 3,000 FECs on 8 different molecules, were found to be identical to
the results above within experimental uncertainty, indicating the same intermediates as

when adenine is absent (Table 5.2).

To characterise the intermediate states in greater detail, folding trajectories were
measured at constant force using a passive force clamp (Greenleaf et al., 2005). The
aptamer was first fully unfolded at high force then the force was reduced in discrete steps,
measuring the molecular extension while maintaining a constant force after each step for
up to 1 minute to observe equilibrium behavior. The force was stepped down until the
aptamer was fully folded. In the absence of adenine, transitions between 5 different
extensions were observed (Fig. 5.2d), indicating 5 separate structural elements forming in
apparently sequential order. The populations of these states changed as the force was
reduced, as seen from histograms of the extension (Fig. 5.2e), with the more-folded states
(at shorter extensions) becoming more populated at lower forces. All five states could,

however, be observed coexisting in equilibrium at F ~ 10 pN.

Analogously to the FEC analysis, the states were identified by converting the
extension changes between them into the number of nucleotides folded, using

Npe = [AX(F) + Any-din])/Axq(F), where Axq(F) is the extension/nt at a given force. The first
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folding transition from the unfolded state, at F ~ 11-14 pN (Fig. 5.2d, red), involved
19.0 + 0.4 nt, precisely the number expected for hairpin P3. The second transition (at

F ~10-12 pN) involved 21.3 + 0.4 nt, matching the expectation for P2. These are the
same partially-folded intermediates seen in the FECs (P3 and P2P3). However, the
constant force measurements were sufficiently precise so as to be able to distinguish
between P2 and P3: the standard error on the mean number of nucleotides involved in the
transitions was only 0.4 nt. Hence the 2-nt length difference between P2 and P3
represents 5 standard deviations, and misidentification is extremely unlikely.
Nevertheless, to confirm the identification, once again we measured the folding at
constant force using 10 uM of an anti-sense DNA oligomer complementary to
nucleotides 25-38 (the 5’ arm and loop of hairpin P2; sequence listed in Table S1) to
prevent formation of P2. In this case, we should observe P3 folding but none of the other
states, since they all depend on the folding of P2. As seen in Fig. 5.3c, the oligomer
indeed prevented all folding transitions except the one occurring at the highest forces,
which was identified from both the force range and the extension change (19.8 + 0.5 nt)
as being P3 folding. The last two transitions displayed very different behavior. At F < 9—
10 pN, the aptamer folded into a long-lived state 30.3 + 0.7 nt shorter than P2P3 (Fig.
5.2d, yellow). Since only 31 nucleotides remain unfolded once P2 and P3 have formed,
this must be the fully-folded state F. Before F formed, however, a rarely- and transiently-
occupied state ~ 5 nm shorter than P2P3 was typically seen (Fig. 5.2d, green), at the
extension expected when the loop-loop interaction has formed to pre-organise the binding
pocket and only P1 is unfolded (8.6 + 0.7 nt of folding measured from P2P3, 8 nt
expected). We identify this as the P1 unfolded state (labelled “P1_U” in Fig. 5.2d). This

state was the only one not observed in the FECs.
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Table 5.3. Constant force results. “P3” represents folding of hairpin P3, “P2” represents
folding of hairpin P2, “P1_U” represents the P1-unfolded state, “NAF” represents
complete folding in the absence of adenine, and “AF” represents complete folding in the
presence of adenine.

FOIdmg AX AX Fl/z |n(k1/2) AGil/z AXif AXiu
transition | (nm) (nt) (pN) (s™ (kcal/mol) | (nm) (nm)
P3 52+ 19.0+ 129+ 42+01 [43+£01 |27% 41+
0.2 05 0.2 0.2 0.3
P2 6.3+ 21.3+ 10.8 £ 41+01 |44+01 |25+ 46+
0.2 0.5 0.2 0.3 0.4
P1_U 51+ 8.6+0.6 | 10.1+ 43+02 [43+01 |21+ 39+
0.2 0.2 0.2 0.2
NAF 7.7+ 22+1 10+2 2+1 61 N/A N/A
0.4
AF 7.7+ 22+1 N/A N/A N/A N/A N/A
0.4

When 200 uM adenine was added, the qualitative behavior of the aptamer was
unchanged, with the same progression of states seen at similar forces. The principal
differences involved helix P1: it folded at a slightly higher force, and most prominently,
its lifetime was greatly increased. Indeed, once P1 folded in the presence of adenine, it
was never observed to unfold again (on the typical timescale of ~1 min) without a large
force increase. Adenine thus clearly shifts the equilibrium for P1 folding, moving the
mid-point between folded and unfolded P1, F.,, to a higher force that is above the
equilibrium for formation of the kissing loops and possibly even hairpins P2 and/or P3.
As a result, with adenine bound it was not possible to observe equilibrium folding of P1
under constant force. The results of the constant force analysis are summarised in Table

5.3.
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5.4 Energy landscape of the aptamer

Using the measurements above, we reconstructed the 5-state folding landscape of
the aptamer. Because P1 folding was never in equilibrium in the presence of adenine, we
first used the Jarzynski equality (Jarzynski, 1997) to determine from the FECs the free
energy change between F and P2P3. The free energy for unfolding P1, the binding pocket
junction, and the kissing loop complex was found to be 10 + 1 kcal/mol without adenine
and 18 £ 2 kcal/mol with 200 uM adenine. The free energies of secondary structures can
be calculated using mfold (Zuker, 2003), with an estimated 25% reduction to account for
the different buffer ionic strength and temperature for our measurement conditions
(Liphardt et al., 2001). Therefore, the prediction for the stability of P1 and the junction
loops is —11.5 kcal/mol at 37 °C and 1 M monovalent salt, which would be equivalent to
~ —8.6 kcal/mol in our experiments. Comparing the free energy of the aptamer with and
without tertiary contacts, our results indicate a stabilisation energy of ~ —1.5 kcal/mol
from tertiary interactions that form in the absence of adenine (principally the loop-loop
complex), and a more substantial —8 kcal/mol of additional stabilisation upon adenine
binding. This is consistent with NMR results showing some tertiary interactions without
adenine but considerable stabilisation of tertiary interactions upon adenine binding (Buck
et al., 2007; Noeske et al., 2007), with a binding energy of ~ —8 kcal/mol as calculated

from dissociation constants obtained by fluorescence studies (Rieder et al., 2007).
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Figure 5.4 Unfolding force distributions and force-dependent rates determined from
FECs. (a) The unfolding force is higher with adenine bound (red) than without adenine
(blue). Solid lines: fits to Eq. 4.4. Error bars show standard deviation. (b) Unfolding rate
as a function of force, fit with Eq. 3.8. Error bars show s.e.m. The barrier to unfolding is
located at the first base triple between P1 and the junction loop (inset, red).

We next found the height and location of the barrier for unfolding P1 by
analysing the distributions of unfolding forces from the FECs. Representative unfolding
force distributions measured at similar loading rates (~ 40 pN/s) with and without adenine
(Fig. 5.4a) show a typical increase of several pN in unfolding force upon adenine binding.
These distributions are well fit by the Dudko model (Eg. 4.4) (Dudko et al., 2006).

Cumulative probability analysis yielded the lifetime of the folded state as a function of
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force and hence the unfolding rate k(F) (Dudko et al., 2008), which was well fitted by the

same type of landscape model using Eq. 3.8 (Fig. 5.4b).

Distributions measured at loading rates ranging from 5-400 pN/s, with and
without adenine, were analysed by both methods. We averaged the results obtained under
the two limiting cases for the shape of the energy barrier (v = 1/2, v = 2/3), since this
shape is unknown. The unfolding rate at zero force was found to be 1.5x107 s™ (log
Kunfola = —4.8 + 0.1) without adenine and 3x107 s (10g Kunforg = —6.5 + 0.4) with adenine
bound. The barrier height was 12.3 £ 0.4 kcal/mol without adenine, and 16 + 2 kcal/mol
with adenine bound. The barrier position did not depend on adenine binding:

Axn* = 6.2 + 0.6 nm with adenine and 6.1 + 0.5 nm without. Since sSRNA has an
extension of 0.40-0.45 nm/nt in the force range 12-20 pN matching the most probable
unfolding forces, this result places the transition state for unfolding at 7-8 bp along helix
P1. A comparison to the crystal structure of the ligand-bound aptamer (Serganov et al.,
2004) reveals that the transition state is located next to the first basepair in P1 involved in
triplex interactions with the junction loops: nucleotides U20:A76 in P1 and U49 in the
loop, shown in red in Fig. 5.4b (inset). These interactions therefore appear to act as

structural keystones preventing unfolding.

Finally, these FEC results for P1 unfolding were combined with the constant
force results for all the other transitions to reconstruct piecewise the energy landscape for
the native folding pathway of the aptamer at a constant force of F = 10.8 pN, with and
without the binding of an adenine molecule (Fig. 5.5). The transitions other than P1
unfolding were analysed as sequential two-state processes. The relative positions and

energies of the states were determined from constant-force extension histograms, whereas
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the positions and heights of the energy barriers between states were determined from the

force-dependent kinetics (Greenleaf et al., 2008; Woodside et al., 2006Db).

i % j@ —J(Ps_ :"
1 pg I

~ E. \‘ P1 / / & }’5"\ /
@ 1 \ A ! \ /
c [ I X ! N e
o “‘ A / \ / LY /' A af
5| 4 "Ry B N u

\
L \ /Wlth X _ P2P3 P3

2nm
% + o [ 2 kealimol
Extension

Figure 5.5 Folding energy landscapes of the add aptamer. The key features of the
energy landscapes for the 5-state native folding pathway were reconstructed from
piecewise two-state analyses of each transition. Energies and positions are plotted with
reference to the P2P3 state. Error bars show s.e.m. Dotted lines indicate notional

landscape shapes in the presence (red) and absence (black) of adenine. Cartoons indicate
the structural features associated with each state.

5.5 Misfolded states in the aptamer

Intriguingly, an additional set of states with different extensions and distinct
features (Fig. 5.6a) was observed occasionally at medium forces (~ 10 pN). Most
prominent was a long-lived state labelled “M” in Fig. 5.6a. This state was observed for all
molecules, independent of adenine concentration (Fig. 5.b6e), occurring at a rate of ~ 1
min™ with a lifetime of ~ 1-10 s. Within state M, additional transient folding events were
also seen, such as the spike labelled “M3” in Fig. 5.6a, with lifetimes of ~ 10 ms. The
extension change from U to M, determined from extension histograms (Fig. 5.6f),
corresponds to 31 + 1 nt of folded RNA. This does not match the length of any structural

feature in the regular folding pathway of the aptamer. As the aptamer almost always (~ 95%
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of the time) entered and exited this state via the fully unfolded state, rather than any of the
partially folded intermediates, we therefore attribute it to an off-pathway, “misfolded”

structure.

A search of suboptimal structures using mfold (Zuker, 2003) and Hotknots
(Andronescu et al., 2003) revealed two possible candidates for state M: a potential
pseudoknot involving 29 nucleotides that would normally form hairpin P2 and the 5" end
of P1, or a hairpin made from 32 nucleotides which would normally form the 3’ stem of
P2 through to the 5’ stem of P3 (Fig. 5.6b). By using anti-sense oligos to block in turn the
5" stem of P1 and the 8-nt junction loop between P2 and P3 (J2/3), we found that M still
forms when P1 is blocked (Fig. 5.6¢) but not when J2/3 is blocked, indicating that M is
the hairpin, not the pseudoknot. Evidence for at least two additional, transient folding
transitions out of state M was found from the extension histograms (Fig. 5.6d): one to a
state that is 2.6 = 0.5 nm shorter than M (labelled “M2”) and another to a state that is
7.1 £ 0.5 nm shorter (“M3”). These distances are consistent with two of the extra
misfolded states that may form along in concert with M (inset, Fig. 5.6d): an 11-nt
hairpin causing an extension decrease of 2.5 nm (M2: nucleotides 24-34) and a 16-nt

helix-bulge decreasing the extension by 6.5 nm (M3: nucleotides 30—36 and 69-77).
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Figure 5.6 Misfolded states. (a) Occasionally a state with extension between P3 and
P2P3 (labelled “M”) forms from the unfolded state. It does not lead to any of the other
states on the pathway to the natively folded state F—it begins and ends at U—Dbut it does
lead occasionally to other misfolded states with different extensions, such as the state M3.
(b) Two potential misfolded structures include a pseudoknot (nucleotides 17-45) and a
hairpin (37-68). (c) With a DNA oligomer bound to the 5’ strand of P1, the misfolded
state still occurs, indicating that misfolding does not involve the pseudoknot. The P1_U
state is still observed even when P1 is prevented from forming. (d) Extension histograms
of the off-pathway, misfolded states reveal 3 distinct misfolded states which are well fit
by Gaussian distributions. Insets: structures associated with each state. (e) The same
misfolded states were observed with adenine present as without adenine. (f) The
extension change from the unfolded state (U) to the misfolded state (M) was determined
from extension histograms.
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Figure 5.7 Folding pathways of the aptamer. The native pathway involves sequential
formation of hairpins P3 and P2, then the P2-P3 kissing loop complex (P1_U), and finally
the fully-folded aptamer. 0.3% of the time the unfolded state folds into state M,
preventing formation of the adenine binding pocket and leading to other off-pathway,
misfolded states.

The misfolded state clearly prevents the adenine binding site from forming,
which would negate the regulatory ability of the riboswitch. However, we do not expect
state M to be biologically relevant: its folding rate is much slower than that of P2 and P3,
and it forms only very rarely in our in-vitro assay (only ~ 0.3% of the folding transitions
initiated from U go to M). It would likely form even more rarely co-transcriptionally,

because P2 would be expected to fold first. Numerous RNAs are known to misfold into
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non-native structures simply due to the rugged energy landscape generated by alternative
patterns of basepairing (Russell, 2008), although few have been studied with single-
molecule methods allowing individual trajectories to be followed (Li et al., 2007; Russell
et al., 2002). Combining all the results above, we can build an integrated picture of the

alternative pathways, each with multiple states (Fig. 5.7).

5.6 Full length riboswitch

In order to probe the interaction between the aptamer and the expression platform,
we also made constructs containing the full riboswitch sequence, consisting of the
aptamer plus the expression platform. FECs were measured by pulling the traps apart
until the riboswitch unfolded, then rapidly bringing the traps together, waiting 5 s for
folding and ligand binding, and repeating. FECs measured in the presence of 200 uM
adenine (Fig. 5.8a) look very similar to FECs of the adenine-bound aptamer alone: the
riboswitch unfolds between two principal states at relatively high force, with an unfolding
force distribution (Fig. 5.8¢) that matches the result found for the adenine-bound aptamer
(Fig. 5.4a, red). The contour length change between the two states, determined from
WLC fits to 990 FECs from 2 molecules, was AL, = 40.7 + 0.5 nm. This is very close to
AL, for complete unfolding of the aptamer alone (39.7 nm), indicating that the aptamer is
almost always folded, the expression platform is unstructured, and the riboswitch is in the

“on” state for gene expression (Fig. 5.8a, inset).
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Figure 5.8 FECs of the full-length riboswitch. (a) With adenine bound, the aptamer is
folded (“on” state) and the contour length change is the same as for the aptamer alone.
Solid lines: fits to “on” (grey) and unfolded (green) states. Inset: secondary structure in
the “on” state. (b) Without adenine, the expression platform is folded (red, blue, brown)
more often than the aptamer (black). Solid lines indicate fits to “on” (grey), “off”
(orange), and unfolded (green) states. Dotted lines indicate partially-folded intermediates
of the aptamer alone: P1_U (blue), P2P3 (pink), and P3 (cyan). Inset: secondary structure
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in the “off” state. (¢) The unfolding force distribution of FECs measured with adenine
present matches that expected for the adenine-bound aptamer. Red line: fit to Eq. 4.4. (d)
The unfolding force distribution without adenine reveals two sub-populations. The
higher-force peak (black) comes from curves initially in the “on” state and matches the
distribution expected for the adenine-free aptamer (red line: fit to Eq. 4.4). The lower
peak (orange) comes from curves initially in the “off” state and matches the distribution
expected for the expression platform alone (brown line: fit to Eq. 4.4). (¢) Unfolding
force distribution of the expression platform alone (brown line: fit to Eq. 4.4). The most
likely force is lower than for the “off” state in (d) due to a 15-fold lower loading rate.

When no adenine is present, the signature of aptamer unfolding is still observed
some of the time (Fig. 5.8b, black), but a majority of the FECs display qualitatively
different behavior (Fig. 5.8b: red, blue, and brown). These two sub-populations of
unfolding behavior are reflected very clearly in the unfolding force distribution, which
reveals two distinct peaks for the force of the first unfolding event in each curve (Fig.
5.8d). The higher-force peak (Fig. 5.8d, black) results from the curves where the contour
length change indicates the aptamer is initially folded and the riboswitch is “on” (Fig.
5.8b, black). Fits to this part of the distribution using Eq. 4.4 (Fig. 5.8d, red) return the
parameters expected for the adenine-free aptamer (compare to Fig. 5.4a, blue),
confirming the identification of the state as “on”. The riboswitch was observed to be “on”
approximately 35% of the time, even though no adenine was present. This “leakage” rate
under conditions that should turn the expression off is within the typical range of rates for
similar regulatory elements such as transcription terminators (Nojima et al., 2005;

Reynolds et al., 1992).

The lower-force peak is due to the other, majority class of FECs (Fig. 5.8b: red,
blue, and brown), which lack the single prominent sawtooth feature seen for the aptamer
alone and display instead a larger number of smaller, repeated unfolding/refolding
transitions. In these curves, the first unfolding event occurs at considerably lower force

(~ 5-8 pN) than for the “on” state, as seen from the unfolding force distribution (Fig. 5.8d,
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orange). The contour length of these curves also starts off shorter than that of the “on”
state: fitting the low-force region of these FECs to a WLC model (Fig. 5.8b, orange)
reveals AL, =52.2 + 0.9 nm to the fully-unfolded state (Fig. 5.8b, green), measured from
1989 FECs on 4 molecules. This agrees well with the value of 53.4 nm expected for
unfolding the full riboswitch in the “off” state, assuming that the expression platform is
folded as well as P2, P3, and the loop-loop complex (Fig. 5.8b, inset). The low unfolding
force observed is also consistent with unfolding the expression platform, since its three
bulges and low G:C content reduce its mechanical stability (Woodside et al., 2006a;
Woodside et al., 2006b). Indeed, the low-force peak of the distribution in Fig. 5.8d
matches the unfolding force distribution measured using constructs that contain the
expression platform alone, shown in Fig.5.8e (1400 FECs on 2 molecules). With no
adenine present, we observed the riboswitch to be in the “off” state ~ 65% of the time.
Interestingly, the riboswitch is in the “on” state ~ 2.5 times more frequently when adenine
is present than when it is not, matching well the ~ 3-fold increase in expression levels

observed in vitro (Lemay et al., 2011).

In the FECs measured without adenine, the riboswitch is seen to fluctuate
between 6 different states: the 5 states of the aptamer alone and the “off” state with the
expression platform folded. Indeed, what looks like noise in the FECs between the “off”
state and the unfolded state is consistent with frequent inter-conversion between the
different partially-folded states of the aptamer, shown in Fig. 5.8b as dotted lines.
However, the unfolding of the full riboswitch from the “off” state is not simply sequential,
as for the aptamer alone, even though the unfolding force for the expression platform is

several pN lower than that of any other structural element of the riboswitch. Instead, the
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presence of two alternative, fully-folded states is observed directly, through switching

between the “on” and “off” states.
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Figure 5.9 Switching and ligand binding. A riboswitch, initially “off” in the presence
of adenine, switches several times between “off” and “on”, eventually binding adenine
and remaining in the thermodynamically more stable adenine-bound “on” state before
unfolding completely.

Examples of this behavior are seen in Fig. 5.8b (brown curve at ~ 6 pN, blue
curve at ~ 8-9 pN). It is even seen very occasionally with adenine present, as in Fig. 5.9.
Here, the riboswitch is initially folded in the “off” state (without adenine bound), but at
F ~ 5 pN the contour length twice increases briefly to the “on” state value before
returning to the “off” state, i.e. the folded expression platform is transiently replaced by a
folded P1. A last switching event is seen at ~ 7 pN, when the “off” state unfolds to the
contour length expected for the P1-unfolded state (i.e., with repressor hairpin completely
unfolded) before P1 folds to produce the “on” state one last time. Adenine clearly binds
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to the aptamer soon thereafter, since the “on” state is stabilised and does not unfold until

a high force characteristic of the adenine-bound state.

5.7 Discussion

These results provide new insight into the relation between folding and functional
mechanism in the add riboswitch, both at the level of the aptamer alone as well as the
full-length riboswitch, especially through comparison to previous results for the pbuk
riboswitch (Greenleaf et al., 2008). While the two riboswitches have aptamers with very
similar structures, they operate by quite different mechanisms: translation activation for
add as opposed to transcription anti-termination for pbuE. Comparison of the behavior of
the aptamers reveals many commonalities due to the similar structures, but also some
important differences. In both cases, a total of 5 states was observed, and the aptamers
were found to fold sequentially: first the two hairpins (P2 and P3) form, then the loop-
loop interaction, and finally P1. Crucially, the helix P1—which acts as the mechanical
switch—is the last part of the molecule to fold. In both cases, this helix is strongly
stabilised by adenine binding, whereas the energetic and kinetic properties of the other
states are not affected (Fig. 5.5). The reconstructed energy landscapes are in fact
guantitatively very similar, due to the extensive structural and sequence similarities

between the two aptamers.

The landscapes in Fig. 5.5 also highlight some of the important differences
between the aptamers. First, the order of folding of the two hairpin loops is reversed: P3
folds at higher force than P2 in the add aptamer, vice versa for the pbuE aptamer. This

effect was predicted by simulations (Lin and Thirumalai, 2008) and is due to the different
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relative stabilities of the helices P2 and P3 in the two different aptamers. More
fundamental is the difference in stability of helix P1. In the add aptamer, P1 is similar in
stability to P2 and P3 even in the absence of adenine (F., ~ 10 pN) and it has a low
unfolding rate at F = 0 (Kustoia ~ 10° s™). In contrast, P1 in the pbuE aptamer is quite
unstable without adenine bound (F., = 3 pN) and has an unloaded unfolding rate ko that
is 10,000 times higher. As a result, the pbuE aptamer is much more susceptible to strand
invasion by the expression platform, the process which is required to form the terminator

hairpin and switch the gene off.

The different stabilities of P1 appear to be related directly to the different
functional mechanisms of the riboswitches. For the pbuE riboswitch, the conformation
with the terminator hairpin folded and aptamer unfolded is the most stable
thermodynamically, regardless of whether or not adenine is bound to the aptamer. Both in
vitro (Greenleaf et al., 2008; Lemay et al., 2006; Wickiser et al., 2005b) and in vivo
(Lemay et al., 2011) measurements point to a mechanism whereby the outcome of
riboswitch folding (and hence level of gene expression) is governed by a competition
between the kinetics of aptamer folding, ligand binding, and transcription elongation. In
such a situation, an unstable P1 is what is needed to permit strand invasion on a timescale
competitive with transcription rates. Kinetic control of riboswitch folding has also been
demonstrated for the FMN riboswitch (Wickiser et al., 2005b). Our measurements on the
full-length add riboswitch, in contrast, show quite clearly that the thermodynamically
stable conformation switches upon adenine binding: the state with the aptamer folded and
expression platform unfolded (“on”) is dominant, and hence most stable, when adenine is
bound, but the state with the expression platform folded and aptamer partially-unfolded is

dominant when adenine is not bound. Results such as those in Fig. 5.9 encapsulate the

94



essence of the folding of this riboswitch: the RNA inter-converts from “off” to “on”, with

the outcome ultimately determined by thermodynamic changes due to ligand binding.

It was previously suggested, based on the adenine-binding ability of the full-
length riboswitch as well as mfold (Zuker, 2003) predictions of secondary structure
energies for the “on” and “off” states, that the “off” state is more stable than the “on”
state without adenine but still readily fluctuates into the “on” state in equilibrium (Lemay
et al., 2011; Rieder et al., 2007). Our observations directly show that this is, in fact, the
case. Given that the “off” state is occupied ~ 1.7 times more often than the “on” state in
the absence of adenine, the “off” state is more stable by ~ 0.3 kcal/mol without adenine
bound. This agrees within error with our estimate of the energy difference between the
“on” and “off” states obtained by adding to secondary-structure energy calculations the
energies we measured for tertiary interactions and ligand binding. The secondary
structure alone is predicted to be more stable by 1.4 kcal/mol in the “off” state (—17.9
kcal/mol) than in the “on” state (—16.5 kcal/mol). In the absence of adenine, tertiary
structure in the “on” state (mostly the loop-loop interaction) brings another —1.5 kcal/mol
of stability. However, since the loop-loop interaction can still form when P1 is prevented
from folding (as seen by using the P1 blocking oligomer, Fig. 5.6¢), the difference
between “on” and “off” states remains unchanged. Since adenine binding provides an
additional stability of —8 kcal/mol, with adenine bound the “on” state is more stable by
6.6 kcal/mol, whereas without adenine the “off” state is more stable by 1.4 kcal/mol.

Errors in these numbers are estimated at ~ 1 kcal/mol.
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Figure 5.10 Folding kinetics and riboswitch mechanism. (a) The aptamer refolding
rate as a function of force without adenine is determined from the distribution of
refolding forces when ramping the force down from denaturing values. Error bars show
s.e.m. Red line: fit to Eq. 3.8. (b) The fraction of unfolding FECs in the off state as a
function of refolding time at low force in the absence of adenine shows an exponential
rise as the riboswitch structure equilibrates into the more stable “off” state.

In order to demonstrate that the regulatory mechanism of this riboswitch is
controlled thermodynamically, we also measured the kinetics of the folding. We first
determined the folding rate of the aptamer (the “on” state) at F = 0 from refolding FECs
measured in the absence of adenine while ramping the force from ~ 20 pN (where the
aptamer is completely unfolded) down to 0 pN. 1227 refolding FECs were measured, and
the cumulative folding probabilities were analysed (Dudko et al., 2008) as in Fig. 5.4b.
The average refolding times plotted as a function of force (Fig. 5.10a) were then
extrapolated to zero force by fitting to Eq. 3.8, resulting in an unloaded folding rate of
~ 30 s™. Since transcription in vivo occurs at a typical rate of ~ 40-50 nt/s (Proshkin et al.,
2010; Vogel and Jensen, 1994) and the expression platform contains 40 nt, this folding
rate implies that the aptamer should fold completely, well before the repressor hairpin has
even been partially transcribed, regardless of adenine binding. Hence the riboswitch
always starts in the “on” state.
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Figure 5.11 Schematic of the riboswitch mechanism. The aptamer folds rapidly before
the expression platform is transcribed, regardless of adenine binding. If adenine binds to
the aptamer, it stabilises the “on” state of the riboswitch (aptamer folded, ribosome
binding site exposed). Without adenine binding, the “on” state is unstable and
equilibrates into the “off” state (P1 unfolded, ribosome binding site sequestered). RBS:
ribosome binding site. RNAP: RNA polymerase.

Since adenine binding locks the riboswitch into the “on” state with a large
binding energy and low unfolding rate, then if the riboswitch is to act as a switch, clearly
the “on” state must be able to equilibrate into the “off” state rapidly in the absence of
adenine, before the ribosome binds the Shine-Dalgarno sequence. To determine this
equilibration rate, 5,012 FECs were measured on 11 molecules while varying the time
spent waiting at low force to permit equilibration, from 0.3-5 s. An exponential fit to the

fraction of molecules found in the “off” state as a function of time (Fig. 5.10b) yielded an
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equilibration time of 1, = 0.2 + 0.1 s. The ribosome binding time is not well known, but a
lower bound (even for coupled transcription and translation) is provided by the time
required to transcribe the mRNA footprint for the ribosome. Footprinting studies and
crystal structures (Huttenhofer and Noller, 1994; Yusupova et al., 2001) imply this
involves another ~ 15 nt downstream of the 3’ end of the riboswitch expression platform,
requiring ~ 0.3 s at typical transcription rates (or 1.5 T¢q). Hence the “on” and “off” states
should be substantially (if not completely) equilibrated by the time the ribosome binds,

strongly supporting a thermodynamically-controlled regulatory mechanism.

The picture of the riboswitch mechanism suggested by our results is summarised
in Fig. 5.11. During the transcription of the expression platform, the riboswitch folds into
the “on” state. If adenine does not bind to the aptamer after the expression platform is
fully transcribed, the “on” state is no longer thermodynamically stable and the riboswitch
equilibrates rapidly into the lower-energy “off” state, repressing gene expression but still
allowing the “on” state to be populated at an appreciable level. If adenine does bind to the
“on” state, then it becomes greatly favoured thermodynamically and the riboswitch stays

3 2

on-.
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6. Prion misfolding and diseases

6.1 The prion hypothesis

Prions are the only known infectious agent composed solely of proteins, without
nucleic acid (Prusiner, 1998). The term “prion”, meaning proteinacious infectious particle,
was originally coined to denote the causative agent for a group of progressive
neurodegenerative disorders called transmissible spongiform encephalopathies (TSES),
also now known as the prion diseases, such as Creutzfeldt-Jakob disease (CJD) in
humans, bovine spongiform encephalopathy in cattle, chronic wasting disease in deer and
elk, and scrapie in sheep (Colby and Prusiner, 2011; Prusiner, 1998). The majority of
human prion diseases are sporadic, caused by some undetermined origins. About 15%
(Colby and Prusiner, 2011) run in families (Gerstmann-Straussler-Scheinker syndrome
(GSS), fatal familial insomnia (FFI) and familial CID), coming from gene mutations.
What makes the prionopathies special is that they are infectious. That is, they can be
caused by exposure to contaminated material, such as prion-infected beef. Examples of
infectious prion diseases include kuru, variant CJD and iatrogenic CJD. Although rare in
humans (annual incidence of one or two per million (Zerr, 2013)), the unusual “protein-
only” nature of prion diseases and their connection to food items like beef and venison

have attracted intensive research and clinical interest.

According to the protein-only hypothesis (Griffith, 1967; Prusiner, 1982), the
infectious misfolded isoform of PrP, which is known as PrP*, is able to replicate itself by
recruiting the natively-folded PrP®, to form additional PrP*°, thereby permitting
transmission between individuals and species. This templated conformational change is

thought to be the basic mechanism underlying the propagation of prion disease. PrP*
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shares the same primary sequence with PrP®, but with different secondary and tertiary
structures. The infectious information is stored in the conformation of the protein, rather
than in its genetic material. The most recent evidence to support the protein-only
hypothesis is the recent success to generate prion diseases using recombinant PrP in
combination with other cofactors such as phospholipid and RNA, where the infectious

components are highly controllable (Wang et al., 2010).

Beyond this general conceptual framework of the protein-only hypothesis, the
microscopic details of prion propagation remain unresolved and controversial. The native
structure of PrP has been solved, but central problems that remain unsolved include: (1)
what is the nature of PrP; (2) what is the mechanism of the PrP®-PrP*° conversion; (3)

how does prion misfolding cause disease.

6.2 PrP® native folding

The knowledge of native folding structures, mechanisms, and pathways may
provide clues for understanding the molecular origins of prion misfolding. PrP€ is a 35-
kDa membrane-associated protein. Its cellular function remains elusive and controversial
(Westergard et al., 2007), although the high conservation of PrP® sequence and structure
(Wuthrich and Riek, 2001) suggests the importance of PrP in evolution. PrP is encoded
by the Prnp gene as a 254-residue nascent protein (Fig. 6.1a). During post-translational
processing, a N-terminal 22-amino-acid signal peptide which targets PrP to the plasma
membrane (Oesch et al., 1985) and the C-terminal 23-amino-acid peptide are removed.
PrP can be variably glycosylated at two N-glycosylation sites and a
glycophosphatidylinositol (GPI) anchor is attached to the C-terminus of the protein, as a
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feature of cell surface proteins (Lawson et al., 2005; Rudd et al., 2002). The fully
processed protein is shortened to 209 residues when bound to the plasma membrane by
the GPI anchor (Stahl et al., 1987). Although these post-translational modifications have
been shown to be related to pathogenic conversion of PrP (Priola and Lawson, 2001),
they are not necessary prerequisites for PrP*® formation, as suggested by the generation of
infectious material using bacterially-expressed PrP® lacking glycosylation via protein

misfolding cyclic amplification (PMCA) (Wang et al., 2010).

The native structure of PrP® (Wuthrich and Riek, 2001) has been solved by NMR
as a monomer for a range of species: including mouse (Riek et al., 1996), Syrian hamster
(James et al., 1997), bovine (Lopez Garcia et al., 2000), human (Zahn et al., 2000), other
mammalian species (Christen et al., 2009; Gossert et al., 2005; Lysek et al., 2005; Perez
et al., 2010; Wen et al., 2010), as well as chickens, turtles and frogs (Calzolai et al., 2005).
PrP® has proven to be very hard to crystallize, but one crystal structure of PrP® has been
solved, yielding a domain-swapped dimer (widely viewed as a crystal artifact) (Knaus et
al., 2001). Additionally, a few structures of PrP®-antibody complexes have also been
published (Antonyuk et al., 2009; Baral et al., 2012; Eghiaian et al., 2004). PrP® is
composed of an unstructured N-terminal tail, comprising residues 23-125 in hamster PrP
(which is the target of our work), and a globular C-terminal domain covering residues
126-228. The unstructured region contains multiple metal binding sites and can become
structured upon binding Cu** (Davies and Brown, 2008). The globular domain contains 3
a-helices and 2 short B-strands (Fig. 6.1c). There is a single disulfide bond between
cysteine 179 and 214, which has been thought to be important in keeping the secondary
structure of PrP intact. In particular, disulfide-free PrP was found to be incapable of
folding properly in ensemble measurements (Maiti and Surewicz, 2001). However, from
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our results, the disulfide bond is not, in fact, necessary for PrP° to fold into PrP° (chapter
7); likely the difference is that the single-molecule assay prevents aggregation as a
competing pathway. Interestingly, work on the folding of other disulfide-containing
proteins has found that native folding precedes the formation of disulfide bonds, which
tends to happen at a later stage of the folding process under reduced conditions (Kosuri et
al., 2012). Therefore, it is not unreasonable that PrP could fold natively without the

disulfide bond if aggregation could be prevented.

While the native structure is known, the folding pathway to reach the native state
remains disputed. A partially-folded on-pathway intermediate has long been proposed to
mediate misfolding (Cohen et al., 1994), and partially-native structures are a feature of
several models of PrP* (DeMarco and Daggett, 2004; Gossert et al., 2005). However, the
experimental evidence for on-pathway intermediates is conflicting: some studies found
only two-state folding, e.g. using fluorescence and CD spectroscopy (Robinson and
Pinheiro, 2009), stopped-flow chemical denaturant (Wildegger et al., 1999) or fast
temperature jump (Hart et al., 2009) at pH 7-8, whereas others were consistent with the
presence of intermediates at both neutral and acidic pH (Apetri et al., 2006; Apetri and
Surewicz, 2002; Jenkins et al., 2008; Kuwata et al., 2002; Martins et al., 2003). A more
complicated pH-dependent folding pathway was also suggested in a few publications.
Specifically, unfolding of PrP was observed to be two state at neutral pH, whereas as the
pH is lowered, the unfolding pathway shifted to a three-state transition (Khan et al., 2010;

Swietnicki et al., 1997).
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Figure 6.1 The structure and sequence of PrP. () Domain structure of the full
sequence of PrP. The fragment 90-231 that is protease-resistant in PrP* is denoted by the
black box. (b) Sequence and secondary structure of SHaPrP(90-231) construct used in
our study. The secondary structure and key functional areas (e.g. His tag, Cys residues for
DNA handle attachments) are annotated on the amino acid sequence. (c) The native
structure (James et al., 1997) consists of 2 short B-strands near the N-terminus (strands 1
and 2), 1 short a-helix (helix 1), and two long a-helices (helices 2 and 3) at the C-
terminal end of the protein.

6.3 PrP misfolding and aggregation
PrP*° shares the same primary sequence but adopts an alternative conformation as
PrP®. Upon protease digestion, PrP> usually produces a protease-resistant 142-amino-

acid core with approximately 67 amino acids from the N-terminus being cleaved, termed
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as PrP 27-30 (McKinley et al., 1991). PrP 27-30 retains the infectivity and mice
exclusively expressing the protease-resistant part 90-231 of PrP are still susceptible to
prion disease (Fischer et al., 1996), indicating the N-terminal 23-89 segment is not
necessary for prion propagation. Meanwhile, the principal structural reorganization
during the conversion has been shown to involve the entire protease-resistant part of PrP
molecule (Smirnovas et al., 2011).Therefore PrP 90-231 (Fig. 6.1b) is widely used to
study the conformation transition between PrP® and PrP* (Gong et al., 2011; Grabenauer

et al., 2010; Jenkins et al., 2009).

Other than the general fact that PrP*° is a more B-rich isoform (Caughey and
Raymond, 1991; Pan et al., 1993), much less is known about its structure and folding
pathways compared with PrP®. The problem of understanding prion replication at a
biophysical level can be reduced crudely to two principal questions,: (1) what is the
structure of PrP**? and (2) what is the mechanism of PrP®-PrP conversion? A definitive
structure for PrP> has proven elusive. PrP can aggregate into a wide variety of different
forms, including various oligomers (Silveira et al., 2005; Simoneau et al., 2007) as well
as amorphous aggregates (Pan et al., 1993) and amyloid fibrils (Prusiner et al., 1983).
Soluble oligomers early in the aggregation pathway are in many cases believed to be the
neurotoxic species (Silveira et al., 2005; Simoneau et al., 2007), rather than the mature
fibrils (Colby and Prusiner, 2011). However controversy remains about which species are
responsible for toxicity, which are infectious, and whether infectivity and toxicity are tied

together.

Structural information about the PrP oligomers thought to be toxic is not
available, instead various models have been proposed for the amyloid fibers into which

PrP*° aggregates. The structure of the misfolded aggregates have been characterized by
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low resolution methods such as CD spectroscopy, AFM (Anderson et al., 2006), X-ray
fiber diffraction (Nguyen et al., 1995; Wille et al., 2009), or electron microscopy image
reconstruction (Govaerts et al., 2004). These have revealed fibrils typically tens of
nanometers in diameter (Anderson et al., 2006; Nguyen et al., 1995) with extensive cross-
B struxtures (Govaerts et al., 2004; Wille et al., 2009). Atomic-resolution structures of a
non-mammalian prion fibrillar state were also available from sold state NMR and X-ray
crystallography. A left-handed p-helical structure has been found in amyloid fibrils of
prion-forming domain of the HET-s protein (Wasmer et al., 2008), and a distinct cross-f8
spiral structure has been found in amyloid fibrils formed from aggregation-prone peptides
of PrP (Sawaya et al., 2007) and the yeast prion protein (Nelson et al., 2005). Based on
these biophysical and biochemical evidences, a number of models have been proposed for
prion fibrils (Cobb et al., 2007) as well as PrP*>* (DeMarco and Daggett, 2004; Govaerts
et al., 2004). However, although fibrils are commonly found in prion diseases, amyloid

formation is not an obligatory feature of the disease (Wille et al., 2000).

Uncertainty about the structure of PrP> has also made the question about PrP to
PrP% conversion difficult to address. Different models have been proposed about the
mechanism of PrPC-PrP*° conversion, including the seeded polymerization model (Come
et al., 1993; Lansbury and Caughey, 1995), template-assisted replication models (Cohen
et al., 1994; Cohen and Prusiner, 1998), or hybrids of these (Soto, 2005). In a seeded
nucleation process, fluctuations of PrP® monomers produce a rare, non-native
conformation able to slowly form an ordered, misfolded oligomer which then recruits and
stabilizes additional monomers. However, in the template-assisted replication model, the
conformation of PrP* is copied with the assistance of chaperone proteins, which haven't
been identified to date (Colby and Prusiner, 2011). The clarification of different
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conversion mechanisms will rely on the effective characterization of the PrP early

aggregation process, i.e., what happens when PrP first misfolds and aggregates.

We can re-frame the question in terms of what folding pathways are available to
PrP, which of these lead to misfolding and aggregation, and how these pathways change
in response to stimuli (such as protein-protein or ligand-protein interactions) that are
known to affect conversion. Several studies have characterized oligomeric species
involved in the early stages of prion amyloid formation at the ensemble level (Jain and
Udgaonkar, 2008; Redecke et al., 2007; Sokolowski et al., 2003). However, since the
initial events in conversion are likely rare, or transient, it is challenging to resolve key
features of this process using traditional methods, owing to ensemble averaging effects.
Conditions required for such rare or transient states to accumulate sufficiently to be
detectable (e.g. the use of chemical denaturants to stabilize non-native states) may result
in further aggregation, leading to results that are difficult to interpret. Furthermore, PrP
can aggregate into a wide variety of different forms (Aguzzi et al., 2007), likely via many
different pathways. The difficulties in observing intermediates and distinguishing
different pathways can be solved by applying single-molecule techniques, to investigate

the misfolding and conversion of PrP (Yu et al., 2013).

6.4 Mutations and prion diseases

At least 30 point mutations in Prnp gene have been associated with prion
diseases. These mutations are the origin behind the heritable forms of prion diseases such
as familial CJD, GSS and FFI (Mead, 2006; van der Kamp and Daggett, 2009). In these

cases, one or more mutations cause cells to favour producing PrP*, however the detailed
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mechanisms by which the mutation cause disease are not clear. These pathogenic
mutations must influence the protein structure somehow, resulting in an increased

propensity to produce abnormal prions.

Various studies have probed the effects of mutations on the stability, folding, or
cellular interactions of PrP (van der Kamp and Daggett, 2009). Some mutations were
believed to affect stabilities of specific substructures or interactions (e.g. salt bridges,
hydrogen bonds). For example, the E200K mutation, which is related to familial CJD,
destabilizes the two large helices 2 and 3 (Gallo et al., 2005) and changes the surface
electrostatic potential (Zhang et al., 2000) without affecting the overall stability of the
protein (Swietnicki et al., 1998). D178N, a well-studied mutation involved in diseases
such as familial CJD and FFI, affects important salt bridges and internal hydrogen-
binding interactions inside the molecule. Meanwhile, the regions around the two native -
strands is also destabilized by this mutation, although the overall fold stays largely the
same (Watanabe et al., 2008). Some mutations are believed to affect the overall folding of
PrP® as well. The F198S mutation leaves a “hole” in the hydrophobic core of PrP,
resulting in a significant decrease in thermodynamic stability (Liemann and Glockshuber,
1999) and an increased propensity for PrP* conversion (Vanik and Surewicz, 2002). The
no-internal-Cys mutation (C179A/C214A) was originally designed to elucidate the role
of the disulfide bridge in the stability and folding of PrP. Previous studies showed this
mutation results in molten globule-like properties for PrP, with a partial loss of native a-
helical structure and increased propensity towards aggregation attributed to the absence
of the disulfide bond (Maiti and Surewicz, 2001). However, our current results (chapters
7 and 8) contradict these earlier interpretations and suggest that removing the disulfide

has little effect on the native folding of PrP, in the absence of aggregation.
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There are several mutations that significantly destabilize the PrP conformer in
favor of an inferred folding intermediate (Apetri et al., 2004) that is postulated to be a
PrP*° precursor (Apetri et al., 2006; Apetri and Surewicz, 2002): for example F198S,
Q217R, R208H, D178N, V180I, V210I. These mutations greatly increase the aggregation
propensity, possibly by reducing the barrier for PrP> formation, which makes them
possible candidates for elucidating the mechanism of prionopathies underlying familial

prion diseases.

6.5 Single-molecule studies of PrP

Because of their distinct advantages in measuring energy landscapes and
observing rare or transient species directly, single-molecule methods provide a powerful
tool for probing the complex folding pathways found in prion misfolding, especially for
characterizing early stages of PrP misfolding and aggregation process. In the single-
molecule regime, individual PrP monomers, oligomers, or fibrils can be distinguished
from one another as structural sub-populations and characterized independently. A
variety of probes is available to monitor the structure, stability, and dynamics of the
protein, based most commonly on fluorescence or force measurements, as introduced in
chapter 3. FRET is a very sensitive probe of protein conformation and dynamics
(Greenleaf et al., 2007), as shown by an elegant FRET study of the prion-determining
NM domain of the yeast prion protein Sup35. These studies found that Sup35 takes on an
ensemble of rapidly-interconverting structures (Mukhopadhyay et al., 2007). To our
knowledge, however, single-molecule FRET has not yet been applied to PrP.

Fluorescence probes can also monitor the formation and growth of oligomeric aggregates,
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for example by measuring the size-dependent diffusion of oligomers via fluorescence
correlation spectroscopy (FCS) or the inter-molecular FRET signals from differently-
labeled proteins as they aggregate. FCS has been used to follow oligomerization in
conjunction with ensemble methods, observing a multi-step process starting with -
structured dimers (Post et al., 1998). It has also been used to study the interaction of PrP
with antibodies, with applications aimed at ultra-sensitive prion detection (Bieschke et al.,

2000; Birkmann et al., 2006; Fuijii et al., 2007).

Force spectroscopy, with its particular advantages for studying misfolding and
aggregation, has started to be applied in prion research. The first force spectroscopy study
of PrP used AFM to pull apart amyloid fibrils made from recombinant human PrP(90-231)
(Ganchev et al., 2008). Fibrils were adsorbed to a mica surface, and the gold-coated AFM
tip was bonded covalently to the thiol group of a cysteine engineered near the N terminus
of the protein, thereby pulling on one of the PrP monomers comprising the fibril.
Increasing the force on this monomer, part of the protein was found to stretch like an
unstructured WLC polymer before the monomer was ultimately plucked out of the fibril
core at ~100-200 pN of applied force. By measuring how the force for removing the
monomer changed with the pulling speed of the AFM (Evans and Ritchie, 1997), the
unfolding of the PrP monomer from the amyloid was shown to share certain
characteristics typical of B-structured proteins, as opposed to the helical structure of PrP°.
More interestingly, from the length of the unstructured WLC the authors were able to
postulate the location of the edge of the B-sheet core of the amyloid. Their results
contradicted the predictions of two popular structural models of PrP amyloid (DeMarco
and Daggett, 2004; Gossert et al., 2005) which retain substantial native-like helical

structure near the C terminus, but was consistent with a different model in which the
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native C terminus is completely restructured (Cobb et al., 2007; Smirnovas et al., 2011).
Most recently, nanopore force spectroscopy was used to explore the structural dynamics
of the wild-type and a pathogenic mutant of PrP (Jetha et al., 2013). The current
fluctuations were monitored as a single PrP molecule was captured electrophoretically
through an organic a-hemolysin nanometer-scale pore, allowing discrimination between
the wild-type and the D178N mutant of PrP®. To describe the kinetics of the molecule

inside the pore, a four-state model was proposed.

The most in-depth force-spectroscopy studies of the dynamics of PrP folding and
misfolding to date, however, are those using optical tweezers that | describe in this thesis.
The folding of isolated PrP monomers has been extensively characterized, revealing a
two-state native folding pathway and three distinct misfolding pathways. By joining two
PrP molecules together, the ability of interacting PrP molecules to form non-native
structures was also studied. We found that the folding pathway of PrP in the context of
individual dimers was dramatically altered from the normal native folding. The energy
landscapes of natively-folded monomers and misfolded dimers were measured, revealing
detailed mechanisms for the folding and misfolding of PrP. These results demonstrate the
potential of single-molecule analysis to probe the detailed kinetics and conformational

dynamics of misfolding and aggregation of PrP, as well as other disease-related proteins.
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7. Direct observation of multiple misfolding pathways of

PrP monomers.

In this chapter, we applied SMFS to observe directly the misfolding of PrP
monomers. By measuring folding trajectories of single PrP molecules held under tension
in a high-resolution optical trap, we found that the PrP native folding pathway involves
only two states, without evidence for partially-folded intermediates which have been
proposed to mediate misfolding. Instead, frequent but fleeting transitions were observed
into off-pathway intermediates. Three different misfolding pathways were detected, all
starting from the unfolded state. Remarkably, the misfolding rate was even higher than
the rate for native folding. A mutant PrP with higher aggregation propensity showed
increased occupancy of some of the misfolded states, suggesting these states may act as

intermediates during aggregation (Yu et al., 2012b).

7.1 Sample preparation

In order to observe misfolding directly in single PrP molecules, we applied our
standard SMFS assay (Fig. 4.5) by attaching kilobase-long DNA handles to the protease-
resistant fragment (residues 90-231) of Syrian hamster PrP (SHaPrP), and then bound the
handles specifically to polystyrene beads held in optical tweezers. Proteins were
engineered with cysteine residues at each terminus and expressed in E. coli. After

expression, cell pellets were resuspended in buffer A (6M GnHCI, 10mM Tris, 100mM

* A version of this chapter has been published. Yu, H., Liu, X., Neupane, K., Gupta, A.
N., Brigley, A. M., Solanki, A., Sosova, I. and Woodside, M. T. Direct observation of
multiple misfolding pathways in a single prion protein molecule. Proc Natl Acad Sci USA
109, 5283-5288 (2012). In this work, H.Y. built the instrument, performed experiments
and analyzed data. Handle attachment protocols were mostly developed by X.L.. Proteins
were provided by A.M.B., A.S. and I.S..
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NaH,PO,, 10mM reduced glutathione, pH 8.0) and sonicated for 2 minutes. The lysate
was centrifuged, filtered, and then purified by FPLC (GE Healthcare) using a Ni-NTA
column. After rinsing the protein bound to the column with buffer A, PrP was refolded on
the column using gradient exchange from buffer A to buffer B (10mM Tris, 100 mM
NaH,PQO,, pH 8.0). Impurities were removed with by rinsing on column with buffer C (10
mM Tris, 200 mM NaH,PO,4, 50 mM imidazole, pH 8.0). The refolded PrP was then
eluted with buffer D (10 mM Tris, 100 mM NaH,PO,, 500mM imidazole, pH 5.8), before
dialysis into 50 mM sodium phosphate buffer, pH 7.0. Product purity and identity were
assessed by SDS PAGE, Western blotting (Anti-prion(109-112) clone 3F4, Millipore),
and folding into the native structure verified by CD spectroscopy. PrP expression and

purification were done by Angela Brigley.

(a) (b)

/ R

Figure 7.1 Gel electrophoresis of the handle attachment reaction. (a) 1% agarose gel
of the handle attachment reaction. Four lanes represent: ladder, product, product, ladder.
(b) 4-20% gradient SDS-PAGE gel of the protein-DNA attachment reaction. Four lanes
represent: 798-bp handles, 1261-bp handles, the ladder and the final product. The five
bands in the product lanes represent, from top to bottom, constructs containing two 1261-
bp handles, 1261-bp and 798-bp handles, two 798-bp handles, 1261-bp handle alone, and
798-bp handle alone. The arrows indicate constructs containing one of each handle. This
band contains a mixture of constructs with and without the protein bound between the
handles; only a small portion consists of the protein-DNA chimera.

il
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DNA handles were attached to the protein similarly to a previous protocol
(Cecconi et al., 2008): the correctly-folded protein (typically ~ 20uM) was first reduced
with TCEP in a 100:1 molar ratio with PrP for 30 min at room temperature. It was then
desalted by spin columns (Zeba, Thermo Scientific) to remove excess TCEP. The reduced
protein was immediately activated with 2,2'-dithiodipyridine (Sigma-Aldrich) in a 100:1
molar ratio with PrP and incubated overnight at room temperature. The CD spectrum of
the activated protein confirmed that it remained in the native fold. DTDP was removed by
spin columns from the activated protein before reacting with sulfhydryl-labeled DNA
handles of two different lengths prepared by PCR. One handle was 798-bp long and
labeled at opposite termini by sulfhydryl and biotin, the other 1261-bp long and
terminally labeled with sulfhydryl and digoxigenin. Two different lengths of the handles
have been chosen for easy gel identification. The handles, typically ~ 20uM in
concentration, were also reduced with 100-fold TCEP for 30 min at room temperature
and then desalted by spin columns, after which activated proteins were added
immediately and incubated at room temperature overnight. Reference constructs
consisting only of the DNA handles without protein can be made by creating a disulfide
bond between handles. The formation of the correct construct length was verified by gel

electrophoresis (Fig. 7.1).

Protein-DNA constructs were incubated at ~ 100 pM with 250 pM polystyrene
beads (600 nm diameter labelled with avidin, 800 nm diameter labelled with anti-
digoxigenin), to form dumbbells (Greenleaf et al., 2008). Dumbbells were diluted to
~ 500 fM in 50 mM MOPS, pH 7.0, with 200 mM KCI and oxygen scavenging system (8
mU/uL glucose oxidase, 20 mU/uL catalase, 0.01% w/v D-glucose), before insertion into

a sample cell for the optical tweezers. Using the tweezers to apply denaturing tension to a
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single PrP molecule, we monitored the resulting dynamic structural changes in the protein
by measuring the end-to-end extension of the molecule with high spatial and temporal

resolution.

7.2 PrP native folding is two-state

FEC measurements were first performed by moving the traps apart at a constant
rate to ramp up the force. The extension increased monotonically with force as the
handles were stretched (Fig. 7.2a) until the protein unfolded at ~ 10 pN, causing an abrupt
increase in extension and concomitant drop in force indicative of an apparently two-state
process (Borgia et al., 2008). Refolding curves, where the force was ramped down, also
showed two-state behavior (Fig. 7.2b). 3250 FECs measured on 7 molecules displayed
the same two-state behavior, without any distinguishable subpopulations (e.g. different
contour length changes or unfolding forces). The contour length change, AL, determined
from WLC fits (Eq. 4.3) to the FECs (Fig. 7.2a), was AL, = 34.1 + 0.4 nm (see appendix
for a detailed protocol of WLC fitting). The number of amino acids (aa) unfolded, n,,
was calculated from the AL.-n,, relation: n,, = (AL¢ + Ad+)/L:*. Here we explicitly
included the term Adr to take into account the fact that as the structure changes, the
distance between the two termini of the structured parts of the protein (the points at which
force is instantaneously being applied) changes, too. In the case of PrP, d; = 0 for the
unfolded state (since there is no structured protein), whereas for the native state, dr = 3.1
nm is determined from the NMR structure of the protein (James et al., 1997). The
crystallographic contour length of an amino acid, L.* = 0.36 nm/aa (Pauling and Corey,
1951), was used to convert AL into the number of amino acids unfolded, rather than the

slightly larger value reported from high-force AFM pulling experiments (Ainavarapu et
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al., 2007). We found n,, = 103 % 1, consistent with complete unfolding and refolding of

the 104-aa native structure.
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Figure 7.2 Force spectroscopy measurements of PrP show apparent two-state
folding. (a) FECs of PrP. The handles stretch as the force rises monotonically until PrP
unfolds at ~ 10 pN, causing a discrete jump in the extension and force (black). By
overlaying 100 unfolding FECs (red), the contour length change is found from worm-like
chain fits to the folded (orange) and unfolded (cyan) states to be the value expected for
unfolding of the native state. (b) The unfolding FEC of PrP (red) and refolding FEC (blue)
both contain a single sawtooth feature demonstrating two-state behavior. Since the two
curves overlap before and after the folding transition, the contour length change is the
same in each case. For comparison, a FEC for the reference construct lacking protein
(black) demonstrates only the wormlike chain elasticity of the DNA handles, without any
unfolding transition. (¢) With the force held constant at 9.1 pN (near F, for PrP native
folding) by a passive force clamp, the extension jumps between two values corresponding
to the unfolded state (“U”) at higher extension and natively-folded state (“N”) at lower
extension. The value of the molecular extension at a given force appears to vary from one
molecule to the next due to variations in the size of the beads.
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FECs probe the folding out of equilibrium, due to the changing force. To
investigate the folding under equilibrium conditions, we also measured the extension of
the molecule as a function of time while the force was held constant using a passive force
clamp (Greenleaf et al., 2005). The extension jumped between two values corresponding
to natively-folded (“N”) and unfolded (“U”) PrP as in the FECs, spending very little time
between (Fig. 7.2¢). No intermediates are immediately obvious in these data, despite the
proven effectiveness of constant-force measurements for detecting them (Cecconi et al.,
2005; Gebhardt et al., 2010; Woodside et al., 2006a). While the observation of two-state
folding agrees with some previous ensemble measurements (Wildegger et al., 1999),
others have inferred the existence of an intermediate (Apetri et al., 2006; Hart et al., 2009;
Jenkins et al., 2008; Kuwata et al., 2002). To search for direct evidence of an intermediate
that might be too rare or short-lived to be readily apparent at first glance, we examined
extensive constant-force records (several hours in total) measured at high bandwidth. A
passive force clamp was essential here, to avoid artifactual transients from feedback loop
closure. Because these measurements were made under equilibrium conditions, the
protein must have sampled all possible transitions between different conformations. As
we demonstrated in chapter 4 and chapter 5, constant force measurement has a higher

sensitivity towards observation of rare or short-lived states.

An intermediate state | on the pathway from U to N might be obligate (e.g. if
there is only one pathway from U to N) or non-obligate (e.g. if there is more than one
pathway from U to N), as illustrated in Fig. 4.8. Regardless of the nature of the
intermediate, in measurements where the system is in thermodynamic equilibrium (such
as constant-force records of long duration), all possible pathways between accessible

states must be sampled. Hence any on-pathway state | must in general be observed in
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three ways: (i) as a “step” between U and N as the molecule folds or unfolds; (ii) as a
“spike” up from N, when N unfolds transiently into I and then refolds; and (iii) as a

“spike” down from U, when U folds transiently into I which then unfolds again.
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Figure 7.3 On-pathway intermediates are not observed. (a) To search for on-pathway
intermediates, 100 separate transitions between folded (“N”’) and unfolded (“U”) states
taken from a single constant force record were aligned on the midpoint of the transitions
(red) and averaged. The average of 3364 transitions is shown in black. (b) The average of
the unfolding transitions (black) and the time-reversed average of 3318 folding transitions
(red) are identical within experimental uncertainty, and the same as the average
instrumental response function measured with a reference construct lacking protein (blue).
An intermediate would cause the transitions to differ from the instrument response. Error
bars: standard error.

We first searched for | during the brief time spent moving between N and U. We
aligned all transitions on their midpoints (Fig. 7.3a, red) by fitting them to the logistic
function (Fig. 4.13), and then averaged them to reduce noise: 3364 unfolding transitions
were aligned and averaged (Fig. 7.3a, black), as were 3318 folding transitions (Fig. 7.3b,
red). Since an intermediate state would slow down the transition from N to U (or U to N)
compared to a simple two-state process, we next compared the measured transitions to the
signal produced by a single step-like motion in the trap as would be expected for two-
state folding, by measuring the motion of a DNA reference construct when the trap was
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moved abruptly (< 1 us) by 20 nm, equal to the U-N extension change. Aligning and
averaging 200 such response curves as above (Fig. 7.3b, blue), we observed that the
folding and unfolding transitions (Fig. 7.3b, red and black respectively) have precisely
the same shape as the instrument response to a step function, confirming that there is no

observable intermediate.

To determine the measurement resolution and set an upper limit on the lifetime of
any putative state I, 1), we used the transfer function describing the instrument response
(chapter 4.4.2) to simulate the shape of the average transition that would have resulted
from an intermediate located at an extension Axy, from the unfolded state (Fig. 7.4a). To
model the shape of the folding transition expected at constant force if an obligate
intermediate | were present, we generated waveforms containing step functions from U to
I and then from | to N. Step functions were used as an approximation for the fast (us-
scale) transition time for protein folding (Shaw et al., 2010), which is much faster than
the time-response of the optical trap (~100 ps). The lifetime in state | was chosen
randomly from an exponential distribution with mean value 1. 200 such curves were
generated, convolved with the Lorentzian transfer function to match the shape that would
be expected in the measurement (illustrated in Fig. 7.4a), and then averaged as for the
experimentally-measured transitions. This procedure simulated the average transition that
would be measured for a given value of intermediate lifetime t and extension change

between U and I, Axy,.
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Figure 7.4 Simulation of intermediate states. (a) A step function from U to | and then
from I to N was generated to simulate the presence of an intermediate a distance AXy,
from U (cyan). This was convolved with the Lorentzian transfer function to add in the
filtering effect of the instrument (red), and then averaged for exponentially distributed
lifetimes with mean value 1,. (b)-(e) Simulated transitions involving obligate intermediate
states with varying lifetimes t, located 7 nm from U (b), 10 nm from U (c), 4.5 nm from
N (d), and 2.3 nm from N (e), respectively. Black: average measured transition; orange,
cyan, red, green, purple: simulated transitions with T =0, 20, 50, 100, and 150 ps
respectively.
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Fig. 7.4b compares simulations with Axy; = 7 nm (the extension change from U
to M1) and T = 0, 20, 50, and 100 ps (respectively yellow, red, cyan, purple) to the
experimental data (black). Fig. 7.4c repeats the calculation with Axy; = 10.0 nm (the
extension change from U to M2) and the same lifetimes. The experimental data are
clearly inconsistent with an obligate intermediate having Axy, close to these values unless
the intermediate lifetime is less than ~ 50-100 ps. Fig. 7.4d and e repeat the same
calculations, this time simulating what would be expected for an on-pathway intermediate
close to the native state, such as would occur if B-strand 1 were to detach (Hosszu et al.,
2005). If all the N-terminal residues up to E146 were detached in state | (i.e., everything
up to helix 1), then the expected extension change between N and I, Axy;, would be
AXy = 4.5 nm; if only the residues up to R136 detached, then it would be Axy, = 2.3 nm.
The area around position 139 is known from NMR experiments on bovine PrP to be
relatively stable to chemical denaturation (Julien et al., 2009). Simulations with t = 0, 20,
50, 100, and 150 ps (respectively yellow, red, cyan, purple, and green) in Fig. 7.4d and e
show that the experimental data are inconsistent with such an intermediate unless its

lifetime is less than ~ 100 ps.

The failure to observe any steps between U and N, whether directly in the records
or indirectly via the average of the protein folding/unfolding transitions (as described
above), indicates that an obligate on-pathway intermediate does not exist on the native
folding pathway of PrP, unless its lifetime is less than the time resolution of the
measurements (estimated from the simulations above at ~ 50-100 ps). Even an
intermediate located as little as 2 nm from U or N is ruled out. A rare, non-obligate
intermediate is more difficult to rule out by observing the transitions between N and U:

its effects might be lost when averaging the transitions because they are overwhelmed by
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the transitions containing no intermediate. However, this would only be true if the
intermediate lifetime is short compared to the averaging window needed to reduce the
Brownian noise significantly. For example, states with lifetimes ~ 0.5 ms or greater can
be readily observed directly from extension records filtered at 0.5 ms. Still, no transitions

from N to any state other than U could be discerned directly from the constant-force

records (Fig. 7.5).
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Figure 7.5 Constant-force records reveal misfolded states. (a) High-resolution
extension records at a constant force of 9.5 pN reveal frequent transient “spikes” down
from state U, reaching two different extension values which represent off-pathway
intermediates (labeled “M 17, “M2”). Inset: magnified view of data in blue square. (b)

Transitions from U to a longer-lived off-pathway state (“M3”) are observed very rarely.
Force = 9.2 pN.

To place an upper bound on the occurrence of any rare, non-obligate intermediate,
we analyzed the behavior in state N. First, we examined the constant-force records for
“spikes” indicating transient unfolding from N to I, especially for evidence of a state I
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that is well separated from N in distance and has a lifetime of ~ 0.5 ms or longer.
Considering transient unfolding from N to I with Axy, ~ 10 nm or more (i.e. a large
extension change), we saw no evidence for such transitions at the level of 1 event per 300
s (upper bound based on the typical minimum record length), leading to an estimate of

~ 0.0002% for the maximum occupancy of such a state.

Because this analysis would not reveal states with very short lifetimes, especially
if they involve only a small distance change, we next examined the histograms of the
extension values recorded when the protein was nominally in state N. Any partially-
unfolded intermediate with a different extension than N would show up as an extra peak
in the histogram, due to transitions from N to | and back. To determine the maximum
possible occupancy of such a state consistent with our data, we measured the PSF of the
trap, using the reference construct lacking protein (chapter 4.4.2, Fig. 7.6a). We then
binned the extensions in the low-extension (nominally folded) state of the PrP trajectories
and fit the resulting histogram to the PSF (Fig. 7.6b), looking for peaks corresponding to
states with different extension. After fitting the extension histograms in state N to the PSF
(asin Fig. 7.6), no peaks were observed in the residuals with Axy; < 10 nm having an area
greater than ~ 0.01% of the total histogram area. The small peaks that did remain in the
residual were almost certainly noise, as their location changed from one histogram to the
next (Fig. 7.7a). Averaging over all the residuals to look for any peak occurring
consistently at any given extension, we obtain the estimate of ~ 0.001% for the maximum
occupancy of a non-obligate intermediate. Since tension increases the lifetime and
occupancy of extended states exponentially (Bustamante et al., 2004), any on-pathway

intermediate would have to be exceedingly rare or short-lived at zero force.
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Figure 7.6 Misfolded states form via the unfolded state only. (a) A histogram of the
extension from a constant-force record of the reference construct lacking protein (upper
graph, grey) shows the point-spread function (PSF) of the trap fit to Eq. 4.17 for the PSF
(cyan). Counting noise in the residual (bottom graph, grey) from the histogram binning is
smoothed in a 2.5-nm window (black). (b) A histogram of the native-state extension at
constant force (upper graph, red) fits well to the measured PSF of the trap (cyan). The
residual (lower graph, pink) is smoothed as above (red) and is featureless, showing that N
does not fold/unfold into anything other than U. (c) Fitting the unfolded-state extension
histogram (upper graph, red) to the PSF (cyan) leaves a significant residual (lower graph,
pink). Fitting the peak in the smoothed residual (lower graph, red) to the PSF (blue) again
leaves a significant residual (purple), which is well fit by a third PSF (grey); the three
PSFs together fit the full histogram completely (black). The residual fits yield the
extension and occupancy of the misfolded states M1 and M2, which are entered only

from U.

7.3 Identification of off-pathway misfolded states

Whereas no intermediates were observed on the native-pathway, the search for
rare and short-lived events did reveal several states with extensions between U and N that
were only entered and exited via U, and hence must be off-pathway. They were generally
very short-lived (~ 1 ms or less), appearing as “spikes” pointing down from U in the
constant-force extension records (Fig. 7.5a, inset). These spikes are not simply part of the

extension distribution for U: in contrast to the native state distribution (Fig. 7.6b), a
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histogram of the data in the high-extension (nominally-unfolded) state of the constant-
force trajectory (Fig. 7.6¢) reveals a small residual peak between N and U after
subtracting the PSF, indicating the presence of extra states. Two additional states are
needed to fit the residual: the first, “M1”, is located 7.1 £ 0.4 nm from U and is occupied
0.6 = 0.1% of the time; the second, “M2”, is 10.5 £ 0.5 nm from U and occupied

0.11 + 0.02% of the time. Very infrequently (~ 6 hr™, occupancy ~ 0.04%), an additional

state (denoted “M3” in Fig. 7.5b) was observed 4.9 + 0.2 nm from U, with a lifetime

~50-100 ms.
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Figure 7.7 Residuals for extension histogram fits. (a) The residuals from fitting the
low-extension peak of the extension histograms (“N” in Fig. 7.2c) to the PSF of the trap,
as in Fig. 7.6b, are shown for 22 constant force records (red) containing over 29 million
data points in total. All residuals were aligned on the peak of the original histogram. The
amplitudes and locations of any peaks in the residuals fluctuate randomly. The average of
all aligned residuals (black) is featureless, indicating that there is no other state present.
(b) The residuals from fitting the high-extension peak of the extension histograms (as in
Fig. 7.6c) to PSFs for states U, M1, and M2 are shown for 22 constant force records (red)
containing over 86 million data points in total. Again, the average (black) is flat,
indicating the excellence of the fits.

The free energy of the misfolded states can be determined directly from the ratio

of occupancies of the states, using the Boltzmann probability (Bustamante et al., 2004):
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In(R, /R, )= kT (AG,,, + AG F-AXyy )s (7.1)

stretch

where Py, is the probability of finding state M, Py is the probability of finding state U, kg
is the Boltzmann constant, AGyq is the folding equilibrium free energy of M relative to U,
AGgyeten 1S the free energy required to stretch out the unfolded amino acids under tension,
F is the applied tension, and AXyy is the extension change between M and U. Py/Py was
obtained from the extension histograms and plotted as a function of force for each
misfolded state (Fig. 7.8). The plot was then fitted to Eq. 7.1, treating Axyy as a fixed
parameter whose value was determined from the extension histograms. The stretching
energy, estimated from the WLC model (Eq. 4.15), was then subtracted from the zero-
force intercept of the fit to obtain the folding energy of the misfolded state at zero force.
Finally, we find that M1 has ~ 40-50 aa folded and is 3 + 1 kcal/mol more stable than U
at zero force, M2 has 60-70 aa folded and is 5 + 2 kcal/mol more stable than U, and M3
has 30-40 aa folded and is approximately as stable as U. Because these states do not lead

to the natively-folded structure, they must represent misfolded conformations of PrP.

Kinetics of folding and misfolding can be extracted from our measurements as
well. The average folding rate from U to N can be measured directly from the extension
records. The average folding rate from U to M3 can also be estimated directly from the
extension records. However, transitions into states M1 and M2 were difficult to identify
directly from the extension records, as they were both very short-lived and had low
occupancy. We therefore estimated the folding rates for M1 and M2 by dividing the total
time spent in each state (determined from the area of the fits to the extension histograms
as in Fig. 7.6c¢) by the lifetime of the states estimated from the extension records (as in

Fig. 7.5a, inset) to determine the number of transitions into M1 or M2, and then dividing
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the total time spent in the unfolded state by the number of transitions. The average
lifetimes were estimated as being ~ 0.3-0.5 ms for both states. Given the average
occupancies for M1 and M2 (0.6% and 0.1%, respectively), this resulted in rates of ~ 15

stand ~ 3™, respectively.
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Figure 7.8 Free energy of the misfolded states. The misfolded:unfolded occupancy
ratio for states M1 (a) and M2 (b) as a function of force were used to determine the
misfolding free energies from fits to Eq. 7.1, for both wild-type PrP (red) and the
C179A/C214A mutant (black). The slope of the fit, which is set by the extension change

during misfolding, was treated as a fixed parameter determined from the extension
histograms.

7.4 Mutation studies

To investigate whether these non-native states are related in some way to
aggregation, we measured the folding of a mutant SHaPrP, C179A/C214A. This mutant
aggregates much more readily than wild-type PrP (Fig. 7.9) and can form f-rich
oligomers (Maiti and Surewicz, 2001). The aggregation of C179/A C214/A PrP and wild-

type PrP was measured using a turbidity assay, similar to a previously published method
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(Frankenfield et al., 2005). Briefly, 40 uM protein in 10 mM phosphate buffer pH 7.0 was
incubated for a week at 37°C while being agitated at 300 rpm, and the turbidity was
measured periodically using a microplate reader via the optical density at 420 nm. The
mutant aggregated during sample preparation before the first turbidity measurement was
made (Fig. 7.9, red). The same turbidity was observed with and without reducing agent
present (4 mM TCEP). Wild-type PrP aggregated more slowly: when reduced with TCEP,
aggregation occurred over the course of 1 day, but without TCEP the protein was stable

for more than one week. (Fig. 7.9, blue).
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Figure 7.9 Aggregation of wild-type and C179A/C214A PrP. Turbidity measurements
indicate that the C179A/C214A mutant aggregates very rapidly at pH 7, during sample
preparation, whether oxidized (dark red) or reduced by TCEP (light red). In contrast,
wild-type PrP aggregates at pH 7 over the course of a day when reduced (light blue), but
does not aggregate over at least a week when not reduced (dark blue). Error bars
represent s.e.m. from different replicates.

Because the geometry of the single-molecule assay isolates a single protein
molecule, however, aggregation is prevented during the single-molecule measurements,
allowing us to probe how the misfolding differs in a monomer that would otherwise

aggregate rapidly. Force-extension curves (Fig. 7.10) revealed two states with
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AL; =34 £ 1 nm, the value expected for the native structure, indicating that the native

fold forms when the mutant is prevented from aggregating. Similar to the wild-type
protein, misfolded states were observed in extension records at constant force (Fig. 7.11a),
at the same extensions as M1-M3 and with similar kinetic properties. These states were
therefore identified as states M1-M3. Notably, however, the occupancy of M1 was
increased 4-5-fold and that of M2 by 2—-3-fold in the mutant as compared to wild-type

PrP (Fig. 7.11b and c), indicating that these states were respectively 1 and 0.5 kcal/mol

more stable in the mutant (Fig. 7.8).
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Figure 7.10 Force-extension curves of C179A/C214A mutant. 10 unfolding FECs (red)
measured on the C179A/C214A mutant show two-state unfolding. WLC fits to the folded
(black) and unfolded (blue) states reveal a contour length change of 34 £ 1 nm, the result
expected for unfolding of the native structure (34.3 nm).

Wild-type SHaPrP has a disulfide bond between C179 and C214 (James et al.,
1997). This bond is present in our protein samples after purification and refolding, as

shown by a Raman peak at 533 cm™ which is in the 510-540 cm™ range specific to S-S
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bonds (Spiro and Gaber, 1977). However, we observe no signature of the disulfide bond
in the force spectroscopy measurements (Fig. 7.2): the full contour length of the
structured domain unfolds in a single step at a force much lower than typically needed to
break disulfide bonds, without any intermediate state at the distance expected from the
NMR structure for unfolding everything up to the disulfide (22.2 nm). The
C179A/C214A mutant adopted a similar native folding structure as the wild-type PrP, as
suggested by a two-state folding behavior with the same contour length change from FEC
measurements (Fig. 7.10). It therefore seems unlikely that the disulfide is present during
the force spectroscopy measurements. It is possible the bond does not re-form properly
after reduction to attach the DNA handles, or it might be broken while handling the beads
at the outset of the measurement, when very large but uncalibrated forces are typically
applied. The oxygen-scavenging system which protects against oxidative damage of the
protein and DNA creates a non-oxidizing environment, reducing the likelihood of re-

forming a disulfide bond.

7.5 PrP folding/misfolding pathways and implications on aggregation

These results open a new window on the complex structural dynamics of protein
misfolding, through direct observation of the conformational fluctuations of single PrP
molecules. The picture of the network of folding pathways that emerges for PrP (Fig.
7.12) reveals some surprising details which shed light on PrP misfolding. First, we find
that native folding is a two-state process. We see no evidence for any partially-folded
intermediate on the native pathway, such as hypothesized to mediate misfolding (Cohen

et al., 1994), despite previous reports (Apetri et al., 2006; Hart et al., 2009; Jenkins et al.,
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2008; Kuwata et al., 2002). We cannot completely rule out on-pathway intermediates,
since force probes are not sensitive to structural changes that leave the molecular
extension unchanged (as in a proposed intermediate where helix 1 restructures (De
Simone et al., 2007)); the chemical denaturants and low pH used in most misfolding
studies might also produce intermediates not observable under the conditions here.
Nevertheless, partially-native intermediates in which the structure changes near the
termini, such as proposals with a detached p-strand 1 (Hosszu et al., 2005) or selectively

disordered helices 2 and 3 (Kuwata et al., 2002), are inconsistent with our observations.

Instead of misfolding proceeding through an on-pathway intermediate, we find
that non-native structures are only accessible from the unfolded state. Indeed, there is not
just one misfolding pathway, but rather three of them, leading to different non-native
structures. Remarkably, PrP explores these misfolding pathways more frequently than it
does the native pathway: the rates for formation of M1 and M2 estimated from the
constant-force trajectories, ~ 15 s and ~ 3 s respectively, are considerably higher than
the rate for native folding at the same force, ~ 1 s™. The relative rates imply that the vast
majority (> 90%) of all attempts at structure formation lead to non-native structures rather
than the native state, although the resulting misfolded states are not very stable for
isolated PrP molecules under these conditions and are thus rarely occupied. One type of
misfolding we did not observe, however, despite the amyloid-forming propensity of
residues 106-126 (Kuwata et al., 2003), was structure within the natively-unstructured N-
terminus of the protein: even transient structure formation by the N-terminus while the C-
terminal domain was folded would have produced a detectable peak at short extensions in

the residual to the N-state extension histogram fit (Fig. 7.6b, 7.11b).

130



Residual
Residual

I T I I I I I

I I I I I
570 580 580 590 600
Extension (nm) Extension (nm)

Figure 7.11 Mutant PrP shows increased misfolding. (a) Constant force records of the
C179A/C214A mutant show transient misfolding at the same extensions as M1, M2, and
M3 for wild-type PrP, with similar lifetimes. Force = 9.2 pN (left graph), 9.7 pN (right
graph). (b) The native-state histogram (upper graph, red) is well fit by the trap PSF (blue).
The residual to this fit (lower graph, pink) is featureless after smoothing (red) to remove
counting noise. (¢) The unfolded-state histogram (upper graph, red) has a prominent
shoulder. Fitting the peak and shoulder to one PSF for U (blue) and another at the

location of M1 (cyan) leaves a significant peak in the smoothed residual (lower graph, red)
at the location of M2, which is well fit by a third PSF (black). M1 and M2 are several
times more prevalent in the mutant than the wild-type.
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Figure 7.12 Schematic diagram of folding/misfolding pathways. SHaPrP does not pass
through an intermediate on the native pathway, but the unfolded state leads to three
different misfolded states at varied rates. Folding and misfolding rates at ~ 9 pN are
indicated. “U” = unfolded, “I” = intermediate, “N” = native, “M1”-“M3” = misfolded.

Our results suggest that the key state for misfolding may be the unfolded state
(Hosszu et al., 1999), rather than the native state or an on-pathway intermediate. PrP
could be unfolded in vivo during translocation or retro-translocation across the
endoplasmic reticulum (ER) membrane (Ma et al., 2002), providing opportunities to
misfold both in the ER and the cytosol. Interestingly, our measurements were made at
neutral pH, similar to conditions in the cytosol, ER, and extracellular space. Previous
work in vitro found that PrP does not readily misfold at neutral pH, but it does at low pH
(Bjorndahl et al., 2011), supporting the hypothesis that PrP*® develops in endosomes
(Caughey et al., 2009). The misfolded states we found in single PrP molecules are so
rarely occupied that they would be unlikely to be detected by ensemble methods, but the
high misfolding rates we observe clearly indicate that PrP does indeed readily misfold at

neutral pH.

The behavior of the C179A/C214A mutant provides a first look at how the
observed misfolding pathways relate to aggregate formation. The B-rich oligomers that
this mutant can form are similar to isoforms which have been investigated as possible

intermediates for PrP> conversion (Bjorndahl et al., 2011). The fact that the misfolded
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states M1 and M2 are stabilized in the mutant suggests that they could act as
intermediates leading to oligomerization, with the mutation driving increased aggregation
via enhanced occupancy of the misfolded intermediates. The existence of different
misfolding pathways might possibly relate to the ability of PrP to form different
oligomeric structures (Chakroun et al., 2010; Gerber et al., 2007), but additional
measurements will clearly be needed to establish such a link. Additional studies will also
be needed to address the question of how the misfolding of isolated PrP molecules relates
to PrP*° formation, e.g. by exploring the effects of mutations enhancing pathogenicity
(van der Kamp and Daggett, 2009), probing the effects of different pH conditions, and
observing aggregate formation directly. If M1-M3 are involved, however, the need to
completely unfold the native state could support models where the C-terminal domain is
significantly restructured in PrP*® (Cobb et al., 2007), although partially-native structures
(DeMarco and Daggett, 2004; Govaerts et al., 2004) might still form (despite being

unstable in monomeric PrP) if they were stabilized during refolding into an amyloid.

A key feature of this study is the ability to observe very short-lived
conformational fluctuations directly within the folding trajectories of single protein
molecules, enabled by high time resolution and the capacity to resolve states with
extremely low occupancies. The ability to map out the network of pathways that compete
with native structure formation provides a powerful platform for investigating the
molecular mechanisms of protein misfolding. Applying this approach to other proteins
involved in misfolding disorders should allow new insight both into what features drive
the unique behavior of PrP and into what commonalities exist between misfolding

mechanisms for different proteins.
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Appendix: experimental details

Many FECs (typically 100 to 1000) were recorded at each loading rate. To
remove slow drift over the course of the measurements, individual FECs measured on the
same molecule under the same pulling conditions were aligned vertically using the low-
force (F ~ 2-3 pN) part of the data, where the FECs have very low slope, and
horizontally using the high-force (F ~ 20 pN) part of the data, where the FECs have very
high slope. Typical drift correction was less than a few nm. All analysis was performed

on aligned FECs.

DNA elasticity can be well described by the extensible WLC model (Eq 3.7) in
the low force regime. The aligned FECs were separated into distinct braches
corresponding to the different states. All the data from a given branch was then fitted

using two WLC models in series, one for the handle and one for the protein:

2
koT |1 X F 1 X F
F(X): Lp?DNA Z[l_ LCDNA + KDNAJ _Z"— LCDNA - K DNA
2
+kBT.ll— X, F. —l+ X__ F_ (7.2)
I—p protein 4 chrotem Kprotem 4 LC protein Kprotem

Here L, is the persistence length of the polymer (protein or DNA), L. is the contour

length, K is the stretch modulus, and kg is the Boltzmann constant.

For a two-state system such as PrP, the concatenated FEC were separated into
two branches: the first branch for the DNA handles with the folded protein and the
second branch for the DNA handles with the unfolded protein. The first branch was fitted

first by allowing the DNA parameters (L,"™*, L.°™*, KP™*) to float, but fixing the
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parameters for the protein (L,"®™" = 0.65 nm, L,"*" = 15.12 nm, K"™*" = 2000 pN),
given that the natively-folded PrP contains 42 amino acids unstructured. A force offset
was induced to compensate any offsets from calibration (since the force must be O at 0
extension), but no offset was applied in the fitting procedure to compensate for changes
in bead radius. Typical fitting parameters for the DNA were L,"™* ~ 20 - 30 nm, L,°™* ~
550 - 600 nm, KP™* ~ 400 - 1500 nm. The second branch was fitted using the same DNA
parameters as found from the fits of the first branch, with L,"*®"? being the only
parameter allowed to vary in the fit. The contour length change for PrP unfolding was the

given byAL, = LPreein2 | proweint
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8. Energy landscape analysis of PrP native folding
pathway: the diffusion constant, transition time and

rates

Although simply mapping out the folding pathways for PrP is useful, a more
detailed picture of the energy landscape would improve our understanding of the unusual
behavior of PrP. In this chapter we discuss the energy landscape analysis of PrP native
folding pathway from non-equilibrium force-extension measurements. After validating
the Hummer-Szabo method for reconstructing landscape profiles (Gupta et al., 2011), we
demonstrate the characterization of the energy landscape for native folding of PrP. The
full landscape profile was reconstructed from force-extension curves, revealing a double-
well potential with an extended, partially-unfolded transition state. Key parameters
describing the landscape profile were recovered from different methods with good
consistency, allowing the diffusion constant for barrier crossing and the transition path
time across the barrier to be calculated (Neupane et al., 2012; Yu et al., 2012a). Finally,

Kramers theory was used to predict the folding rates from the landscape profile,

* A version of this chapter has been published in the following two papers. Gupta, A. N.,
Vincent, A., Neupane, K., Yu, H., Wang, F. and Woodside, M. T. Experimental
validation of free energy landscape reconstruction from non-equilibrium single-molecule
force spectroscopy measurements. Nat Phys 7, 631-634 (2011). In this work, H.Y. helped
build the instrument, and performed experiments with K.N. The energy landscape
reconstruction was done by A.N.G. and A.V..

Yu, H., Gupta, A. N,, Liu, X., Neupane, K., Brigley, A. M., Sosova, I. and Woodside,
M. T. Energy landscape analysis of the native folding pathway of the prion protein yields
the diffusion constant, transition path time, and rates. Proc Natl Acad Sci USA 109,
14452-14457 (2012). In this work, H.Y. helped build the instrument, performed
experiments with X.L., and analyzed data with X.L. and A.N.G. The energy landscape
reconstruction was mostly done by A.N.G. Proteins were provided by A.M.B. and I.S..
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recovering the values observed experimentally both under tension and at zero force in

ensemble experiments (Yu et al., 2012a).

8.1 Validation of the Hummer-Szabo method for energy landscape

reconstruction

As introduced in chapter 4, recent theoretical work by Hummer and Szabo
(Hummer and Szabo, 2001) has shown that landscape profiles can be reconstructed from
non-equilibrium single-molecule force spectroscopy measurements using an extension of
the Jarzynski equality (Jarzynski, 1997). This method has been applied to simulations
(Minh, 2006; Park and Schulten, 2004) and experiments (Harris et al., 2007; Liphardt et
al., 2002) but never validated experimentally by comparison to known results. We tested
it using force-extension measurements on DNA hairpins with distinct, sequence-
dependent folding landscapes. Quantitative agreement was found between the landscape
profiles obtained from the non-equilibrium reconstruction and those from equilibrium
probability distributions (Woodside et al., 2006a). We also tested the method on a
riboswitch aptamer with three partially-folded intermediate states, successfully
reconstructing the landscape but finding some states difficult to resolve due to low

occupancy or overlap of the potential wells (Gupta et al., 2011).

8.1.1 Two-state DNA hairpins

We first measured FECs for well-characterized DNA hairpins with different,
sequence-dependent landscapes that were previously known from equilibrium
measurements (Woodside et al., 2006a), and compared the non-equilibrium and

equilibrium results.
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Figure 8.1 Optical trapping measurements of DNA hairpins. (a) Schematic of hairpin
construct in optical trap. z(t) represents the time-dependent trap separation, g(t) the
molecular extension. (b) Measurements of extension at constant force can be used to
generate extension probability distributions and hence the energy landscape profile. This
is illustrated here for hairpin A.

Single DNA hairpins (consisting of a simple stem-loop structure) attached to
kilobase-long handles of dsDNA were bound to polystyrene beads held in dual-beam
optical tweezers (Fig. 8.1a). DNA hairpins attached to dsSDNA handles were prepared as
described previously (Woodside et al., 2006b). The resulting constructs contained a
biotin-labelled 798-bp handle on the 3’ end of the hairpin, a digoxigenin-labelled 1158-bp
handle on the 5’ end of the hairpin, and abasic sites separating the hairpin from each
handle. The constructs were incubated with 600 nm and 820 nm diameter polystyrene
beads labelled with avidin DN (Vector Labs) and anti-digoxigenin (Roche), respectively,
to create dumbbells. Dumbbells were diluted to ~ 2 pM in measuring buffer (50 mM
MOPS pH 7.5, 200 mM KCI, and oxygen scavenging system: 40 U/mL glucose oxidase,
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185 U/mL catalase, and 8.3 mg/mL glucose) and inserted into a sample chamber on a
clean microscope slide in the optical trap. Hairpin A has the same sequence as 30R50/T4
(Woodside et al., 2006a) and hairpin B has the same sequence as 20TS06/T4 (Woodside
et al., 2006a).
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Figure 8.2 FECs of DNA hairpins. (a) FECs for hairpin A: (99 curves) with WLC fits to
the folded (blue line) and unfolded (green line) states. (b) FECs for hairpin B (266 curves)
with WLC fits.

Sets of FECs unfolding the hairpins were measured by moving the traps apart at a
constant velocity and recording the force on the molecule as a function of extension until
the hairpins unfolded. Two different hairpin stem sequences producing different energy
landscape profiles were chosen to test the non-equilibrium landscape reconstruction:
hairpin A, with a 30-bp stem sequence producing a barrier close to the unfolded state
(Woodside et al., 2006a; Woodside et al., 2006b), and hairpin B, with a 20-bp stem
sequence producing an energy barrier close to the folded state (Woodside et al., 2006a).
A total of 1630 FECs was measured for hairpin A and 2918 for hairpin B, in 4 different

sets for each hairpin. Within each set, FECs were aligned to remove the small
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instrumental drift (typically a few nm or less) that occurred during the experiments.
Individual FECs, displayed in black atop the aggregated data from a full set for each
hairpin (Fig. 8.2), show the expected behavior: force increases nonlinearly with extension,
due to the handle elasticity (Smith et al., 1996), until the hairpin unfolds cooperatively in
a two-state manner, creating characteristic “sawtooth” patterns as the extension suddenly
increases (Liphardt et al., 2001). The FECs are well fit by an extensible WLC polymer
model (Wang et al., 1997) using two chains in series: one for the dsDNA of the handles

and one for the sSDNA from the unfolded hairpin (Eq. 7.2).
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Figure 8.3 Free energy landscape reconstruction at zero force. (a) Energy landscape
of hairpin A reconstructed from measurements in Fig. 8.2. WLC energies for folded (blue)
and unfolded (green) states extrapolated to zero extension reveal the free energy of
folding. (b) Energy landscape for hairpin B reconstructed from Fig. 2b, with WLC fits.

All error bars: s.e.m.

The unperturbed (zero-force) free energy profile, Go(q), was calculated from the
FECs using the weighted histogram method (Hummer and Szabo, 2001) (Eg. 4.13) (Fig.
8.3, black). Go(q) represents the energy profile for the entire molecule, including the
handles as well as the hairpin. It is dominated by the stretching energy of the handles, as

seen by fitting Gy(q) to the integral of the WLC fits from Fig. 8.2 (blue: folded state;
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green: unfolded state). The kink in the profile near the crossing point of the two fits
represents the unfolding of the hairpins, and hence is the region of interest. As a
consistency check, we note that the energy differences between the two WLC fits at q = 0,
respectively 60 = 2 kgT and 36 + 2 kgT for hairpins A and B, match the values for the
unfolding free energy obtained from constant-force measurements (65 = 5 kgT and 35 + 2
keT, respectively (Woodside et al., 2006a; Woodside et al., 2006b)) as well as those
calculated from modeling (Woodside et al., 2006a; Woodside et al., 2006b) (62 + 4 kgT

and 38 £ 3 kgT).

The profile Go(q) is the fundamental result of the landscape reconstruction, but in
order to validate the method we compared Go(q) to the free energy profile, Gegm(0),
determined from the inverse Boltzmann transform (Eq. 4.19) of extension histograms P(q)
measured at constant force (Woodside et al., 2006a). The force was kept constant using a
passive force clamp (Greenleaf et al., 2005) to avoid artifacts from active feedback loop
closure. Gy(qg) was transformed into a constant-force profile, Ge(q), by subtracting the

work done by the constant force F: Gg(q) = Go(q) — Fq.

The results from each of the 4 sets of FECs for each hairpin are shown in Fig. 8.4
(open circles) along with Gegm(q) (black lines). Error bars represent the standard error in
the reconstructions, estimated by bootstrap analysis (Efron, 1979). Good agreement is
found between the non-equilibrium and equilibrium reconstructions: for example, the
barrier locations agree within one histogram bin, barrier heights are typically within one
standard error of the equilibrium result, and the general shape of the profiles are very
similar. The principal difference is in the shape of the potential wells of the folded and

unfolded states: the wells in the non-equilibrium reconstruction on average have slightly
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higher curvature, likely due to the fact that the effective trap stiffness used for the force-

ramp measurements was higher than that for the equilibrium measurements.
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Figure 8.4 Comparison of equilibrium and non-equilibrium reconstructions. The
energy landscapes near F., for hairpin A (a) and hairpin B (b) reconstructed from FECs
(open circles) agree with those reconstructed from constant-force measurement (black
lines). The pulling rate for hairpin B was 500 nm/s (all curves); for hairpin A, it was 10
nm/s (green), 20 nm/s (yellow), 100 nm/s (blue), and 333 nm/s (red). Error bars: s.e.m.
Standard error in equilibrium profiles at barrier peak: 0.3 kJ/mol (hairpin A), 0.4 kJ/mol
(hairpin B).

These results validate the non-equilibrium method. We note that the four sets of
data for hairpin A were measured at four different pulling rates (10, 20, 100 and 333 nm/s,
with 99, 100, 138, and 1293 FECs respectively), producing dissipated energies of
1.1+£0.7,14+0.7,3.2+0.7,and 4.9 + 0.3 kgT, respectively. The FECs at 20 nm/s are
shown in Fig. 8.2a; representative FECs at the other speeds are shown in Fig. 8.5. All
FECs for hairpin B were measured at 500 nm/s, resulting in 5.5 = 0.3 kT of dissipated
energy. Little difference was observed in the reconstructions at different rates, although
the errors were larger for the fastest rates, as would be expected due to the need to sample
exponentially more curves when further away from equilibrium (Mossa et al., 2009).
Significantly, a large number of FECs is not required to obtain a reasonable
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reconstruction of the landscape profile, making this method more experimentally

practical in many cases than the equilibrium method.

A key feature of these reconstructions is that they include the effects of the
handles, which smooth out the sharp landscape features. To obtain the landscape of the
hairpin alone, the handle effects would need to be removed by deconvolution (Woodside
et al., 2006a). This effect is relevant to almost all SMFS data, and complicates the
interpretation since the smoothing typically changes both the location and height of the
energy barrier. It is especially important for analyzing data from tandem-repeat protein
constructs, where the “handles” consist of unfolded protein: the handle length (and hence
smoothing) changes as each subunit unfolds. In such experiments, the sequential
unfolding transitions, which each involve different-length unfolded polypeptide handles,
should be analyzed separately (Harris et al., 2007). The decoupling of the energy
landscape of the molecule from the effect of the handle using deconvolution method will

be discussed later in the chapter.
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Figure 8.5 FECs at different pulling rates. Representative FECs of hairpin A measured
at 10 nm/s, 100 nm/s, and 333 nm/s.
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8.1.2 add adenine riboswitch aptamer with intermediate states

While two-state hairpins are a good model system for validating the method,
many molecules unfold via intermediate states. To test whether the Hummer-Szabo
method can capture multiple intermediates, we measured FECs of the add adenine
riboswitch aptamer, which has 3 partially-folded intermediates similar to a previously-
studied adenine riboswitch aptamer (Greenleaf et al., 2008). 700 FECs from a single
measurement set (Fig. 8.6a) were analysed as for the hairpins to obtain Go(q) (Fig. 8.6b).
The resultant zero-force landscape was then tilted by force to compare with Gegm(q)) (Fig.
8.6¢) as determined from constant-force data (Fig. 8.6d). Once again, Go(g) matches
Gegm()) reasonably well. Notably, while there appear to be only two potential wells, the
high-extension well is much broader than for the two-state hairpins (Fig. 8.4): in fact this
well arises from 3 distinct states, the unfolded state and two intermediates (indicated by
red arrows), which overlap partially in extension and force. These states are visible in the
filtered constant-force data (Fig. 8.6d, black, delineated by red lines), although only the
two intermediates are highly populated at this force. One more intermediate can also be
seen in the filtered constant-force data (Fig. 8.6d, blue line), but it is too rarely populated
to appear in the equilibrium reconstruction. Since this state is not present in any of the
FECs, it is also absent from the non-equilibrium reconstruction. These results
demonstrate the ability to reconstruct multi-state landscapes, while also indicating some

of the technical challenges involved in interpreting the reconstructions.
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Figure 8.6 Riboswitch aptamer landscape reconstruction. (a) 700 FECs for add
adenine riboswitch aptamer display multiple intermediate states (blue lines: WLC fits). (b)
Free energy profile at zero force. Error bars: s.e.m. Inset: aptamer secondary structure. (c)
Landscape at constant force reconstructed from FECs (open circles) agrees with that
reconstructed from constant-force measurements (black line). The right-hand potential
well contains contributions from three states (arrows) that are not well resolved. Error
bars: s.e.m. (d) The aptamer extension at constant force (grey), median-filtered at 2.5 ms
(black), shows 3 highly-occupied states and two low-occupancy states (dotted lines). Blue
line: intermediate not seen in the FECs. The constant force trace was taken at 9.4 pN.
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8.2 Energy landscape reconstruction of PrP native pathway

With the Hummer-Szabo formalism validated, we were able to reconstruct the
energy landscape profile of the native folding pathway of PrP . In principle, landscape
reconstructions based on high-bandwidth equilibrium measurements of the extension at
constant force or trap separation typically provide higher spatial resolution (Gebhardt et
al., 2010; Woodside et al., 2006a). However, equilibrium trajectories present
interpretation difficulties for PrP, because in addition to native folding they also contain
transitions into short-lived, non-native states accessible only from the unfolded state,
which would distort the reconstructed landscape. In contrast, unfolding FECs always go
first from N to U, with subsequent refolding into the misfolded states suppressed by
virtue of the non-equilibrium conditions caused by the fast force-ramp rate. As a
consequence, landscapes reconstructed from unfolding FECs should reflect primarily the
properties of the native pathway, with minimal contribution from the non-native

pathways.

The free energy profile at zero force was calculated from each set of FECs
measured under the same conditions, as described previously. The resulting profiles are
dominated by the stretching energy of the handles in the folded (Fig. 8.7a, cyan) and
unfolded (Fig. 8.7a, blue) states, as expected. To see more clearly the potential wells for
the native and unfolded states, the profiles were tilted at a force of F = 9.1 pN (Fig. 8.7b,
red: individual reconstructions, black: average). The barrier between the wells is indeed
dominated by the protein, as seen by comparing the reconstructed landscape to the energy
“profile” that consists solely of the WLC energies of the folded and unfolded states (Fig.

8.8).
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Figure 8.7 Free-energy profile reconstruction for PrP folding. (a) The molecular free-
energy profile at zero force reconstructed from a set of FECs by the Hummer-Szabo
method (red) is dominated by the energies of the handles in the folded (cyan) and
unfolded (blue) states. (b) Reconstructions from ten different sets (red) of FECs were
tilted to 9.1 pN and averaged (black). Error bars show standard error.
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Figure 8.8 Comparison of reconstructed landscape to WLC energies. The outer walls
of the potential wells of the reconstructed landscape (red) match the energies of the WLC
fits to the folded (cyan) and unfolded (blue) states, but the barrier is quite different,
indicating that the latter is dominated by the properties of the protein unfolding. The
WLC stretching energies were found by integrating the FEC fits as in Fig. 8.7a, then
tilting them under a force of F, for comparison to the reconstructed landscape.
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147



The reconstructed profile in Fig. 8.7b includes not only the intrinsic PrP free
energy profile but also the effects of the compliant DNA handles and beads, which
smooth the PrP landscape profile. The smoothing of the reconstructed free-energy profile
due to elastic compliance was removed by pointwise non-linear iterative deconvolution as
described previously (Gebhardt et al., 2010; Woodside et al., 2006a). The instrument
PSF, S(x), smoothed the true extension probability function to produce the measured
extension probability, P(x), hence the deconvolution was performed on P(x). The free-
energy profile, AG(x), was then recovered from P(x) by AG(x) = —kg7"In(P(x)). The
deconvolution was done pointwise because the PSF width varied with force, which itself
varied with extension (Fig. 8.11a). An initial solution P°(x) was first calculated from the
average profile reconstruction at F.,. The true distribution function for the protein alone
was then approached iteratively, with the (k + 1)th iteration at molecular extension a

given by (Gebhardt et al., 2010; Woodside et al., 2006a):
P (x) = P(x) + r[PGOI*{P(x) — S*)®P*(x)}, (8.1)

where S%(x) is the PSF corresponding to the average force at extension a. The relaxation
function r[P*(x)] = ro(1 — 2-|P*(x) — 0.5|) constrained the solution to remain within the
boundaries 0 < P¥(x) < 1 required for a physical probability function, with the amplitude
ro controlling the speed of convergence. Using r, = 2, the solution converged after
approximately 40,000 iterations. To reduce artifactual fluctuations in the deconvolution
due to measurement noise, P°(x) was smoothed in a 3 nm window; S?(x) was smoothed in
the same way to compensate for this additional smoothing (Jansson, 1997). The centre of
the low-extension probability distribution peak, giving the location of the folded state,

was used as the origin for the profile at zero force. The energy required to stretch the
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unfolded protein under tension was found from integrating the protein-only WLC curve
and subtracted from the profile at zero force. This approach has been applied previously
to landscape profiles obtained via equilibrium measurements (Gebhardt et al., 2010;
Woodside et al., 2006a), but not yet using the Hummer-Szabo approach (Harris et al.,
2007). The PSF of the instrument was measured from a construct consisting of beads and
handles alone, without protein (Fig. 8.9), to perform an iterative nonlinear deconvolution
of the landscape profile. The deconvolved landscapes at 9.1 pN and at zero force are
shown in Fig. 8.10; the associated extension probability distribution and residual error are

shown in Fig. 8.10c.
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Figure 8.9 Point-spread function for landscape reconstruction. A typical point-spread
function (at 11 pN) (black), measured under the same conditions as the FECs using the
reference construct consisting of DNA handles only, shows a quasi-Gaussian profile,
well-fit by Eq. 4.17 (red). The log scale graph (right) shows the slight asymmetry in the
point-spread function.
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Figure 8.10 Energy landscape deconvolution. (a) The free-energy profile at F, after
deconvolution. (b) The deconvolved free-energy profile tilted to zero force (red) agrees
with the barrier height and location from the kinetic FEC analysis (black: unfolding, blue:
refolding) and the free energy difference from the Crooks analysis (black circle). (c) The
probability density of the extension at F,, after deconvolution (red) of the initial solution
(black). There is little residual error (cyan). We note that the width of the folded state
distribution is only somewhat reduced after deconvolution. This may reflect structural
dynamics of the nominally-folded state, such as fluctuations arising from the relatively
unstable B-strand 1 (Julien et al., 2009).
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8.3 Energy landscape analysis yields the diffusion constant, transition

path time and rates

Energy landscape reconstructions like those above can recover the full profile,
but they require large quantities (up to several thousands of FECs) of high quality data.
As discussed earlier in chapters 2 and 4, energy landscapes can also be characterized
from FEC measurements using the distribution of unfolding and refolding forces,
although in a cruder, model-dependent way. We checked the consistency between the
direct reconstruction and the landscape theory results. Meanwhile, Kinetic properties can
be predicted directly from the landscape profile using Kramers theory for diffusive barrier
crossing, including the folding rates, the diffusion constant and the transition time for
crossing the barrier. Kramers theory has been widely applied to interpret the timescales
for protein conformational dynamics, but it has not been used to calculate protein folding
rates and transition times directly from experimentally-measured free-energy profiles.
Here, Kramers theory was used to predict the folding rates from the landscape profile,
recovering the values observed experimentally both under tension and at zero force in

ensemble experiments.
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Figure 8.11 Force-extension curves of PrP unfolding. (a) Ramping up the force
produces a FEC: the DNA handles stretch until the protein unfolds abruptly, here in a
two-state process. 10 representative unfolding FECs (red) and refolding FECs (black) are
shown (curves offset for clarity). Curved lines represent wormlike chain fits to the folded
(cyan) and unfolded (blue) states. (b) The distribution of unfolding forces fits well to Eq.
4.4, yielding the barrier height for unfolding and location along the reaction coordinate. (c)
The unfolding rate as a function of force obtained from the FECs (Dudko et al., 2008) fits
well to Eq. 3.8, yielding the same parameters. (d, €) Similar fits for the refolding rate and
refolding force distribution yield the barrier height and location for refolding. Fit results
are given in text.
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FEC measurements similar to those described above were performed: the traps
were moved apart to ramp up the force until PrP unfolded, and moved close to ramp
down the force to refold the protein. Similar behaviors were seen as the molecule
unfolded and refolded, with the same change in contour length, as expected (Fig. 8.11a).
The distribution of unfolding forces, p(F), was fitted with Dudko model (Dudko et al.,
2006), Eq. 4.4, to recover the key features of the folding landscape: Kunfoid, Axnt and AGyF
(Fig. 8.11b). We also calculated the force-dependent unfolding rates (Fig. 8.11c) from the
survival times during the pulling measurements (Dudko et al., 2008), and fit them to Eq.
3.8. Based on these two sets of fits, we found that Axy** = 9 + 1 nm from the native state,
10g Kynfora = —6 = 1 5%, and AG\*° = 64 % 6 kd/mol from the native state. The refolding
force distributions (Fig. 8.11d) and force-dependent refolding rates (Fig. 8.11e) were fit
to Eg. 4.5 and Eq. 3.8, analogously to the data from the unfolding FECs, yielding Koq,
Axy*? and AGy*°. The results from 1,062 refolding curves were Axy’=3.0+ 0.6 nm, log
kiola = 3.9 £ 0.2 s, and AGy*" = 5 + 3 kd/mol. Based on the unfolding and refolding
FECs, from the Crooks theorem, the free energy difference between the native and the
unfolded state was estimated to be 56 + 5 kJ/mol (Fig. 8.12), in good agreement with the

result from the energy landscape reconstruction (Fig. 8.10b).

Using these landscape parameters, we evaluated the transition path time from Eq.
2.2, assuming that x, = x,, (Chung et al., 2009) and making use of the fact that the
Kramers prefactor can be expressed in terms of the fitting parameters as
ko = kexp(AG*/kgT) (Eq. 2.1). The result for the unfolding transition was T, = 4x10%! s,
where the uncertainty arises mainly from the dependence of k, on AG* and hence is in the
exponent. For the refolding transition, the landscape parameters implied a similar value,

T = 5x10™%° pis. Given that 1, is expected to be the same regardless of the direction of
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the transition (Chaudhury and Makarov, 2010), we averaged the results to obtain

Typ = 5%10%%° ps.
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Figure 8.12 Free energy estimation from the Crooks theorem. Representative work
distributions at different loading rates for unfolding (solid lines) and refolding (dashed
lines) show the crossing point around 66 kJ/mol.

The landscape parameters from the FEC analysis also allowed the diffusion
constant for barrier crossing to be determined by making some assumptions regarding the
shape of the energy profile. For example, based on Eqg. 2.1, under the assumption of

linear-cubic potential profiles,

1P 1
3| AG* kT k,T

As for 1, the values were calculated independently for unfolding and refolding. For the

~13+1
0

unfolding transition, D = 6x1 m?/s, whereas for refolding, essentially the same result

was found, D = 3x10 **%® m?/s. Since the values are again expected to be the same, we

-13+05
0

averaged them to obtain D = 4x1 m?/s.
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Figure 8.13 Constant-force trajectories of PrP folding. (a) Extension records at
constant force for three different forces show abrupt jumps as PrP unfolds/refolds in a
two-state process. (b) The distribution of lifetimes for N and U are single-exponential.
Here the distribution and exponential fit are shown for N at 9.4 pN. (c) The rates for
folding (black) and unfolding (blue) vary exponentially with force, crossing at force F,.
Error bars show standard error.
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The reconstructed profile indicates a two-state system with a barrier roughly
midway between the native and unfolded states under 9 pN of tension. As an independent
test of whether this overall picture is correct, we analyzed equilibrium measurements of
the extension at constant force, in the range ~8-10 pN. Representative records at different
forces (Fig. 8.13a) were filtered to remove the short-lived off-pathway states and the
lifetimes of the two states were determined by threshold analysis (Woodside et al.,
2006b). The lifetimes were single-exponentially distributed at each force (Fig. 8.13b), as
expected for a transition with a single rate-determining barrier. The folding and unfolding
rates varied exponentially with force (Fig. 8.13c) and were well fit, over the limited force
range sampled, by the Bell formula (Bell, 1978) Eqg. 3.7. These fits yielded a barrier
10.4 + 0.6 nm from the folded state at ~8—10 pN, in good agreement with the location of
the barrier in Fig. 8.7b. The rates from constant force measurements also agreed
reasonably well with the rates obtained from the FECs (Fig. 8.11). The force producing

equal folding and unfolding rates, F.,, was 9.1 + 0.1 pN.

However, for the above analysis of the energy barrier, the diffusion constant and
the transition path time assumed a specific shape for the landscape profile (i.e., linear-
cubic). To verify that this assumption was reasonable, we repeated the calculation based
on the reconstructed energy landscape profile. However, attempts to calculate D and 1,
from the undeconvolved profile (Fig. 8.13b) produce incorrect results: using the
curvatures of the wells and barrier from Fig. 8.7b and the folding/unfolding rates at 9 pN,
D = 6x10"°*"* m*s and hence 1, = 3x107**“ us. Both of these values are 2 orders of
magnitude slower than those obtained from the FEC kinetic analysis above; 1y, IS also 1
order slower than the upper limit of ~ 40 us found by direct examination of the
trajectories (Fig. 8.14). This slower diffusion behavior can be explained by inducing an
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effective diffusion constant D, which includes the diffusion of the protein plus the
handles together. Under this framework, our result agrees well with previous finding that

the effective diffusion of the construct is tether dependent (Berkovich et al., 2012).
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Figure 8.14 Direct estimate of an upper bound for the transition time. Segments of
the unfiltered constant-force extension trajectories, centered around the folding transitions,
were extracted from the full trajectories, aligned on the center of the transition (red: 100
representative transitions), and averaged to remove Brownian fluctuations (black: average
of over 3,300 transitions). An upper bound for the transition time was estimated at ~ 40

us from the average time required to move between the inflection points of the folded and
unfolded distributions (dashed lines).

Using the correctly deconvolved energy landscape profile which contains the
information of the protein only, we were able to test the consistency of the deconvolved
profile with the results found previously from FECs and constant force measurements. At
9.1 pN tension, the barrier is located ~ 8.5 nm from the folded state and ~ 11.5 nm from
the unfolded state (with an error of one bin width, or 1.5 nm), in good agreement with the
Ax* values from constant-force trajectories. Tilting the profile back to zero force (Fig.

8.10b, red), we compared it to the results of the FEC kinetic analysis. The barriers
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previously found at zero force for leaving the folded state (Fig. 8.10b, black) and the
unfolded state (Fig. 8.10b, blue) agree within error with the barrier in the reconstruction,
within error (the uncertainty in the barrier height after deconvolution is estimated at + 5
kJ/mol). The free energy of the native state estimated from Crooks theorem (Fig. 8.10b,
black circle) also agrees within error with the reconstructed landscape, validating the
reconstruction and deconvolution. In addition, the shape of the landscape supports the

earlier assumption of a linear-cubic profile for determining D and .

log rate (s'1)
T

I I I

0 5 10
Force (pN)

Figure 8.15 Comparison between experimental and predicted rates. The rates for
folding and unfolding found from FEC analysis (black: folding; purple: unfolding) and
constant-force measurements (grey: folding; blue: unfolding) agree within error with the
rates calculated directly from the deconvolved landscape profile by Kramers theory, when
tilted at various forces (red: folding; cyan: unfolding). Shaded areas represent error in
calculated rates. Zero-force folding (brown) and unfolding (green) rates are from
chemical denaturation measurements (Wildegger et al., 1999).

Next, we tilted the deconvolved profile over a wide range of forces and
calculated the folding and unfolding rates predicted by Kramers theory (Eq. 2.1). Since
the rates at all forces depend on the same diffusion constant D, this effectively amounts to

fitting globally all the force-dependent rates in Fig. 8.11c, Fig. 8.11e, and Fig. 8.13c. The
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global fit yielded D = 8x10 **** m?/s, consistent within error with the result from the FEC
kinetic analysis. The predicted rates (Fig. 8.15, red: folding, cyan: unfolding) recapitulate
the force-dependent rates found from both the FEC kinetic analysis (Fig. 8.15, black:
folding, purple: unfolding) and the constant-force measurements (Fig. 8.15, grey: folding,
blue: unfolding), over four orders of magnitude. They also agree well, within error, with
the rates found at zero force (Fig. 8.15, brown: folding, green: unfolding) from chemical

denaturation studies (Wildegger et al., 1999).

Finally, we used the fitted value of D to recalculate 1y, from the deconvolved
profile. The result, Ty, = 2x10 %! s, is somewhat faster than the previous result from the

kinetic analysis, but consistent given the relatively large uncertainty.

8.4 Discussion

The results presented above show that the protein folding energy landscape
profile reconstructed by measuring single molecules under tension can be used to predict
key properties, ranging from commonly-studied observables such as the folding rates to
rarely-characterized measures such as the transition path time, as well as fundamental
guantities such as the diffusion constant. To assess the validity of these results, we
compared them to independent measurements of PrP and other proteins using different
techniques. Considering first the rates, the folding rate predicted at zero force from Fig.
8.10b, 5x10*! s*, agrees well with the rate found for PrP from ensemble chemical
denaturation measurements, ~4x10% s (Wildegger et al., 1999). This agreement between
ensemble and single-molecule results supports the notion that the same barrier is being

probed in the two different measurements, despite the different modes of denaturation
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(Dudko et al., 2011). The Kramers prefactor k, calculated at zero force, 10! s * from Fig.
8.10 or 10°*° s from the FEC kinetic analysis, is also consistent with the range found
experimentally in previous work: 10°~10° s™* for contact formation in unfolded
polypeptides and proteins (Krieger et al., 2003; Nettels et al., 2007), though it is lower
than a previous estimate of 10° s from unfolding ubiquitin by atomic force microscopy

(Popaetal., 2011).

The force-dependence of the rates depends primarily on the distance to the barrier,
AX*: very small Ax* leads to “brittle” behavior where the rate changes little with force,
whereas larger AX* results in “compliant” behavior with a strong force-dependence. PrP
folding is clearly compliant, similar to proteins like helical coiled-coils (Gebhardt et al.,
2010) or calmodulin (Junker et al., 2009), but contrasting with the folding of many other
proteins like titin (Rief et al., 1997), ubiquitin (Popa et al., 2011), and GFP (Dietz and
Rief, 2004). This suggests that the key interactions holding the structure together are
located far from the points at which force is applied, allowing large extension fluctuations
to occur before the protein reaches the transition state. Given that each unfolded amino
acid extends ~ 0.22 nm at F+,, Ax* corresponds to ~ 40 amino acids unfolded. Such a non-
compact transition state was recently suggested by phi-analysis of PrP folding (Hart et al.,
2009), which showed a structural nucleus developing between the helices 2 and 3 of the
native fold (Fig. 6.1). One possible transition state consistent with both the single-
molecule and phi-analysis results would retain the core of the molecule (most of helix 2
and 3, the adjacent loop and B-strand 2) while unfolding B-strand 1 and helix 1. This
picture is also supported by NMR studies showing that -strand 1 is relatively unstable

(Julien et al., 2009), but additional experiments, possibly combining phi-analysis with
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single-molecule measurements, will be required to explore the nature of the transition

state in more detail.”

The most interesting aspect of the landscape analysis is the ability to quantify
properties such as the diffusion constant over the barrier and the transition path time,
which are extremely difficult to measure by any method. For the diffusion constant, an
average of the results from the two methods used above (kinetic analysis and landscape

12204 m?/s. This value is similar to the

deconvolution) yields the final result D = 1x10~
range reported from fluorescence studies of intrachain diffusion in unfolded proteins:
typically D ~ 10 °-10™ m?/s (Chen et al., 2009; Hagen et al., 1996; Nettels et al., 2007),
although in one case as low as 10 m%s (Waldauer et al., 2010). Crucially, however, our
result characterizes diffusion across the barrier itself, the critical parameter in Kramers
theory. In contrast, previous work described diffusion within the unfolded state only,
which may be different (Best and Hummer, 2010). The value we find is at the low end of
the range, as would be expected since any structure formed near the transition state would

presumably slow the configurational diffusion relative to the unstructured chain. We are

not aware of any other published measurements of D for barrier crossing in protein

* It was recently suggested from a study of apomyoglobin that compliant folding may be
indicative of a molten globule rather than the native structure (Elms et al., 2012). We do
not believe that we are observing a molten globule state for PrP, for several reasons. First,
PrP was held at low force (< 2 pN) for 1-2 s between unfolding events, more than
sufficient time to form the native structure given the very fast folding rate (Wildegger et
al., 1999). Similar conditions in the apomyoglobin study were indeed claimed to lead to
the native structure; the molten globule was only observed when insufficient refolding
time was allowed at low force (e.g. in constant-force measurements). In contrast to this
previous study, however, we did not see any change in Ax* for unfolding when comparing
FECs to constant force measurements. Second, there is independent support for an
extended transition state from phi-analysis (Hart et al., 2009). Third, the agreement
between the folding rate predicted from the landscape at zero force and the measured rate
strongly suggests that the same barrier is being probed in the pulling measurements and
ensemble denaturation studies.
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folding, for more direct comparison. However, our results are consistent with a previous
analysis of force spectroscopy measurements of titin unfolding (Carrion-Vazquez et al.,
1999; Hummer and Szabo, 2003), which implied a value D = 1x10™*? m?/s (although D

was not explicitly calculated).

Turning to the transition path time, an average of the results from the kinetic
analysis and landscape deconvolution yields 1y = 2 10%%* jis. This is much faster than
the characteristic timescale for folding at zero force, ~100 ps, but in excellent agreement
with the only direct measurements of 1y, for folding proteins, which found ty, ~ 2 ps for
the WW domain of the formin binding protein and t, < 10 ps for the protein GB1 (Chung
et al., 2012). Our result also agrees very well with an atomistic equilibrium molecular
dynamics simulation in explicit solvent, which found 1, = 0.5 = 0.1 ps for the FiP WW
domain (Shaw et al., 2010), corresponding to Ty, ~ 1.5 ps after viscosity correction
(Chung et al., 2012). Interestingly, PrP is twice as large as GB1 and three times as large
as the WW domains, but still has a similar transition path time, suggesting that Ty, iS
relatively insensitive to protein size. The topology of PrP is also quite distinct from that
of the other proteins, suggesting that 1y, is also insensitive to topology. In contrast, both
protein size (lvankov et al., 2003; Li et al., 2004) and the topology of the native fold

(Baker, 2000) are known to play important roles in determining the folding rate.

In conclusion, these results demonstrate the power of single-molecule methods
for quantifying the fundamental properties driving folding reactions. They also represent
a stringent test of the underlying landscape theories, showing that landscape theory can be
used to understand force spectroscopy measurements in a comprehensive, unified way.
Not only can the location and height of free energy barriers be determined, and indeed the

full profile of the landscape, but these can even be used to predict folding and unfolding
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rates over many orders of magnitude, as well as the values of elusive quantities such as
the diffusion constant and transition path time. A similar analysis could be applied to
force spectroscopy measurements for many other proteins, pointing the way towards

increasingly quantitative experimental applications of folding landscape theories.
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9. Structural conversion of prion protein dimers via a

multi-step pathway observed at the single-molecule level”

Having described the folding pathways accessible to monomeric PrP, we now go
one step further to study the interactions that drive misfolding of PrP in the context of
aggregates by characterizing the folding pathways of dimers formed by joining two PrP
molecules at their termini. Single dimer molecules held under tension in optical tweezers
were unfolded and refolded by ramping the force up and down. Remarkably, although
isolated PrP molecules folded rapidly into the native structure in a two-state process,
neither domain of the dimer ever formed the native fold. Instead, the dimer invariably
formed a stable, misfolded structure via multiple partially-folded intermediates. Only a
single misfolding pathway was observed. We mapped the energy landscape underlying
the misfolding and identified a key intermediate that leads to misfolding by blocking the
formation of native structure. These results provide mechanistic insight into the formation

of non-native structures by the prion protein (Yu et al., under preparation).

9.1 SMFS of PrP dimers and the observation of stable misfolded

structures

In order to observe directly the formation of stable misfolded structures, we used
force spectroscopy to investigate the folding of individual dimers of PrP, as the smallest

form of oligomer. PrP dimers have been suggested to play a role in conversion from PrP°®

* A version of this chapter has been submitted for publication. Yu, H., Dee, D. R., Liu,
X., Brigley, A. M., Sosova, |. and Woodside, M. T. Structural conversion of prion protein
dimers via a multi-step pathway observed at the single-molecule level. In this work, H.Y.
helped build the instrument, performed experiments with X.L., and analysed data with
D.R.D. Proteins were provided by A.M.B. and I.S..
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to PrP*° (Tompa et al., 2002), although larger oligomers seem to be more infectious
(Silveira et al., 2005). Recombinant PrP forms dimers both at low pH (Gerber et al., 2008;
O'Sullivan et al., 2007) and upon dilution from 0.2 to 0.05% SDS (Jansen et al., 2001;
Kaimann et al., 2008), while brain-derived PrP dimerizes in vitro (Meyer et al., 2000). A
model for conversion of PrP® to amyloid based on dimeric domain swapping has been
proposed (Lee and Eisenberg, 2003), inspired by the domain-swapped dimer found in the
crystal structure of human PrP (Knaus et al., 2001). Most interestingly, synthetic PrP
dimers have been shown to be toxic to neurons both in culture (Roostaee et al., 2009;
Simoneau et al., 2007) and in mouse models of prion disease (Simoneau et al., 2007). By
covalently connecting two monomers of hamster PrP(90-231) end-to-end similarly to
these synthetic dimers, we were able to compare the structures formed by two PrP

molecules held in close contact to those formed by isolated monomers.

Dimers of SHaPrP were made in two ways: first, from monomers of PrP(90-231),
the protease-resistant fragment of PrP*, linked via disulfide bonds between cysteine
residues engineered at the termini (Zheng et al., 2011); and second, expressed as a single
tandem-repeat protein from a synthetic gene. The DNA for the genetic dimer construct
with an N-terminal His tag was synthesized (DNA 2.0) and inserted in the pJexpress406
plasmid. The 35-kDa protein was expressed in E. coli C41 (DE3) (Lucigen) and purified.
Briefly, cell pellets were resuspended in lysis buffer (6 M GdnHCI, 50 mM phosphate,
500 mM NaCl, 0.5 mM PMSF, 20 mM imidazole, pH 7.4) and sonicated for three 10-s
intervals. B-mercaptoethanol and Tween 20 were added to a final concentration of 10 mM
and 0.5%, respectively, before the lysate was centrifuged, filtered, and purified by FPLC
(GE Healthcare) using a Ni-NTA column (Qiagen) equilibrated with the lysis buffer. The
sample was then washed with lysis buffer and eluted with elution buffer (6 M GdnHClI,
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50 mM phosphate buffer, 250 mM imidazole, pH 7.4). Monomeric PrP(90-231) was
expressed, purified, and refolded as described previously in chapter 7. Before attaching
DNA handles, protein was reduced with TCEP in a 100:1 molar ratio with PrP for 30 min,
desalted by spin column (Zeba, Thermo Scientific) to remove excess TCEP, and activated
with 2,2'-dithiodipyridine (Sigma-Aldrich). Incompletely-activated PrP molecules formed
dimers upon re-oxidation. Monomeric PrP and recombinant PrP dimers were expressed

and purified by Angela Brigley and lveta Sosova.

PrP dimers were attached to DNA handles linked specifically to labeled beads
held in dual-beam optical tweezers (Fig. 9.1a), as previously described in chapter 7. The
extension of the molecules was measured as the traps were moved apart at a constant rate
to ramp up the force, and then again as the traps were brought back together, thereby
generating FECs of the unfolding and refolding, respectively. FECs of dimeric PrP were

compared to FECs of monomeric PrP measured in the same way.

In the case of the monomer, as described previously, the force increased
monotonically as the DNA handles were stretched out, until the protein unfolded in a
single step around 10 pN (Fig. 9.1b, red), creating a sawtooth “rip” pattern (due to the
abrupt extension increase and concomitant force drop as the unfolded protein was
stretched out by the tension) that is characteristic of cooperative unfolding (Borgia et al.,
2008). Refolding FECs retraced the same two-state, cooperative behavior (Fig. 9.1b,
cyan), with a slight hysteresis due to the high pulling speed. The change in contour length
during the structural transitions, AL, was found by fitting the FECs to extensible WLC
models (Eqg. 4.3) in series for the protein and handles. AL, agreed exactly with the result
expected: 34.3 + 0.4 nm as compared to 34.3 nm from the NMR structure of natively-

folded SHaPrP (James et al., 1997).
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Figure 9.1 SMFS measurements of PrP dimers show the presence of stable
misfolded states. (a) Individual PrP molecules (left: monomers, right: dimers) were
linked via disulfide bonds to DNA handles bound to beads held in optical traps. (b)
Unfolding (red) and refolding (cyan) FECs of PrP monomers show apparently two-state
folding. Dashed lines show WLC fits for the native and unfolded states. (c) Unfolding
(red) and refolding (cyan) FECs of PrP dimers show the formation of stable non-native
structures, in contrast to the sequential unfolding of identical domains that would be
expected for independently-folded PrP® domains (inset). (d) Two types of unfolding
FECs were observed in successive unfolding/folding cycles: type 1 (black) and type 2
(red). (e) Representative constant force trajectories at different forces showed the
complex misfolding pathway of PrP dimers. Red dashed lines label different states along
the misfolding pathway.

Considering next the dimers, if the two monomeric domains were independently
folded into their native structure, then one would expect to observe two consecutive
sawtooth rips in the FECs, with unfolding forces and contour length changes matching
the values seen for monomeric PrP (Fig. 9.1c, inset). Such behavior has been observed
very commonly in force spectroscopy measurements of many different proteins where
monomers were connected together to form tandem repeats (Cao and Li, 2007; Carrion-
Vazquez et al., 2003; Dietz et al., 2006; Jollymore et al., 2009; Lee et al., 2006; Rief et al.,
1997; Rief et al., 1999). The actual behavior observed in measurements of the PrP dimer,
however, was strikingly different, indicating that neither domain was natively folded.
FECs of dimer unfolding (Fig. 9.1c, red) often displayed one large rip at a force lower
than native unfolding (~ 8 pN), followed by a shoulder-like region and then a distinctly
smaller rip at a force higher than native unfolding (~ 15 pN). Refolding FECs retraced the
small rip at high force, but not the large rip at lower force, displaying instead a broader
shoulder region at ~ 5-10 pN (Fig. 9.1c, cyan). Repeated unfolding-refolding cycles
showed that some of the unfolding FECs did not contain the large rip at low force,
matching instead the shape of the refolding FECs; these curves, too, however, showed
none of the characteristics of the unfolding of native PrP® (Fig. 9.1d). For convenience,

the two classes of unfolding were denoted type 1 (Fig. 9.1d, black) and type 2 (Fig. 9.1d,
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red). Constant force measurements of the dimer further confirmed the formation of non-

native structures via a complex folding pathway (Fig. 9.1e).

To characterize the structures formed by the dimers more quantitatively, we
measured the total change in contour length upon complete unfolding by fitting the FECs
to WLC models as for the monomer (Fig. 9.2, dashed lines). In the case of the type 2
unfolding, the total AL, from 768 FECs was found to be 56 + 3 nm (Fig. 9.2a). This is
significantly less than twice the AL, for unfolding PrP® (68.6 nm), indicating that some of
the residues involved in the structured domain of PrP® were unfolded. In contrast, for
type 1 unfolding the total AL, was 81 £ 1 nm from 644 FECs (Fig. 9.2b), significantly
more than twice the AL, for unfolding PrP®. The latter result indicates that some of the
residues that are unstructured in the natively-folded monomer (namely residues 90-124)
were in fact sequestered within the misfolded dimer structure. We estimated the number
of amino acids, n,,, in the misfolded dimer using the AL.-n,, relation: n,, = (AL, + d)/L:™.
In the case of monomeric PrP€, d; = 3.1 nm is known from the NMR structure (James et
al., 1997), but no such structural information is available for the misfolded dimer.
Assuming slightly larger values of dr ~ 4 and 5 nm for type 2 and type 1 unfolding,
respectively, the dimer structures involved approximately 170 amino acids for type 2

unfolding and 240 for type 1.

9.2 Metastable sequential intermediates on the misfolding pathway
The presence of multiple rips in the FECs indicates the existence of metastable

intermediates in the misfolding pathway, in contrast to the two-state folding of

monomeric PrP®. To investigate the misfolding pathways in more detail and determine
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the number of intermediates, we fit the intermediate regions of the FECs to WLC models
as done above for the high- and low-force regions. Since all unfolding and refolding
FECs showed a discrete rip around 15 pN, we first fit this high-force transition (Fig. 9.2a).
The contour length change was found to be the same for all unfolding FECs (whether
type 1 or 2) as well as refolding FECs, 15 + 1 nm (from 2882 curves). We denoted this
state Ip1 (first intermediate in the dimer). The structure and stability of the states can be
characterized in terms of AL, and the unfolding force (F). Therefore the two
dimensional F-AL. plot of the different states provides the unique fingerprint of the
specific pathway the molecule unfolds through. A total of 700 individual FECs collected
from five dimer molecules were collected to examine the heterogeneity of the dimer
folding pathways. The F-AL. plot (Fig. 9.2 ¢ and d) displayed identical clusters of the
initial states and Ip1 for both types of FEC behaviors, indicating all dimer molecules

followed the same unfolding pathway.
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Figure 9.2 Intermediates on the misfolding pathway of PrP dimers. (a) WLC fits
(dashed lines) to different parts of a representative type 2 FEC (red) reveal the contour
length changes (AL.) in the dimer. The total AL is 56 nm, more than the 34-nm change
for a single PrP® domain but less than two. An intermediate, labeled 151, unfolds at ~15
pN, with AL. of 15 nm. A "shoulder" with non-WLC behavior at 5-10 pN indicates
additional intermediate states. (b) WLC fits (dashed lines) to a representative type 1 FEC
(black). The total AL is 81 nm, more than twice the change for a single PrP® domain. Ip1
is again observed unfolding at ~ 15 pN. (c) F-AL plot of four different molecules
(different colors) from type 2 FECs, showing the same unfolding force and contour
length change. (d) F-AL, plot of five different molecules (different colors) from type 1
FECs. Compared with the fingerprint from type 2 FECs (grey), the intermediate state 11
was on pathway to both types of dimer molecules.
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As noted above, in addition to the discrete rip around 15 pN the FECs also
contain a shoulder-like feature around 5-10 pN, where the curves deviate from the
expected WLC behavior. Such features can arise from transitions that are fast compared
to the rate at which the force and extension are measured. When the folding/unfolding
rate is slow, then only a single transition (as for native folding in Fig.9.1b) or possibly a
small number (as for Ip1 in Fig. 9.2a) are observed, each appearing as an abrupt rip in the
FECs. When the transition rates are fast, however, the average effect of many transitions
is measured at each point in the FEC, resulting in a smooth increase in extension as the
time spent in the unfolded state increases with force. We modeled this shoulder-like
feature by assuming a rapid quasi-equilibrium for each transition with a force-dependent
unfolding probability, since the presence of a series of intermediates which unfold/refold
at equilibrium confounded the identification of distinct species for fitting with the WLC
model, which is classically used to fit non-equilibrium transitions. In this quasi-
equilibrium WLC model, each transition was assumed to be two-state and each state was
characterized by its contour length change (AL.) and an equilibrium unfolding force (F.,).
The extension of the full construct was described as the sum of the extensions from the
handle, the amount of unfolded polypeptide prior to the transition, and the average

extension expected from the transition itself:

n .

X(F)=xp (F)+xy (F)+ X Py (F)ax; (F), (9.1)
1=

where x4(F) is the extension of the handles, xy(F) is the extension of the unstructured

portion of the protein, n is the number of structures being unfolded and Ax;(F) is the

extension of the ith structure of the protein. The force-dependent extension, Ax(F), can be

related to AL, by the WLC model (Eq. 4.3). The probability of any state being unfolded at
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a given force value obeys the Boltzmann relation: P,/(F) = {1+exp[(F'y,—F)-Axi(F)]} *

(Eqg. 3.6).

Considering first the type 2 unfolding curves and the refolding curves, which
both exhibit the same behavior, we averaged each set of curves measured on the same
molecule and fit the average to Eq. 9.1 (Fig. 9.3a). We found that the shoulder feature in
these curves could not be well fit by a single unfolding transition into Ip1 (Fig. 9.3a,
cyan), but it was well fit by two sequential transitions (Fig. 9.3a, red): we denoted the two
additional states 12 and 153, as shown. In type 2 curves, the dimer thus unfolded in the
sequence 1p3 — Ip2 — Ipl — U (where U denotes the unfolded state). Refolding curves,
which simply retraced the type 2 unfolding curves (Fig. 9.3d), therefore followed the
reverse sequence of states. From the fits, the average AL values were 23 =+ 1 nm for the
transition from 153 to Ip2 and 17 + 2 nm from 152 to Ip1; the average F., values were
respectively 6.5 £ 0.4 pN and 8.5 £ 0.4 pN. The same kind of fitting was applied to type 1
unfolding curves, but only to the portion of the curves after the large rip at low force. In
this case, the average curves were well fit by a single transition with AL, =17 =2 nm and
F,, =9.0 £ 0.3 pN (Fig. 9.3b, red). Since these values are the same as for 152 to Ip1, we
conclude that unfolding in type 1 curves followed the sequence Mp — Ip2 — Ipl > U

(where Mp denotes the fully-misfolded state of the dimer).
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Figure 9.3 Quasi-equilibrium transitions between on-pathway intermediates in the
shoulder region of FECs. (a) An average (black) of multiple type 2 FECs (grey) was
well fit in the shoulder region (5-10 pN) by a model that assumed two sequential, rapid
transitions (red) rather than a single transition (cyan), as shown by the significant
reduction of the fit residual (inset). The dimer unfolded sequentially through three
different structures in type 2 curves: 153, 12, and Ip1. (b) The shoulder-like feature in
type 1 FECs was well fit assuming the presence of an additional, rapid transition (red), as
shown by the significant reduction of the fit residual (inset), with the same characteristics
as the Ip2—Ip1 transition in type 2 FECs. (c) Unfolding FECs (grey), here type 2, were
averaged (black) and fit over the range 10—20 pN to a model assuming a single unfolding
transition, corresponding to Ip1 (red). (d) Refolding FECs (red) had the identical behavior
as type 2 unfolding FECs (black). (e) A refolding curve (red) shows complete refolding
from U to Mp_All intermediate states (Ip1, Ip2 and Ip3) are on the pathway to Mp. A type
1 unfolding curve is shown for comparison (black). (f) The fraction of FECs exhibiting
type 1 behavior rose with the waiting time at low force between successive pulls. A
single-exponential fit (red) yielded a rate of 0.5 + 0.2s* for the transition from Ip3 to Mp.

Refolding FECs almost always ended up in the state 153, without any observable
transition into Mp. Very rarely, however, complete sequential refolding from U to Mp
passing through each of the three intermediates was in fact observed (Fig. 9.3e),
indicating that all five states are indeed on a single folding pathway. The fact that Mp was
almost never observed directly during refolding suggests that Mp must form slowly at
low force. Consistent with this picture, the fraction of curves exhibiting type 1 behavior
could be increased by increasing the waiting time at low force between successive
unfolding curves (Fig. 9.3f). A single-exponential fit yielded a rate of 0.5 + 0.2 s™* for
forming Mp. We thus concluded that all FECs in fact represent the same underlying
pathway consisting of 5 sequential states: Mp <> Ip3 <> Ip2 <> Ipl <> U (Fig. 9.4a). Type
1 unfolding curves don’t show evidence for Ip3 because it has a lower average unfolding
force than Mp (7.0 £ 0.5 pN compared to 9.1 + 0.5 pN) and hence the two states always
unfold concurrently. Interestingly, we note that the first 3 transitions in the folding
pathway (Fig. 9.4a) are fast compared to the native folding rate, since they all are near or
at equilibrium (i.e., the unfolding and refolding curves are coincident), whereas for the

same pulling rates native folding is out of equilibrium at the same pulling rates (Fig. 9.1b).
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In contrast, the final step in misfolding (formation of Mp) is very much slower than the
native folding rate, 0.5 + 0.2 s * compared to ~ 10* s * (Hart et al., 2009; Wildegger et al.,

1999).

9.3 PrP dimer energy landscape

Having elucidated the folding pathway of the dimer from the sequence of
transitions in the FECs, we analyzed the unfolding forces to deduce the shape of the
fundamental energy landscape underlying the observed behavior. First, we found the free-
energy difference between each of the 5 states in the sequential folding pathway, treating
the pathway as a series of two-state transitions. In the case of the transitions between U,
Ibl, 1p2, and 153, all of which were fast and hence in quasi-equilibrium in the FECs, the
free-energy difference in each transition was found from fitting the average FECs as in
Fig. 9.3: AG = Fy, ‘AX(F) — AGsyreten(F) (EQ. 4.14). In the case of the transition between
13 and Mp, which was not in equilibrium, we used the fit to the transition kinetics (Fig.
9.3f) to determine the equilibrium free energy from the asymptotic ratio of the state
occupancies at long delay times: AG = KkgTIn(Mp/ 1p3). The results are listed in Table 9.1.
As a consistency check, we also found the total free energy change for complete
unfolding by integrating the FECs to obtain the distribution of non-equilibrium work
done on the molecule and then applying the Jarzysnki equality (Jarzynski, 1997) to
determine the free energy from the distribution of non-equilibrium works. The result,
AGyy = (29 £ 2) — (6 £ 2) = 23 £ 3 kcal/mol, agreed within error with the sum of the free

energy changes for the individual transitions, 24 + 2 kcal/mol.
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Table 9.1 Structure, Kinetic and stability parameters of the misfolded dimer and

intermediate states.

Mp 1p3 1p2 bl
Aleto UTromWLC | g9, 4 56+ 3 - 1541
fits (nm)
ALc to next state from - 231 1742 | 144+04
equilibrium fits (nm)
Fy from equilibrium - 65+04 | 85+04 | 13105
fits (pN)
AG to next state (kcal
1 05+0.1 6+1 7+1 11+1
mol-)
Logkuntora () ~68+03 | —50 +0.4 - ~116+0.9
AXH (nm) 12.0 £0.3 | 13.1 £0.8 - 12.8+1.2
AG*® (kcal mol-) 13+1 11+1 -- 21+1

Finally, we determined the locations and heights of the barriers between each

state, key properties of the misfolding energy landscape, from the distribution of

unfolding forces (Fig. 9.4b). For a given transition, the unfolding force distribution can be
related to the unfolding rate at zero force, Kynrig, the distance to the barrier along the
reaction coordinate, Ax*, and the height of the barrier, AG*, using the Dudko model
(Dudko et al., 2006). The distributions for unfolding Mp, 153 and Ip1 were each fit to Eq.
9.1, with the results listed in Table 9.1. A complementary analysis based on the force-
dependent rates was also used (Dudko et al., 2008). Because discrete unfolding events
could not be observed for the rapid transition between 152 and Ip1, the properties of the
barrier between these states could not be quantified. The barrier positions and heights for

each transition were then combined piecewise with the free-energy differences and
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contour length changes between the 5 different states to reconstruct the energy landscape

profile for the dimer misfolding (Fig. 9.4c).
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Figure 9.4 Pathway and energy landscape for PrP dimer misfolding. (a) The
refolding pathway for the dimer (red) leads from the unfolded state to Mp sequentially
through each intermediate, at lower force. The unfolding pathway starts from My, (type 1)
or 13 (type 2) sequentially through each intermediate to the unfolded state, skipping over
153 in type 1 unfolding because of its low unfolding force. (b) Unfolding force
distributions for Mp, (black), 153 (blue) and 151 (red) are well fit by Equation 3, yielding
parameters describing the energy landscape for misfolding. (¢) PrP dimer misfolding
energy landscape at zero force, reconstructed from FECs. Energy and contour length
changes are plotted with respect to My, (Error bars: s.e.m).
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Figure 9.5 Topology of the PrP dimers. (a) PrP dimers were made in two ways: either
expressed as a single protein with the two domains (NC-NC topology) connected by a
GSG linker (top), or by covalent linkage of terminal Cys residues (yellow) by a disulfide
bond (bottom). In each case, DNA handles (blue) were attached to terminal Cys residues.
(b) Representative FECs from the recombinant dimer with WLC fits (cyan) of both type
1 (black) and type 2 (red). (c) F-AL. plot of recombinant dimer molecules from both type
1 (black) and type 2 (red) FECs, showing the same unfolding force and contour length
change with the disulfide-linked dimers (type 1: grey; type 2: pink), suggesting all PrP
dimers we measured have the same NC-NC topology.
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9.4 Topology of the PrP dimer

The dimers formed from cysteine-labelled monomers could, in principle, contain
monomers connected in three different orientations: NC-NC, NC-CN and CN-NC (where
N and C represent the N- and C-termini). These three topologies should give very distinct
folding/unfolding behavior, as the chain topology strongly affects folding (Shank et al.,
2010). In practice, all the dimer molecules displayed identical folding behavior (Fig. 9.2¢
and d), indicating that these molecules shared the same topology. The topology of the
disulfide-linked dimers was identified by comparison to the folding of a PrP dimer
expressed as a single protein (thus ensuring the NC-NC topology, Fig. 9.5a). The FECs
(Fig. 9.5b) and AL.—F . plots (Fig. 9.5¢) from the recombinant dimer were qualitatively
and quantitatively the same as those from the disulfide-linked dimers, indicating that they
all shared the NC-NC topology. It is possible that dimers connected with other
orientations do not form as readily (e.g. through a higher tendency to form aggregates),

therefore only NC-NC topology was selectively observed in our experiments.

9.5 PrP dimer invariably misfolds

To our knowledge, the energy landscape for a misfolding protein has never
before been reconstructed quantitatively. One of the most striking aspects of these results
is how frequently and easily the PrP dimer misfolds: it invariably follows a single
pathway to the same misfolded state, Mp. Moreover, whereas monomeric PrP folds as a
simple two-state system, the dimer forms multiple metastable intermediates in sequence
along the misfolding pathway. Simply joining two PrP domains together in tandem thus
completely changes the folding landscape of each domain, leading to a different structural

outcome. Interestingly, the uniformity of the PrP dimer misfolding contrasts sharply with
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the heterogeneous behavior observed for other aggregation-prone proteins like o-
synuclein and A, dimers of which were found by force spectroscopy to form a variety of
structures (Kim et al., 2011; Krasnoslobodtsev et al., 2012; Neupane et al.). Instead, the
dimer misfolding behaves remarkably like the native folding of a “regular” protein that
has evolved to have a minimally-frustrated landscape (Oliveberg and Wolynes, 2005),
with none of the complexity that should arise from the rugged landscape expected for
aggregation (Eichner and Radford, 2011). Even the change from two-state to multi-state
folding as the structure grows from 104 amino acids in PrP® to ~ 240 in the misfolded
dimer is consistent with the behavior of well-behaved natively-folded proteins, since
proteins larger than 100-150 amino acids almost invariably fold via intermediates

(Brockwell and Radford, 2007; Jackson, 1998).

The fact that the dimer never forms native structure stands in stark contrast to the
behavior observed for the many other proteins that have also been studied at the single-
molecule level as tandem-repeat oligomers. Such oligomers have been widely studied,
especially using AFM force spectroscopy (Cao and Li, 2007; Carrion-Vazquez et al.,
2003; Dietz et al., 2006; Jollymore et al., 2009; Lee et al., 2006; Rief et al., 1997; Rief et
al., 1999), and in almost all cases native folding was predominant, with little or no
misfolding reported. In work where the extent of misfolding was quantified, typically the
level was low. For example, AFM measurements of repeats of the titin 127 domain found
that neighboring domains misfolded into a larger structure approximately 2% of the time
(Oberhauser et al., 1999), whereas misfolding occurred 4% of the time for repeats of the
tenascin FN 111 domain (Oberhauser et al., 1999) and 3-8% of the time for spectrin
repeats (Randles et al., 2007). Misfolding of 127 tandem repeats was also measured using

single-molecule fluorescence and found to occur up to 5% of the time (Borgia et al.,
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2011). Optical tweezers measurements of calmodulin, which consists of two
independently-folding domains connected by a helical linker, also revealed rare
misfolding events (less than 1% of the time) (Stigler et al., 2011). Notably, however,
none of these misfolded states were thermodynamically stable, since they converted to
the native structure over timescales of seconds (Stigler et al., 2011) to days (Borgia et al.,

2011).
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Figure 9.6 Intermediate state 1p1. The secondary structure of PrP® is mapped onto the
dimer as it would occur if each domain folded natively. The intermediate 11 guides the
dimer down the misfolding pathway by helping prevent native structure formation. Since
it does not form in monomeric PrP, it likely spans the region between the two natively-
structured domains. A possible 52-amino acid structure for Ip1 obtained from ab initio
modeling is illustrated.

In contrast, the misfolded conformation of the PrP dimer is indeed
thermodynamically stable: the stability of Mp, AGy,s = 24 £ 2 kcal/mol, is slightly higher
than the sum of the stabilities of two natively folded domains (AGs = 11 £ 1 kcal/mol
per monomer). The stability of the misfolded dimer also contrasts with the misfolded

states of the monomer, all of which were considerably less stable than the native structure.
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Nevertheless, the fact that Mp is the thermodynamic minimum does not account for the
observation exclusively of misfolding: given that the energy difference between My and
two PrP® domains is only ~2 kcal/mol, equilibrium considerations would suggest that the
native structure should be observed ~4% of the time. One possible reason for the lack of
native folding in the dimer is that the intermediate 151, which forms at a force
substantially higher than the force at which PrP° folds, prevents the formation of PrP° in
either domain, thereby selecting preferentially for the misfolding pathway on kinetic as
well as thermodynamic grounds. This intermediate thus likely plays a key role in the
misfolding. Once the dimer has formed the misfolded state Mp, the barrier to return to the
native structure (via the unfolded state) would be very high, ~ 36 kcal/mol, since Mp
must be unfolded completely. Interestingly, this barrier height is similar in magnitude to

the result estimated from an ensemble kinetic study of misfolding (Baskakov et al., 2001).

Since Ip1 was not observed in monomeric PrP, it must involve interactions
between residues in both domains of the dimer. From the 15-nm contour length change
upon unfolding, we estimate that Ip1 consists of 45-55 amino acids. It thus almost
certainly encompasses the region spanning the link between the two domains, i.e. the C-
terminal residues of the first domain and the N-terminal residues of the second domain
(Fig. 9.6). Residues 109-122 of PrP are predicted to have a strong propensity to form a-
helical structure (Zhang et al., 1995), and a structurally-ambivalent “chameleon sequence”
capable of forming different secondary structures depending on the context provided by
neighboring sequences (Kuznetsov and Rackovsky, 2003) was identified in residues 114-
125 (Kuznetsov and Rackovsky, 2004), suggesting that this region could indeed form the
nucleus for a stable structure in the context of interactions with the C-terminal residues of

a neighboring domain, despite the fact that it is unstructured in monomeric PrP.
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Secondary structure prediction and ab initio modeling (Xu and Zhang, 2012) applied to
50-amino acid windows spanning the segment from the C terminus of the first domain to
the chameleon sequence of the second domain yielded possible structures for 151,
including a helix-turn-helix motif (Fig. 9.6). Previous force spectroscopy measurements
of similar structures in leucine zippers (Gebhardt et al., 2010; Xi et al., 2012) yielded

similar mechanical properties, suggesting that such a model is plausible, if speculative.
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Figure 9.7 CD spectrum of PrP dimers. CD spectrum of recombinant dimers shows an
increased B-sheet content compared with the spectrum of monomeric PrP® (black). The
dimer CD spectrum was similar at pH4 (red) and pH7 (blue), yielding the same secondary
structure content within error. A long path length (2 mm) was used for the spectrum at
pH7 owing to the need to reduce the protein concentration (1 uM) to prevent aggregation.
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9.6 Structure of the misfolded dimer and relevance of the misfolded

states

Force spectroscopy Yields a wealth of information about the pathway for the
misfolding, but it does not provide a high-resolution structure. Nevertheless, the results
provide constraints for building or testing structural models. For example, in the only
high-resolution crystal structure of PrP (Knaus et al., 2001), made from human PrP(90-
231), PrP forms a domain-swapped dimer in which each monomeric domain is structured
as in monomeric PrP® (Zahn et al., 2000) but the largest helix (helix 3) swaps positions in
the two domains. This domain-swapped structure could, in principle, form in the tandem
dimer, but in fact it is incompatible with the force spectroscopy results, since the stable
intermediate Ip1 is formed in part from the residues in the N-terminus that remain
disordered in the crystal structure. Other structural models for PrP dimers were generated
from MD simulations using constraints from chemical cross-linking and mass-
spectrometry analysis (Kaimann et al., 2008). A structure with the N termini from each
monomer domain in close proximity but distal to the C termini would not be possible in
our system owing to the constraints imposed by the domain connection topology.
However, evidence was also found for an alternate structure in which G90 cross-linked
with E221, which would be consistent with the repeat topology; unfortunately no model
for this structure was published. A dimer of the structural model proposed for PrP*® based
on MD simulations (DeMarco and Daggett, 2004) would yield AL upon unfolding of ~
90 nm, somewhat larger than the observed value but in the right general size range. A
parallel B-sheet model of PrP amyloid (Cobb et al., 2007) would imply AL ~ 70 nm for
the case of a dimer, again in the right range although somewhat smaller than observed. In

contrast, the observed AL, is much lower than what would be predicted by models in
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which each monomeric domain is structured from residues 90 to 230, AL; ~ 100 nm
(Smirnovas et al., 2011; Yang et al., 2005). The high stability of our dimers also contrasts
with the suggestion of a partially-denatured dimeric amyloid precursor existing in an

equilibrium with monomeric PrP (Stohr et al., 2008).

A key question is whether the misfolded dimer remains mostly helical, like PrP,
or has been converted to a more B-rich form, like PrP*. To test this question, we
measured the CD spectrum of the tandem dimer. Whereas monomeric PrP exhibits the
classic spectrum of a helical protein (Fig. 9.7, black), the spectrum of the dimer is
qualitatively different, exhibiting the shape characteristic of a structure rich in B-sheets
(Fig. 9.7, red). There is thus a substantial conversion of structure from helices to sheets in
the misfolded dimer. Such a conversion to a soluble, B-rich form has been studied
previously as a potential intermediate step in PrP* formation, being induced by low pH
(Bjorndahl et al., 2011) or a combination of moderately low pH and partially-denaturing
conditions (Baskakov, 2002; Gerber et al., 2008; O'Sullivan et al., 2007). Here, however,
low pH is not required: B-rich structures are seen both at pH 4 and neutral pH (Fig. 9.7,
blue). Quantifying the secondary structure content from the CD spectra, we found that the
structure converted from 43% helical and 13% sheets in the monomer (characteristic of
PrP®) to 11% helical and 35% sheets in the dimer. Suggestively, the low helical content is
consistent with recent work showing that the helical C terminus of PrPC is likely fully
converted to p-strands in PrP*° (Smirnovas et al., 2011), in contrast to earlier models
positing the retention of significant C-terminal helix content (DeMarco and Daggett,
2004; Govaerts et al., 2004). However, relating the bulk CD spectroscopy to the
structures observed with force spectroscopy is complicated by the fact that the dimers

oligomerize in bulk, as observed previously (Roostaee et al., 2009; Simoneau et al., 2007).
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We thus cannot rule out the possibility that individual misfolded dimers undergo
additional restructuring upon oligomerization, before the CD spectra are measured.
Nevertheless, these results do suggest that the misfolded dimer, Mp, is likely rich in -
strands. This interpretation is also consistent with the results of previous SM fluorescence
studies of PrP aggregation, which found evidence for the rapid formation of B-rich dimers

as the first step in aggregation (Post et al., 1998).

Dimerization has long been suspected to play an important role in pathogenic
conversion of PrP® (Tompa et al., 2002). Despite the previous evidence for the relevance
of dimeric states, however, including the toxicity of “artificial” dimers formed from
linked molecules (Simoneau et al., 2007), it is very difficult to ascertain whether any of
the species we have observed at the single-molecule level are in fact related to
pathogenesis in vivo. Nevertheless, although any connection to disease is only speculative,
our results show that PrP is uniquely pre-disposed to conversion into misfolded structures
through intermolecular interactions. Indeed, even the smallest oligomer, a dimer, can
rapidly and reliably convert to an apparently B-rich form that is more stable than PrP.
This misfolded structure likely acts as a first step along the aggregation pathway, as
reflected in the fact that the dimer aggregates much more rapidly than monomeric PrPC.
By mapping out the pathway for structural conversion of a disease-related protein, our
work represents an exciting new approach for understanding the microscopic mechanisms

of protein misfolding.
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10. Conclusions and future directions

10.1 Summary and implications of the work

In this thesis, we demonstrated a high-resolution SMFS method to study folding
and misfolding of single RNA and protein molecules using optical tweezers. The folding
and misfolding pathways of add adenine riboswitch (Neupane et al., 2011), PrP
monomers (Yu et al., 2012b) and dimers (Yu et al., under preparation) have been
characterized, and the corresponding energy landscapes have been analyzed to recover
important parameters that govern molecular folding, such as the diffusion constant,
transition path time and rates (Yu et al., 2012a). The intermediate and misfolded states
observed in our measurements were correlated to key structural components and
interactions within the folding pathways. We also suggested how the single-molecule
results could relate to the actual function or dysfunction of the molecules. Taken together,
our results should help to build a deeper understanding of the protein folding problem,
especially as it applies to prion proteins and misfolding. They have also helped establish a

general platform for single-molecule studies of disease-related proteins.

1. Biophysics of folding

Molecular folding is governed by energy landscapes. A better characterization of
the energy profile, which is difficult to measure experimentally, will provide a more
guantitative understanding of the physical principles underlying the folding process. We
have pushed the state-of-the-art in experimental measurements of energy landscapes by
validating the Hummer-Szabo formalism for energy landscape reconstruction from non-
equilibrium measurements (Gupta et al., 2011). Using this method, in combination with a

deconvolution procedure (Gebhardt et al., 2010; Woodside et al., 2006a), we recovered
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the free energy profile for the native folding pathway of PrP. This is only the second time
the landscape profile has been reconstructed for any protein and the first time it has been

done using non-equilibrium measurements.

Although in principle both methods for landscape reconstruction (equilibrium
and non-equilibrium) should result in the same information, they each have advantages
and drawbacks. Landscape reconstructions based on equilibrium measurements typically
provide higher spatial resolution. Given that the molecule explores all possible
conformations at equilibrium, however, problems can arise if there are multiple
folding/misfolding pathways (as for PrP), since all the pathways are projected onto the
same molecular extension axis, complicating the interpretation. In contrast, non-
equilibrium measurements offer the potential to select for specific pathways kinetically,
as we did for PrP, because the fast force ramps reflected primarily the properties of the

most prominent (here, native) folding pathway.

Our reconstruction also allowed the best experimental test of the 70-year-old
Kramers theory, as it applies to protein folding. Specifically, we were able to fit the rates
predicted by Kramers theory for the measured landscape profile to the rates measured
both under tension and at zero force in ensemble measurements. This was done over
approximately 6 orders of magnitude, with only a single unknown parameter (the
diffusion constant). In addition to extracting the diffusion constant, we were also able to
use landscape analysis to determine the transition path time for PrP folding. The
transition time had been previously found for only one other molecule, using a different
approach. These results demonstrate how advances in single-molecule theory and
experiment can be used to harness the power of landscape formalisms to describe the

mechanics of folding quantitatively.
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2. Prion science

Our results provided the first detailed, quantitative look at the folding landscape
of PrP, revealing a two state native folding pathway along with several misfolding
pathways. From our results, at neutral pH and without chemical denaturant there was no
intermediate detectable on the native folding pathway with lifetime longer than 50-100 ps,
the limit of our resolution. This observation does not completely rule out the possibility
of a partially-native intermediate, since an intermediate involving restructuring that
leaves the end-to-end extension unchanged, such as rearrangement of helix 1 (De Simone
et al., 2007), would not be detected in our measurement (although it could be detected by
changing the experimental geometry to pull on helix 1 instead of the terminus). It does
suggest, however, that the intermediates observed previously may be a function of the
particular measurement conditions, such as the presence of chemical denaturants, rather

than a general feature of PrP folding.

The most distinctive finding from the force spectroscopy of monomeric PrP was
the discovery of at least three different types of partially-folded intermediates off the
native folding pathway, under physiological conditions. The fact that this misfolding did
not require low pH urges us to reconsider the notion that PrP* develops in a low pH
environment such as endosomes (Caughey et al., 2009), as evidenced by the fact that
PrP*° localizes there (Veith et al., 2009) and low pH encourages misfolding (Bjorndahl et
al., 2011; Hornemann and Glockshuber, 1998). It is not evident a priori that the
environments in which most PrP* is found in the cell—likely those leading to the fastest
growth of PrP®—are necessarily the same as those in which the first PrP> seeds form.
Given that PrP explores non-native states at neutral pH, it is possible that seed formation

could take place in non-acidic environments such as the endoplasmic reticulum (e.g.,
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after being unfolded during membrane translocation), the cytosol (e.g., after retro-

translocation (Ma et al., 2002)), or the cell surface (Caughey and Raymond, 1991).

The misfolding of monomeric PrP originated solely from the unfolded state,
suggesting that the role of the unfolded state may be under-appreciated (Gerum et al.,
2009). Although the misfolded states were quite unstable in wild-type-PrP, they might be
stabilized by aggregation-enhancing mutations if they are involved in aggregation. This
speculation was supported by measurements of the C179A/C214A mutant, which lacks
an internal disulfide bond and is highly aggregation-prone in bulk (Maiti and Surewicz,
2001). The most common misfolded states were significantly enhanced in the mutant,
suggesting a role as intermediates on the aggregation pathway. Interestingly, the mutant’s
aggregation propensity is thus likely driven by the differences in the refolding from the
unfolded state rather than the lack of the disulfide bridge, given the absence of disulfide

bond in all proteins we used in our experiments.

Equally interesting is what was not observed. First, the amyloidogenic part of the
unstructured region (Kuwata et al., 2003) did not form even transient structure on its own,
indicating that any structure in this region must be induced by conditions not present in
the measurements, such as interactions with other molecules. Second, we found no
evidence for a stable misfolded form of monomeric PrP, as proposed recently (Zhou et al.,
2012). Since measurements in constant force are in equilibrium, all possible structures are
explored during the trajectories, but PrP® was the only stable, long-lived structure
observed. Hence any alternate structure must either require the truncated residues 23-90

or else specific experimental conditions not found in the single-molecule measurements.
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The most striking result was the conversion of PrP into a stable misfolded
structure upon forcing two monomers to interact closely as linked dimers. The dimer
exclusively misfolded via multiple partially-folded states; kinetic trapping of a metastable
non-native intermediate between two adjacent PrP domains apparently prevents the native
folding pathway, serving as the molecular basis for the thermodynamically stable protein
misfolding. Putting our observations on PrP dimers together with our previous results for
monomers begins to suggest a possible answer to the critical question of how misfolding
and aggregation start. It is reasonable to speculate that at the monomeric stages, the
unfolded PrP molecules, which could for example result from the retro-translocation of
PrP to the cytosol, have the ability to sample different misfolding pathways frequently,
however all misfolded states are partially-structured and unstable. Upon interaction with
another PrP molecule, a misfolded conformation may be stabilized (namely the misfolded
dimer state we observed). The requirement for the molecules to be unfolded during this
conversion is not implausible, given that neurotoxicity has been found when retro-
translocated PrP accumulates in the cytosol (Ma et al., 2002). Most techniques do not
have the ability of accessing such an early stage of the prion aggregation process, with
only a few molecules participating, but this is exactly the regime that takes best

advantage of the capabilities of single-molecule approaches.

3. General platform for protein misfolding studies

We made what are, to our knowledge, the first direct measurements of non-native
folding pathways for any single-domain protein (the simplest and most commonly-
studied type), as well as the first single-molecule observation of a thermodynamically
stable misfolded state. In the work presented here, methods for studying rare or transient

intermediate/misfolded states based on SMFS were developed, which should be useful
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for further investigation of misfolding and aggregation behaviours of disease-related
proteins. The threshold for detection of rare and transient states has been pushed to
unprecedented levels: occupancies as low as 0.001% and lifetimes as short as 50 ps,
representing significant improvements over previously published results. Given the
widespread existence of prion-like mechanisms in neurodegenerative diseases, these
advances enable a general platform for studying the misfolding and transmission of other
disease-related proteins at the single-molecule level. This offers the potential of wide
applicability for understanding disease pathogenesis and the development of new disease-

modifying therapies.

10.2 Future directions

Although many significant questions have been answered and new windows have
been opened by the research presented in this thesis, there is still a long way to go before
the general mechanism of protein misfolding in disease propagation can be fully
understood. Continued studies of small oligomers, larger aggregates and mutational
studies at the single-molecule level will lead a better understanding of this question.
However, no single technique can fully answer the question by itself. Therefore it is
necessary to bring multiple methods to bear on the problem. Computational simulations,
in-vivo biochemistry assays, and further development of optical tweezers with FRET

abilities promise a more complete picture of prionopathies.

10.2.1 SMFS of oligomers and aggregates
We started our work with the aim of understanding the simplest aspect of the

prion problem (within the larger problem of protein folding and aggregation, Fig. 1.1),
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namely the folding behavior of isolated PrP monomers. Then we took the first step
towards studying aggregation by linking two monomers together to investigate the
interactions within a dimer. Although our results suggested that the minimum size of
oligomers required for stable misfolding of PrP is the dimer, it is not at all clear what the
actual relation is with regard to the misfolded dimer observed in our single-molecule
assay and what are the subsequent pathways leading to amyloid fibrils. Since we propose
dimerization initiates the aggregation process, how the conversion progresses with
increasing oligomer size, and whether these structures have any toxic or pathogenic

attributes, would be the next questions to address.
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Figure 10.1 SMFS of PrP trimers. (a) Representative FECs of PrP trimers show a
complex folding pathway of a non-native trimer structure. WLC fits of different states
along the folding pathway are shown in dashed lines. The average contour length changes
for each state relative to the unfolded state are; 15 nm, 33 nm, 51 nm, 68 nm, 88 nm, 108
nm, 128 nm and 155 nm. (b) Representative constant force trajectories of PrP trimers at
different forces are shown in small segments, suggesting the complexity of the PrP trimer
folding pathway. The forces are decreasing from the left trace to the right. The dashed
lines are indicating the propagation of states as force drops.

To this end, we will need to investigate higher-order oligomers and aggregates.
For example, PrP trimers have been proposed to serve as the building-blocks for both the
spiral (DeMarco and Daggett, 2004) and p-helix (Govaerts et al., 2004) models of PrP*,
Preliminary SMFS results of PrP trimers made from disulfide-linked monomers showed
the formation of non-native structures via multiple intermediates (Fig. 10.1). Compared
with the monomers and the dimers, the PrP trimers reflected a much more complex
folding pathway, which was also implied from the constant force measurement (Fig.
10.1b). The total contour length change for unfolding the entire trimer structure was
estimated to be 155 nm, corresponding to the unfolding of a stable structure containing ~
430 structured amino acids, equal to the sum of all the amino acids contained within each
of the monomers. Since the structured part of PrP contains only 104 amino acids (James
et al., 1997), this result implies that monomeric domains inside a trimer interact to form
new structures incorporating the formerly unstructured part in PrP®. Such a structural
outcome is predicted in several models of PrpS (Govaerts et al., 2004; Smirnovas et al.,
2011), but how the structures formed by trimers in force spectroscopy measurements may
be connected to pathogenesis, and in what way they are related to the structures formed in
misfolded dimers, remains to be determined. Nevertheless, single-molecule studies of
small oligomers evidently provide rich opportunities for probing structural conversion of
PrP. Such methods can be further extended to study the structural properties of PrP

amyloid, as demonstrated by recent work applying force spectroscopy in combination
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with fluorescent imaging to map out inter- and intra-molecular interactions in yeast prion
amyloid (Dong et al., 2010). However, the folding pathways of higher-order aggregates
would be expected to become increasingly complex, as demonstrated in a set of FEC
measurements of a possible PrP aggregate of larger size (Fig. 10.2). The broad shoulder
feature of the FECs indicates the presence of a large number of intermediates under
equilibrium during the unfolding of the oligomer, which are difficult to resolve from the

measurement.
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Figure 10.2 FECs of a PrP aggregate showing the complex aggregation pathway. A
set of 44 FECs of aggregated H187R PrP overlaid (black) with WLC fits of the initial and
the final state (dashed lines). The contour length change is 190 nm, corresponding to a
size of a PrP tetramer or a larger oligomer. The broad shoulder-like feature at 5-20 pN
indicates the interconversion of a large number of intermediates under equilibrium during
unfolding.
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Figure 10.3 SMFS of monomeric H187R mutant molecules. (a) A set of 100 FECs of a
H187R mutant (black) with WLC fits of the native and the unfolded state (dashed lines)
shows a two-state folding behavior with a contour length change ~33 nm, similar as the
wild-type PrP. (b) Representative constant force trajectories of a H187R mutant confirm
a two-state folding of the molecule. (c) No evidence of misfolded states which are present
in the wild-type PrP has been found from the histogram analysis of the extension
trajectories.
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10.2.2 Disease-related mutations

More than 30 point mutations are related to prion diseases, and many of them
have significant effects on the stability of PrP as well (van der Kamp and Daggett, 2009).
Are the mutations going to cause intermediates to be populated, as deduced from previous
experiments (Apetri et al., 2004)? How do the folding landscape and transition state
change by introducing mutations into the protein? Can we relate these changes to the
PrP*° conversion process? Understanding how mutations alter the folding pathways and
the misfolding behavior of PrP will help us to understand the misfolding-related disease
mechanism. Although this thesis concentrated on wild-type PrP, we have begun to
explore mutations by measuring the C179/214A variant which is aggregation-prone but
not disease-related. As shown in chapter 7, the comparison of the mutant with the wild-
type PrP provided important implication about how protein misfolding may be promoted

by point mutations.

Studies of disease-related mutations of PrP have also been started, however, the
increased propensity of the disease-related mutants to aggregate created many challenges
for sample preparation. Two different mutants, F198S and H187R have been expressed
and measured with optical tweezers. Protocols for attaching handles were modified to
proceed in pH 4 sodium acetate buffer in order to minimize the aggregation of the
proteins, however, the efficiency of the attachment reaction was greatly reduced under
this condition. We were unsuccessful in measuring the monomeric F198S mutant, but
three molecules of monomeric H187R mutant were measured, and found to fold into a
structure with same contour length change as the native structure of PrP® (Fig. 10.3a).
One H187R molecule was measured at constant force, showing no significant population

of any of the three misfolded states observed in wild-type monomers (Fig. 10.3b and c),
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but additional data would be required to make reliable conclusions about the effects of the

mutation on the folding.
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Figure 10.4 SMFS of F198S dimers showing similar behavior to the wild-type
dimers. (a) Representative FECs of F198S dimers (black) show a similar behavior as the
wild-type PrP dimers. (b) Representative constant force trajectories of F198S dimers.

Given our observation of a stable misfolded dimer structure and the potential
(although speculative) that it might play a role in pathogenic conversion, it would be
interesting to probe the effects of disease-related mutations that significantly change the
propensity of PrP*® conversion on dimers, since presumably the mutations would affect

the thermodynamics and/or kinetics of the dimer misfolding. Changes in the dimerization
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process caused by pathogenic mutations would help provide evidence for the role of
dimerization as an important initial step during the conversion. We made initial
measurements on PrP dimers made from C179/214A, F198S and H187R monomers
linked with disulfide bonds. The preliminary results showed largely the same behavior as
for wild-type dimers: out of 3 F198S dimers and 3 H187R dimers (as well as 5
C179/214A dimers, although this is not a pathogenic mutation), all showed the same
pattern of sequential unfolding through multiple intermediates as wild-type dimers, with
similar unfolding forces (Fig. 10.4). One H187R dimer molecule unfolded differently
(Fig. 10.5), however, indicating the possible presence of different structures of PrP
dimers. Considerably more measurements on these mutations will be needed, as well as
investigation of more types of mutations, before firm conclusions can be drawn. However,
the strong aggregation propensity resulting from mutations will likely necessitate the

development of a more efficient sample preparation method.

10.2.3 Structural prediction in combination with computer simulations

Although single-molecule approaches have opened a new window on the
misfolding of PrP, by themselves they are likely not sufficient to address the main issues
that interest prion researchers. For example, even though our measurements show in
detail that dimers form misfolded structures, we can’t determine what this structure is
from our results. However, measurements like these deliver a richly-detailed set of
constraints that can be used to build or improve structural models of misfolded PrP as
well as to guide models or simulations of the conversion process. In particular they
provide distance and energy constraints for the possible structures (including

intermediates), the pathways available (native and non-native), transition rates, even
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information about the barriers. Integration of single-molecule experiments with
computational modeling approaches should therefore prove a very fruitful source of

future insight.
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Figure 10.5 FECs of H187R dimers showing a different behavior from the wild-type
dimers. A set of FECs of one H187R dimer molecule (black) shows two-step unfolding
behavior. Dashed lines are WLC fits of the three states along the unfolding pathway. The
contour length changes from the unfolded state are 36 nm and 75 nm, respectively.

To help test models, additional information could be obtained from single-
molecule assays by introducing different reaction coordinates into the measurements.
This can be done by pulling not just on the termini of the molecules, but also on different
parts of the sequence, as shown in previous work with other proteins where handles were
attached at various places in the structure (Bertz et al., 2008; Brockwell et al., 2003;
Carrion-Vazquez et al., 2003; Dietz et al., 2006; Junker and Rief, 2010; Yu et al., 2012c).
By using multiple different pulling axes, extra sets of constraints can be obtained to help

build structural models (Dietz et al., 2006). However, under this approach each
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measurement is still limited to a single reaction coordinate. To monitor more than one
reaction coordinate at once, we could modify our optical tweezers system to add the
ability to do FRET measurements as well. Combination of SMFS with FRET allows the
folding reaction to be measured in two dimensions simultaneously: one reaction
coordinate is the end-to-end extension of the molecule and the other is the distance
between the two fluorophores. Such experiments would give flexibility in the choice of
reaction coordinates and provide more robust constraints for the structure prediction

procedures.

10.2.4 Biological relevance of single-molecule results

One of the challenges for single-molecule researchers is to connect their results in
vitro to the full biological system and show they are relevant. In future work, we would
like to explore the toxicity and infectivity of the misfolded conformations we have
observed. To test the toxicity, we could use neuronal cell lines (Bedecs, 2008) or mouse
models (Groschup and Buschmann, 2008) and assay for cell death, as done in previous
work (Simoneau et al., 2007). To test infectivity, we might try several approaches. First,
we could try applying the PMCA assay (Castilla et al., 2005; Saborio et al., 2001) to the
misfolded oligomers, to see if they can act as templates for amplification. PMCA is an
ultrasensitive method, with the ability in principle to detect as little as possibly a single
PrP*® molecule (Saa et al., 2006). An amplification of misfolded oligomers would provide
support for their ability to convert native PrP®, so that the misfolded structure maintains a
biological-relevant infectivity. The protease digestion pattern of aggregates made by

PMCA as compared to the result for PrP° could also offer evidence for the oligomers
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sharing similar structural characteristics with PrP* (Atarashi et al., 2007; Atarashi et al.,

2008; Smirnovas et al., 2009).

Another approach to study infectivity would be to use a variant of our force
spectroscopy assay. In order to probe the mechanism of the templated conformation
change of PrP, which is believed as the basic mechanism underlying the propagation of
prion disease, an experimental system could be developed by linking a dimer to a
monomer using a much longer linker. By subjecting to force in optical tweezers, the
dimer is kept physically separate from the monomer at a few pN tension, allowing the
monomer folding into the native conformation while the dimer taking the misfolding
pathway respectively, given our current result that PrP° refolds at ~ 10 pN and PrP dimer
started to misfold at ~ 15 pN. As we bring the force down to zero, the misfolded dimer is
brought into contact with the natively folded monomer to investigate any possible
structural conversion of PrP® resulting from its interaction with the misfolded dimer. The
hypothesis would be that the misfolded dimer is able to recruit and trigger the misfolding
of PrPC, thereby strongly supporting the infectious nature of the misfolded dimer and

providing a direct relationship with PrP*".

Finally, it would be interesting to explore the effects of anti-prion agents that help
to clear up the disease. Several chemicals with anti-prion activity have been identified,
such as tetrapyrroles (Caughey et al., 1998; Dee et al., 2012; Nicoll et al., 2010) and
curcumin (Caughey et al., 1998), but their mechanism of action is not yet known. SMFS
could be used to observe the effects of these compounds on the folding of single PrP
monomers and oligomers, to provide insight into how they work, potentially leading to

more effective anti-prion therapies. Single-molecule approaches have much to offer
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protein folding/misfolding studies, and we foresee their increasing deployment to help

solve the central scientific questions posed by prions.
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