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Abstract

In recent years, there has been a growing interest in transitioning to a bio-
based economy by replacing petroleum-based products due to multiple drivers,
such as growing environmental concerns, consumer demand, and the need for
minimization of hazardous waste. Lignocellulosic biomass, composed of mainly
cellulose, hemicellulose and lignin, has a major role in this transition, owing to its
renewability, biodegradability and abundancy to obtain high-value bio-based
products, such as cellulose nanofibers, hydrogels and aerogels. Subcritical water
technology is a promising alternative to be employed for biomass processing to
minimize the use of hazardous chemicals and waste production. The objective of
this thesis was to employ subcritical water technology in the enrichment of
cellulose from lupin hull, a legume byproduct of the agri-food industry, and then
convert the obtained cellulose to nanofiber, and form cellulose nanofiber
hydrogels and aerogels by supercritical CO, (SCCO) drying.

Non-cellulosic fractions of the lupin hull, namely, hemicellulose and
lignin, were removed with subcritical water treatment, and the effects of process
parameters (pressure: 50-200 bar, temperature: 160-220 °C, flow rate: 2-10
mL/min, and pH: 2-12) on lupin hull fractionation were investigated. At the
optimized conditions (180 °C, 50 bar, 5 mL/min, and pH 6.2 within 40 min) for
maximum hemicellulose sugar yield (85.5%) removed in the extract, a cellulose
enriched residue (~80% cellulose) with increased crystallinity and thermal

stability was obtained.



To compare with the traditional methods used, a combination of sodium
hydroxide (NaOH) treatment (5-20%, 25-75 °C and 2-10 h) followed by acidified
sodium chlorite (ASC) treatment (1.7%, 75 °C for 2-6 h) was investigated for the
fractionation of lupin hull, and the treatment efficiencies were compared with
those of subcritical water for the isolation of cellulose fibers. The effect of lignin
content on the treatment efficiency was also examined by processing canola
straw, a high-lignin biomass, in addition to lupin hull. The amount of non-
cellulosics removal was higher for lupin hull (~90%) than that of canola straw
(~80%) at the conditions of 15% NaOH/99 °C/6 h followed by 6 h ASC
treatment, indicating that low lignin content favors the biomass fractionation. The
subcritical water treatment was as efficient as the optimized NaOH treatment
(15% NaOH/99 °C/4 h) that yielded a cellulose-enriched lupin hull residue of
~80% cellulose. Therefore, NaOH treatment was replaced with subcritical water
treatment in the subsequent process to obtain cellulose nanofibers to reduce the
use of chemicals.

Subcritical water-treated cellulose-enriched residue obtained at the
optimized conditions was further purified with an ASC treatment, and then the
resultant purified cellulose was fibrillated with ultrasonic treatments at varying
amplitudes (20-80%) for 15-35 min to obtain cellulose nanofibers. Increasing
ultrasonication amplitude and time resulted in enhanced fibrillation, with the
smallest average nanofiber diameter of 15 nm at 80% amplitude and 35 min

ultrasonication time.



Rheological characterization of the aqueous suspensions of cellulose
nanofibers obtained by ultrasonication was conducted in the concentration range
of 0.1-1.9 wt.%. All suspensions, except at 0.1 wt.% concentration, formed
hydrogels. Regardless of the concentration, all samples showed a typical shear-
thinning behavior. Increasing concentration of the suspension resulted in
hydrogels with an increase in the dynamic moduli, forming a stronger gel network
due to highly entangled structures.

Finally, highly porous (96.6-99.4% porosity) and lightweight (0.009-0.05
g/cm?® density) cellulose nanofiber aerogels were formed from hydrogels with 1-2
wt.% concentration using SCCOz drying and freeze drying methods. The resulting
cellulose nanofiber aerogels with the highest specific surface area of 115 m?/g, the
highest porosity of 99.4% and the lowest density of 0.009 g/cm® were obtained by
SCCO; drying of 1 wt.% hydrogel, which had a three-dimensional open
nanoporous (~8 nm) network structure.

The results suggest that subcritical water technology is a promising
method to enrich cellulose from lignocellulosic biomass, while reducing the use
of chemicals. Also, lupin hull is a good cellulose source to obtain nanofibers to
form hydrogels and aerogels without using chemical crosslinkers. The obtained
cellulose nanofiber hydrogels and aerogels could be considered as potential
candidates for many applications in food packaging, nanocomposites, paper
reinforcement, coating additives, tissue engineering scaffolds, filtration media,

thickening agents, rheology modifiers, and adsorbents.
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Chapter 1. Introduction and thesis objectives

1.1. Introduction

As overdependence on petroleum products has increased and depletion of
resources has become evident, the development of sustainable technologies and
the use of renewable biomass resources are critical to meet the growing
environmental concerns regarding pollution and waste generation, and the high
demand for petroleum-based materials. Consequently, much attention has been
focused on the utilization of lignocellulosic biomass as a raw material to produce
biomaterials, chemicals and energy. Lignocellulosic biomass consists mainly of
cellulose (30-50%), hemicellulose (15-35%), lignin (10-30%), and other minor
components (protein, soluble nonstructural sugars, nitrogenous material,
chlorophyll, and waxes) (Mosier et al., 2005). Cellulose and hemicellulose are
sugar polymers with chains of multiple sugars wrapped in a lignin sheet (Wyman
et al., 2005). Lignin is a highly complex material that provides strength to plant.
There are vast biomass sources, such as agro-industrial by-products from
cultivation (e.g. straw) and industrial processing (e.g. hull) that are particularly
suitable for the production of value-added materials since they do not compete
with the food sector (Knauf and Moniruzzaman, 2004). It is estimated that there
are 1x10'° metric tons of lignocellulosic biomass grown worldwide every year
(Smichi et al., 2014). Therefore, an efficient utilization of such resources is of
great importance not only to minimize the environmental impact, but also to

obtain high value-added products.



Isolation of cellulose nanofibers from lignocellulosic biomass for use in
food formulations, composite materials, packaging, cosmetics, and electronics to
improve strength and stiffness combined with low weight, biodegradability and
renewability is a promising way of adding value to biomass (Agarwal et al., 2006;
Hubbe et al., 2008). Cellulose nanofiber is a network of interconnected
microfibrils with little order on the nanometer scale, which is typically in the
range of 10-80 nm in diameter with length of several microns (Abdul Khalil et al.,
2012). The entangled network structure of nanofibers with a high aspect ratio and
high specific surface area allow formation of hydrogels via physical crosslinking.
The hydrogel structure permits formation of aerogel, which is an advanced
material with high porosity and surface area.

Recently, preparation of highly porous and lightweight aerogels based on
cellulose nanofibers has received great attention due to a number of desirable
characteristics of nanofibers, such as high aspect ratio, low thermal expansion,
good mechanical and optical properties, low weight, low density and
biodegradability (Syverud and Stenius, 2009; Yano and Nakahara, 2004). Freeze
drying is a widely-used method for aerogel formation where water is removed by
sublimation; however, supercritical carbon dioxide (SCCO) drying has been
accepted as a new method for forming aerogels with improved properties such as
higher surface area and porosity due to the lack of surface tension and liquid-
vapor interfaces in the pores (Pierre and Pajonk, 2002). This class of cellulose
aerogels based on nanofibers offer new application areas in medical and

pharmaceutical fields, where biocompatibility and biodegradability is needed



(Aulin et al., 2010), as well as in environmentally friendly packaging, and high
performance and biodegradable nanocomposites (Padkko et al., 2008).

Cellulose nanofiber production from lignocellulosic biomass include
fractionation of cellulose fibers with various treatments, such as acid, alkaline and
organosolv treatments and then fibrillation of the purified cellulose fibers using
mechanical approaches, such as high pressure homogenization, microfluidizers,
super grinding/refiner-type treatments, and high intensity ultrasonication
(Alemdar and Sain, 2008; Dufresne et al., 2000; Herrick et al., 1983; Iwamoto et
al., 2007; Taniguchi and Okamura, 1998; Wang, et al., 2016) alone or in various
combinations. Some researchers have also employed additional chemical pre-
treatments, such as surface modifications of cellulose fibers with TEMPO
(2,2,6,6-tetramethylpiperidine-1-oxyl radical)-mediated oxidation, and
carboxymethylation with chloroacetic acid, to achieve better fibrillation (Besbes
et al., 2011; Hubbe et al., 2008; Wagberg et al., 2008). However, these
conventional processes use hazardous chemicals and solvents, and generate large
amounts of waste streams that may require intensive waste treatment, raising
environmental concerns besides the additional processing costs.

In recent years, there is a growing demand for environmentally friendly
methods due to growing environmental concerns, government measures, and
social perception. Therefore, there is a critical need for alternative methods that
eliminate or reduce the use of hazardous chemicals and solvents and waste
generation from biomass processing. Subcritical water technology has received

attention as an environmentally friendly alternative technology for biomass



conversion because water is an inexpensive, abundant, non-toxic and
environmentally benign solvent (Brunner, 2009; Saldafia and Valdivieso-Ramirez,
2015). Under subcritical water conditions, the properties of water are modified by
increasing the temperature to below 374 °C and keeping the pressure high enough
to maintain the water in the liquid state. Subcritical water has unique properties of
dielectric constant, ionic product, density, viscosity, diffusivity, electric
conductance, and solvent ability. An increase in the ionic product and a decrease
in the dielectric constant, viscosity, and density of water in the subcritical region
makes it an excellent medium for fast, homogeneous and efficient reactions
(Kruse and Dinjus, 2007). Thus, subcritical water technology offers a promising
way to eliminate non-cellulosics components of biomass, such as hemicellulose
and lignin, and to create increased surface area of cellulosic fibers making it

accessible for further treatments to obtain nanofibers.

1.2. Hypothesis

Subcritical water technology can be used as an alternative technology for
the isolation of cellulose fibers from lignocellulosic biomass to produce cellulose
nanofibers. It was also hypothesized that cellulose nanofiber can be used to form
hydrogels and these hydrogels might be converted into aerogels using SCCO>

drying.



1.3. Thesis objectives
The main objective of this thesis was to develop an environmentally
friendly approach based on subcritical water technology to produce cellulose
nanofibers and to obtain cellulose nanofiber aerogels using SCCO, drying and
freeze drying.
The specific objectives were:
- to optimize the process parameters of subcritical water treatment, such as
pressure, temperature, flow rate and pH for the removal of hemicellulose
and lignin from lupin hull and, to determine the effects of treatment

conditions on the structure (Chapter 3),

- to optimize the treatment conditions of combined alkaline treatment, and
bleaching, such as concentration, temperature, and time for maximum
cellulose recovery from lupin hull and canola straw and, to investigate the
effect of lignin content of the starting materials on the treatment efficiency,
and to compare the efficiencies of the employed treatments with that of

Chapter 3 (Chapter 4),

- to investigate the production of cellulose nanofibers with ultrasonic
fibrillation of lupin hull cellulose isolated with the subcritical water-
assisted approach (Chapter 3), and to evaluate the effects of ultrasonication
parameters, such as applied amplitude and time on the fibrillation process

of cellulose fibers (Chapter 5),



to characterize the aqueous cellulose nanofiber suspensions/hydrogels of
lupin hull at varying concentrations in terms of morphology, structure, and

rheological behavior (Chapter 6), and

to investigate the effects of SCCO: drying and freeze drying, and the
concentration of cellulose nanofibers of lupin hull on the formation of

aerogels (Chapter 7).



Chapter 2. Literature review

2.1. Lignocellulosic biomass

Lignocellulosic biomass is the most abundant non-food biomass with a
worldwide annual production of 1x10!° metric tons (Smichi et al., 2014).
Lignocellulose is a generic term used for describing the main constituents in most
plants, namely cellulose, hemicelluloses, and lignin.

Figure 2-1 shows the chemical structure of a typical lignocellulosic
biomass. Cellulose and hemicelluloses are the main sugar polymers, and together
with lignin, represent the key constituents of plant cell walls. It also contains
smaller amounts of pectin, protein, extractives (soluble non-structural materials,
such as non-structural sugars, nitrogenous material, chlorophyll, and waxes), and

ash (Chakraborty et al., 2005).

. Microfibril
Hem1cellulose )

05z . Cellulose

Figure 2-1. Structure of lignocellulosic biomass (Adapted from Lee et al., 2014).



Inside the lignocellulosic biomass, cellulose appears to be the core of the
complex and is found in an organized fibrous structure. Hemicellulose is placed
both both the micro- and the macro-fibrils of cellulose. Lignin provides a
structural role to the matrix in which cellulose and hemicellulose are embedded
(Shevchenko et al., 1999).

Cellulose is the most abundant biopolymer on earth, existing in a variety
of living species, such as plant, animals, bacteria, and some amoebas (Perez and
Samain, 2010). Cellulose is a linear homopolymer composed of glucose units
linked together by f-1,4-glycosidic bonds with cellobiose (consists of two
molecules of glucose) residues as the repeating unit at different degrees of
polymerization (Fig. 2-2). The chemical formula of cellulose is (C¢H1005)n, where
n, degree of polymerization, depends on the cellulose source material. Typically,

10,000 to 15,000 repeat units form a single cellulose chain (O' Sullivan, 1997).

HO HO HO HO

@)

OH OH OH OH

Cellobiose unit

Figure 2-2. Chemical structure of cellulose.

There are three hydroxyl groups per repeating unit, so cellulose

macromolecules are likely to be involved in a number of intra- and inter-
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molecular hydrogen bonds, which govern the physical properties of cellulose
(Zimmerman et al., 2004). Each repeating unit is rotated 180°, creating a high
degree of symmetry since each side has the same number of hydroxyl groups.
This organization leads to a high degree of hydrogen bonding between adjacent
molecules of cellulose, creating highly crystalline regions, which makes cellulose
a relatively stable polymer. Thus, cellulose does not readily dissolve in typical
aqueous solvents. Cellulose swells but is unable to dissolve in water (melting
point: 260-270 °C) (Raymond, 1986).

During cellulose formation, van der Waals and intermolecular hydrogen
bonds between hydroxyl groups and oxygens of adjacent molecules promote
aggregation of multiple cellulose chains, forming fibrils which are packed into
larger microfibrils with 5-50 nm in diameter and several micrometers in length
(Moon et al., 2011). As shown in Figure 2-3, these microfibrils have highly
ordered (crystalline) regions where the cellulose chains are arranged in a highly
ordered crystalline structure and disordered (amorphous) regions that are in low

order distributed along the microfibrils (Klemm et al., 2005).

Amorphous C i ) Amorphous
region rystalline region region

Figure 2-3. Crystalline and amorphous regions in cellulose microfibrils.



Several types of interchangeable cellulose polymorphs (I, II, III, IV, V and
VI) have been identified depending on the inter- and intramolecular interactions
and molecular orientations present, or the treatments applied for isolation. Native
cellulose type I displays the best mechanical properties, which is subdivided into
two phases (I, and Ig) (Sugiyama et al., 1991). Thermodynamically, the I is more
stable than the Ia. It has been reported that cellulose I, was converted to Ig by
hydrothermal annealing at above 200 °C in a number of different acidic or basic
solvent media (Yamamoto et al., 1989; Yamamoto and Horii, 1993).

Hemicellulose is a complex carbohydrate structure that is composed of a
linear as well as branched polymers of pentosans (e.g. xylose and arabinose) and
hexosans (e.g. mannose, glucose, and galactose), and sugar acids (e.g.
galactouronic acid) (Fengel and Wegener, 1984). The backbone of hemicellulose
is either a homopolymer or a heteropolymer with branches with short lateral
chains linked by B-1,4-glycosidic bonds and occasionally B-1,3-glycosidic bonds
(Kuhad et al., 1997). Unlike cellulose, hemicelluloses are lacking crystalline
structure, mainly due to the highly-branched structure, and the presence of acetyl
groups connected to the polymer chain. They have lower molecular weight (150-
165 g/mol) than cellulose (180.16 g/mol) (Sjostrom, 1981). The hemicellulose
content of hardwoods and softwoods are different because hemicelluloses from
hardwood are mainly composed of xylans, whereas the dominant component of
hemicelluloses from softwood is glucomannans. In herbaceous plants including
crop byproducts, hemicellulose fractions are formed by a wide variety of sugar

residues, such as xylose, arabinose, glucose, galactose and mannose, depending
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upon the source (Fengel and Wegener, 1984; Saha, 2003). The structure of a

typical hemicellulose chain can be seen in Figure 2-4.

HO
N 0 0 0 0
o_| KoH O KoH O KOH O KOH 0
CH,
OH OH OH OH

Figure 2-4. Example of hemicellulose structure: xylan.
Lignin is the third most abundant organic polymer present in nature after

cellulose and hemicelluloses (Buranov and Mazza, 2008). It is an amorphous
three-dimensional hydrophobic polymer. In the plant cell wall, lignin protects
plants, imparting structural support, impermeability, and resistance against
microbial attack (Sanchez, 2009). Composition and structure of lignin vary
depending on its origin. Herbaceous plants, such as grasses and cereal straws,
have the lowest contents of lignin, whereas softwoods have the highest lignin
contents.

Lignin molecules are made up of three phenylpropane monomers: p-
coumaryl alcohol (p-hydroxyphenyl propanol), coniferyl alcohol (guaiacyl
propanol), and synapyl alcohol (syringyl alcohol) (Pérez et al., 2002; Sanchez,
2009) (Fig. 2-5). These monomers also known as monolignols are polymerized by
a radical coupling process that links them by carbon-carbon (C-C) and ether
bonds (C-O-C). The existence of strong C-C and C-O-C linkages in the lignin
affects its susceptibility to chemical disruption (Harkin, 1973). Covalent linking

also exists between lignin and polysaccharides, which strongly enhances the
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adhesive bond strength and acts as the “glue” that connects cellulose and

hemicellulose (Kumar et al., 2009).

There are three main types of lignin units, which are guaiacyl (with one
methoxyl group in the phenol ring), syringyl (with two methoxyl groups) and p-
hydroxyphenylpropane. The lignin from softwood is mainly composed of
guaiacyl units, the lignin from hardwoods contains both guaiacyl and syringyl
units, whereas the lignin of herbaceous plants, such as grasses and cereal straws
contain all three units in significant amounts at different ratios (Brodeur et al.,

2011).

OH OH OH

o) ) 0]

~ ’ ~

HO CHs  HC™ o CHs HO

Coniferyl alcohol Sinapyl alcohol p-Coumaryl alcohol

Figure 2-5. Major building blocks of lignin.

The fraction of each component in lignocellulosic biomass varies,
depending on the types of plants and regions as shown in Table 2-1. Even though
the total amount of hemicellulose and cellulose in such biomass usually accounts
for more than 60%, their lignin contents may vary depending on the biomass. For
example, softwood has greater amount of lignin compared to that of agro-
industrial by-products, such as cereal/oilseed straws and hulls.
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Among the agro-industrial by-products, lupin hull is the one of the lowest

lignin feedstocks. Lupin is a legume crop with 450 species mainly cultivated in

Australia. Lupin seeds contain high levels of protein and are used as valuable

ingredients mainly in bakery products as well as in dietary and functional food

products. Recently, the use of lupin seeds as a food source is increasing due to its

many health benefits. They are gluten-free, high in antioxidants, and considered to

be prebiotic. The hulls comprise about 25% of the seed weight and predominantly

contain structural polysaccharides, cellulose and hemicelluloses (Bailey et al.,

1974).

Table 2-1. Composition of lignocellulosic biomass.

Composition (wt.%)

Source Cellulose Hemicellulose Lignin Ref.

Hardwood 40-55 24-40 18-25  Sun and Cheng (2002)
Softwood 45-50 24-35 25-35  Sun and Cheng (2002)
Switchgrass 31-45 24-31 12-23  Howard et al. (2003)

Oat straw 31-35 20-26 10-15 Rowell (1992)

Wheat straw 35-40 21-27 15-25 Prassad et al. (2007)
Canola straw 32 21 19 Pronky and Mazza (2012)
Soy hull 56 13 18 Alemdar and Sain (2008)
Lupin hull 45 25 8 Ciftci and Saldafia (2015)
Bagasse 41-50 25-30 18-25  Guo et al. (2009)

Corn stover 27-48 13-27 14-31 Vanetal. (2011)

Corn cob 34 34 18 Van Dongen et al. (2011)
Coconut husk 44 12 33 Goh et al. (2010)

Rice husk 29-36 12-29 15-20  Allen et al. (2001)
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At present, some bread manufacturers use lupin hull flour in high fiber
bread making; however, huge amounts of lupin hulls are left as waste. Owing to a
unique aspect of its low lignin content, lupin hull is a promising candidate to
obtain high value added products, which needs less demanding delignification
processes. Thus, lupin hull can be used as an ideal feedstock to yield a wide range
of valuable products that can replace oil-derived products. Similarly, tons of
unused cereal and oilseed straws are generated every year, with only a small
percentage being used in applications such as feedstock and energy production.
For example, canola seed is one of the main oilseeds used for the production of
edible oil; however, it has been reported that high volume of canola straw (3
tons/ha) is annually ploughed into the ground or burnt (Yousefi, 2009). In
addition, there has been an increased interest in the use of triticale, which
produces more straw than other cereal crops (Pronyk and Mazza, 2010). Thus

triticale straws could be available for use as a renewable feedstock.

2.2. Fractionation methods of lignocellulosic biomass

The recalcitrance of lignocellulosic biomass is the main challenge to
overcome to use it as a renewable source for the production of chemicals and
fuels (Elander et al., 2009). The separation of the three main components of
lignocellulosic biomass is limited by many factors, such as lignin content,

cellulose crystallinity, water content and available surface area.
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Table 2-2. Methods for lignocellulosic biomass fractionation (Adapted from
Kumar et al., 2009).

Treatment Conditions Advantages Disadvantages
Biological
Several fungi Degrades lignin Slow hydrolysis rates
(brown-, and
white- and hemicelluloses;
soft-rot fungi) low energy
requirements
Physical
Chipping Room Reduces cellulose ~ Power consumption
Milling temperature crystallinity higher than inherent
Energy input < biomass energy
30 kW per ton
biomass
Chemical
Acid Type I: T>160°C, Hydrolyzes Equipment corrosion;
hydrolysis:  continuous-flow  hemicellulose to formation of toxic

dilute-acid

Alkaline
hydrolysis

Organosolv

process for low
solid loading 5-
10%)-

Type II:
T<160°C,

batch process for
high solid
loadings (10-
40%)

Low temperature;
long process
time;
concentration of
the base

150-200 °C with
or without
catalysts (oxalic,
salicylic, and
acetylsalicylic
acid)

xylose and other
sugars; alters lignin
structure

Removes
hemicelluloses and
lignin; increases
accessible surface
area

Hydrolyzes lignin
and hemicelluloses

compounds

Residual salts in
biomass

High costs due to
solvent recovery
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Table 2-2. (Continued)

Treatment Conditions Advantages Disadvantages
Steam 160-260°C Hemicellulose Destruction of a
explosion (6.9-48 bar) for hydrolysis and portion of the xylan
5-15 min lignin fraction; incomplete
transformation; disruption of the
cost-effective for lignin-carbohydrate
hardwood and matrix; generation of
agricultural high inhibitory
residues compounds
Ammonia 90°C for 30 min.  Increases Do not modify lignin
fiber 1-2 kg ammonia  accessible neither hydrolyzes
explosion /kg dry biomass  surface area, hemicellulose
method removes lignin and
(AFEX) hemicellulose
Ammonia 150-170°C for 14 Increases Do not modify lignin
recycle min. Fluid accessible neither hydrolyzes
percolation  velocity surface area, hemicellulose
method lcm/min removes lignin and
(ARP) hemicellulose
Ozonolysis  Room Reduce lignin Expensive for the
temperature content; no toxic ozone required
residue
Wet 148-200°C for Efficient removal High cost of oxygen
oxidation 10-30 of lignin; low and alkaline catalyst
min formation of
inhibitors; low
energy demand
Subcritical 100-374°C for Environmentally Lignin recondensation
water 221 bar friendly; increased
10-30 reaction rate due to
min enhanced mass and

heat transfer;
removes lignin and
hemicellulose

T: Temperature
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Lignocellulosic  biomass fractionation involves many different
technologies usually classified into biological, physical, chemical, and physico-
chemical (Kumar et al., 2009) (Table 2-2). The main goal of fractionation is to
deconstruct the cell wall matrix to remove or alter the lignin and hemicellulose

structures, and to increase the porosity of the cellulose fibers.

2.2.1. Biological methods

In this treatment, microorganisms, such as white, brown and soft rot-fungi
are used to degrade hemicellulose and lignin but leave cellulose intact (Sanchez,
2009). This method has some advantages, such as mild operation conditions and
low energy requirements; however, the rate of biological hydrolysis is very low.
Thus, it requires long processing times of 3-10 days compared to other
technologies (Sun and Cheng, 2002). Current efforts are to use biological

treatments in combination with chemical treatments.

2.2.2. Physical methods

Various types of physical processes, such as milling, chipping, and
extrusion are commonly used to reduce the size and thereby increase the
accessible surface area. The energy requirements of these physical treatments are
relatively high and depend on the final particle size and biomass characteristics
(Brodeur et al., 2011). These methods are too expensive, and they are employed
in combination with chemical treatments to improve the process efficiency

(Kumar et al., 2009).
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2.2.3. Chemical methods
Acid treatment

Acid treatment involves the use of concentrated and diluted acids to break
the complex structure of the lignocellulosic biomass. However, concentrated acids
are toxic, hazardous, highly corrosive and generate waste streams, which makes
the process very costly due to the corrosion of equipment and the need for
recovery of the acid after the treatment (Sun and Cheng, 2002). Thus, the most
widely employed acid is dilute acid to improve the economic feasibility. Dilute
sulphuric acid has been commercially used for a wide variety of lignocellulosic
biomass, including corn stover (Xu et al., 2009), spruce (Shuai et al., 2010) and
switchgrass (Digman et al, 2010) to remove hemicellulose. Other acids have also
been applied, such as hydrochloric acid (Wang et al., 2010), phosphoric acid
(Zhang et al., 2007), and nitric acid (Himmel et al., 1997). Also, organic acids
such as maleic and oxalic acid have been used (Mosier et al., 2001).

Dilute acids often solubilize hemicellulose without affecting lignin and
cellulose. Typically, the process employs 0.4-2% (w/v) of acid (mainly sulfuric
acid) at temperatures of 130-220 °C to recover hemicelluloses. The hydrolysis
might occur from a few minutes to some hours (Esteghlalian et al., 1997; Nguyen
et al., 2000; Silverstein et al. 2007). Dilute acid treatment of lignocellulosic
biomass results in the production of chemical compounds, such as acetic acid,
furfural, or 5-hydroxymethylfurfural (5-HMF) and oligomeric and/or monomeric
sugars to be used in the production of bioethanol, depending on the processing

conditions (Almazan et al., 2001; Ramos, 2003; Um and van Walsum, 2009). In
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addition, acid-soluble lignin could be released from the cell wall matrix into the
hydrolysates, which quickly condensete and precipitate in acidic environments
(Liu and Wyman, 2003; Shevchenko et al., 1999). The optimum conditions for the
treatment depend highly on the targeted sugars and the purpose of the treatment.
Acid hydrolysis alone is not enough to obtain relatively pure cellulose, thus, it is

generally followed by alkali treatments for removal of lignin.

Alkaline treatment

Alkaline treatment is used to break the bonds between lignin and
carbohydrates (cellulose and hemicellulose) and disrupt the lignin structure.
Alkaline solutions (0.05-0.15 g alkali/g lignocellulosic biomass), such as sodium
hydroxide, calcium hydroxide (lime) or ammonia are added in batch mode
directly to lignocellulosic biomass (Wyman et al., 2005), and as a subsequent
treatment to acid hydrolyzed lignocellulosic biomass (Moldes et al., 2002) or
before an acid hydrolysis (Paraj6o et al., 1996) to remove lignin and part of
hemicellulose and to efficiently increase the accessibility to cellulose. Alkali
treatments can be carried out at ambient conditions with long processing times in
the order of hours or days rather than minutes or seconds (Zheng et al., 2009).

Use of an alkali causes swelling, leading to increase the internal surface
area, a decrease in the degree of polymerization, and crystallinity with a
consequent separation of structural linkages between lignin and carbohydrates and
disruption of lignin structure (Carvalheiro et al., 2008). Then, it is followed by

saponification of intermolecular ester bonds crosslinking hemicelluloses and other
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components, such as lignin and hemicelluloses (Sun and Cheng, 2002). The effect
of the treatment depends on the lignin content of the raw material (McMillan,
1994). In contrast to acid treatments, alkaline-based methods are more effective
for lignin solubilization, exhibiting only minor cellulose solubilization
(Carvalheiro et al., 2008).

Sun et al. (1995) studied the effects of different alkaline solutions for the
removal of lignin and hemicellulose from wheat straw. They obtained that the
optimum condition to remove 60% of lignin and 80% of hemicellulose was using
1.5% sodium hydroxide for 144 h at 20 °C. Xylose was the major component of
the hemicellulose fraction obtained in the hydrolysates. Kim and Holtzapple
(2005) used lime to treat corn stover in order to remove lignin. Maximum lignin

removal of 87.5% was achieved at 55 °C for four weeks with aeration.

Organosoly treatment

Organosolv processes use an organic or aqueous organic solvent mixture
with or without an acid catalyst (HCI or H2SOs) to break the internal lignin and
hemicellulose bonds (Pan et al., 2007; Taherzadeh and Karimi, 2008) to
fractionate lignocellulosic biomass. The organic solvents commonly used for this
process are ethanol, methanol, acetone, ethylene glycol, triethylene glycol,
tetrahydrofurfuryl alcohol, glycerol, aqueous phenol and aqueous n-butanol
(Chum et al, 1988; Thring et al., 1990). The main benefit of organosolv treatment
is that relatively pure lignin (organosolv lignin) can be recovered as a by-product

(Hu et al., 2008). However, it is a complex and costly treatment because organic
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solvents are expensive and their use requires high pressure equipment due to
organic solvents high volatility (Brodeur et al., 2011). Ethanol and methanol have
usually been preferred due to their cheaper price compared to other solvents.
Solvent recovery is necessary after the treatment to reduce operation costs.
Operation temperature is in the range of 150-200 °C. It has been reported that a
more selective lignin removal can be achieved when a catalyst is used and less
degraded lignin is obtained for further applications (Kin, 1990; Vazquez et al.,
1992). However, Aziz and Sarkanen (1989) indicated that no catalyst was

required for satisfactory delignification at temperatures above 185 °C.

2.2.4. Physico-chemical methods
Steam explosion

Steam explosion is one of the most common methods for lignocellulosic
biomass fractionation. In this process, biomass is heated using high pressure
saturated steam in the temperature range of 160-260 °C at corresponding
pressures of 6.9-48.3 bar for several seconds to a few minutes, and then the
pressure is suddenly released, which makes the materials undergo an explosive
decompression, leading to hemicellulose degradation and lignin matrix disruption
(Kurabi et al., 2005; Ruiz et al., 2006). The process parameters that affect the
steam explosion are residence time, temperature, particle size and moisture
content of the lignocellulosic biomass (Sun and Cheng, 2002). Addition of
catalysts, such as acid or alkali, have been reported to improve the fractionation

(Stenberg et al., 1998, Zimbardi et al., 2007).
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During steam explosion, hemicellulose is hydrolyzed by organic acids,
such as acetic acids and other acid formed from breaking of acetyl groups or other
functional groups, released from lignocellulosic biomass. The acidic nature of
water at high temperatures promotes further hydrolysis of the hemicellulose as
well (Weil et al., 1997; Cantarella et al., 2006). Degradation of sugars also occur
during steam explosion, generating aldehydes like furfural (Garcia-Aparicio et al.,
2006).

There are several studies applying steam explosion to lignocellulosic
biomass. Lawther et al. (1996) reported that low pressure steam treatment (2 bar,
120 °C, and residence times of up to 300 min) had no detrimental effect on the
composition of wheat straw. Varga et al. (2004) applied steam explosion
treatment to corn stover and investigated the influence of different processing
conditions of temperature (185-195 °C), residence time (5-15 min), and
concentration of H>SO4 (2-36.5%, w/w) on sugar yield. They found that steam
treatment at 190 °C for 5 min with 2% sulfuric acid resulted in the highest overall
yield of sugars, 56 g from 100 g of untreated material, corresponding to 73% of
the theoretical amount calculated using equations. However, studies without a
catalyst reported sugar recoveries between 45-65% (Heitz et al., 1991). Although
steam explosion can effectively open up the lignocellulosic biomass structure,
leading to the reduction of particle size and increased pore volume, it leads to low

hemicellulose sugar yield along with low lignin removal (Excoffier et al., 1991).
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Ammonia fiber explosion (AFEX) and ammonia recycle percolation (ARP)

The AFEX treatment is conceptually similar to the steam explosion, which
can be presented as a combination of steam explosion and alkaline treatment. In
this process, lignocellulosic biomass is exposed to liquid ammonia at high
temperature and pressure for a period of time, and then the pressure is suddenly
released (Teymouri et al., 2005). Typically, an AFEX treatment is performed with
1-2 kg ammonia/kg dry biomass at 90 °C for around 30 min. It simultaneously
reduces the lignin content and solubilizes some hemicellulose; however, it does
not significantly remove hemicellulose as the acid treatments (Mes-Hartree et al.,
1988; Mosier et al., 2005).

The ARP is a flow-through process in which aqueous ammonia is sent
through a packed bed reactor, containing the biomass at a certain flow rate.
Process parameters are as follows: ammonia concentration, 2.5-20% (typically,
10-15%); reaction time, up to 90 min; solid concentration, 15-30% (w/w);
temperature, 140-170 °C; and percolation rate, 5 mL/min (Carvalheiro et al.,
2008). The main advantage of this treatment compared to the AFEX treatment is
its ability to remove the majority of the lignin (75-85%) and more than half of the
hemicellulose (50-60%) from lignocellulosic biomass (Kim and Lee, 2005). Iyer
et al. (1996) used ARP treatment for some herbaceous biomass and indicated the
removal of 60-80% and 65-85% lignin from corn stover and switchgrass,
respectively. The disadvantage of the AFEX and ARP treatments is that these
processes are expensive due to the cost of ammonia and its recovery process

(Holtzapple et al., 1991).
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Ozonolysis

Ozone can be used to fractionate lignocellulosic biomass, especially to
remove lignin by attacking and cleaving the aromatic ring structures, while
hemicellulose and cellulose are hardly decomposed. It is a powerful oxidant,
soluble in water and readily available. Treatments are carried out at room
temperature and normal pressure. It has been applied to many lignocellulosic
biomass, such as wheat straw (Ben-Ghedalia and Miron, 1981), cotton straw
(Ben-Ghedalia and Shefet, 1983), bagasse, green hay, and pine (Neely, 1984).
Vidal and Molinier (1988) reported that lignin content of poplar sawdust
decreased from 29% to 8% after ozonolysis treatment. A drawback of ozonolysis
is that a large amount of ozone is required, which makes the process costly.
Morrison and Akin (1990) applied ozone to grasses and identified caproic,
levulinic, p-hydroxybenzoic, vanillic, azelaic, and malonic acids and aldehydes,

such as p-hydroxybenzaldehyde, vanillin, and hydroquinone in the hydrolysates.

Wet oxidation

Wet oxidation utilizes oxygen or air as an oxidizer in combination with
water at elevated temperature and pressure (Bjerre et al., 1996). In this treatment,
water is added at a ratio of 1 L to 6 g biomass. A pressure of ~12 bar is reached
by pumping air into the vessel. In general, the process is carried out at 148-200 °C
for 10-30 min (Pedersen and Meyer, 2009). NaxCOs can be added to the mixture
to reduce by-product formation. During treatment, lignin is decomposed to carbon

dioxide, water, and carboxylic acids (Banerjee et al., 2009). Lignin removal
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ranges from 50% to 70%, depending on the processing conditions of wet

oxidation (Brodeur et al., 2011).

2.2.4.1. Subcritical water technology

Subcritical water is a unique and sustainable reaction medium. Recently,
there has been a growing interest in using subcritical water as a solvent and
reaction medium for lignocellulosic biomass fractionation. Subcritical water is
water above its boiling point at ambient pressure (>100 °C and 1 bar) and below
its critical point of 374 °C at 221 bar (Murphy and Koop, 2005; Saldafa and
Valdivieso-Ramirez, 2015) (Fig. 2-6). Water above its critical point is known as
supercritical water. Under these conditions, physical and chemical properties

(density, viscosity, dielectric constant, and ionic product etc) of water changes

dramatically.
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Figure 2-6. Phase diagram of water (Adapted from Murphy and Koop, 2005).
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Table 2-3 summarizes some physical and chemical properties of sub- and
supercritical water different from water at ambient conditions. Sub and
supercritical water behave more similar to gases than liquids due to their high
diffusion coefficient, thermal conductivity and low viscosity (Table 2-3)
(Brunner, 2009; Weingartner and Franck, 2005). Thus, water in the subcritical
region makes it an excellent medium for fast, homogeneous and efficient
reactions due to its low viscosity, low density and high solubility of organic
substances (Kruse and Dinjus, 2007). Decreasing the solvent viscosity leads to an
enhanced mass transfer, accelerating any mass transfer-limited chemical reaction.
The diffusivity increases by roughly an order of magnitude with the change in
density from 1 to 0.1 g/cm® (Akiya and Savage, 2002).

Water is a highly polar solvent with a high dielectric constant (g) at room
temperature and atmospheric pressure due to the presence of an extensive of
hydrogen bonded structure. The dielectric constant (e, measure of polarity) of
water decreases from 78.5 (25 °C, 1 bar) to 27.1 (250 °C, 50 bar) and 18.2 (330
°C, 300 bar) due to the weakening of hydrogen bonds with increasing
temperature, thereby attaining solvent polarities normally associated with polar

organic solvents.
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Table 2-3. Physico-chemical properties of water at different temperatures
(L: liquid, G: gas) (Adapted from Moller et al., 2011).

Ambient water

Subcritical water

Supercritical water

Temperature
(°C)

Vapor pressure
(bar)
Aggregate state
Density (g/cm?®)

Viscosity (mPa s)

Heat capacity, Cp

(J/g °C)

Dielectric

constant, €

Compressibility

Ionic product,
Kw
(mol?/L?)

0-100
0.03 (24 °C)

Liquid
0.997 (25 °C)

L:884,G:99

(25 °C)

L:4.2,G:2.0
(25 °C)

78.5 (25 °C/
1 bar)

No

10" increased to
10712 at 100 °C

100-374

1 (100 °C)-221
(374 °C)

Liquid

0.958

(101 °C/1.1 bar)
0.692

(330 °C/300 bar)
L: 277, G: 12.3
(101 °C)

L: 50.4, G: 30.7
(371 °C)
L:4.2,G: 2.1
(101 °C)

L: 69, G: 145
(371 °C)

27.1

(250 °C/50 bar)
18.2

(330 °C/300 bar)
Slightly

increased, but still

a liquid at 370 °C
Increases from
10712 (100 °C) to
107" (300 °C)

>374
>221

no phase separation
between gas-like
and liquid-like
densities, for
example, 0.252 (410
°C/300 bar)

Low

1300
(400 °C/250 bar)

5.9

(400 °C/250 bar)
10.5

(400 °C/500 bar)
Yes

Strongly decreasing
to below 1072°

(400 °C) and below
1 0—23

(550 °C); increases
slightly with density
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As observed in Figure 2-7, the dielectric constant values of subcritical
water resemble those of other less polar solvents at room temperature, such as
methanol (e= 32.6) and 1-butanol (e= 17.8) at 25 °C and 1 bar. Thus, under these
conditions, water could be used as an environmentally friendly alternative to
dissolve medium-polarity and even non-polar organic compounds compared to
petrochemical solvents, which are often toxic. In addition, solvent removal is
expensive and time-consuming. Water, on the other hand, is ubiquitous, non-toxic

and has low disposal cost (Curren and King, 2009).

90 -

80 Water (78.5)
70 -

60 - Formic acid (58.0)
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40 - Acetonitrile (37.5)
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10 T T T T T T T
0 50 100 150 200 250 300 350

Temperature (°C)

Figure 2-7. Dielectric constant of water as a function of temperature at 200 bar.
Solid circles on the plot are the values corresponding to different organic solvents
at 25 °C and 1 bar (values given in parentheses) (Adapted from Delgado-
Zamarreno et al., 2009).
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The ionic product (Kv) of subcritical water increases with temperature and
is 2-3 orders of magnitude (10! at 300 °C and 221 bar) greater than that at
ambient temperature (10"'%). The high concentrations of the H" and OH" ions,
resulting from the high K of water facilitate acid- or base-catalyzed reactions in
subcritical water, such as hydrolysis of ether and/or ester bonds, and also the
extraction of low-molecular-mass products (Kruse and Dinjus, 2007). At
temperatures above 300 °C, it starts to decrease with a further increase in
temperature. For instance, at a temperature of 400 °C and a pressure of >221 bar,
Kw becomes 102°. Above the critical temperature (374 °C), the ionic product
sharply decreases due to decreasing ion solvation with decreasing density.

Subcritical water differs not only from ambient water but also in some
aspects from supercritical water. Supercritical water is compressible, and the
properties strongly depend on the pressure. It is miscible with light gases and
small organic compounds (Kruse and Gawlik, 2003). Dominant reaction
mechanisms shift from those of free radicals to those of ionic through
manipulating the water density, which varies greatly with temperature and
pressure (Watanabe et al., 2004). The compressibility is still rather low in
subcritical water despite the high temperature. The relatively high density
combined with the high dissociation constant of subcritical water favors ionic
reactions, such as dehydration of carbohydrates and alcohols and aldol splitting
reactions (Akiya and Savage, 2002). However, radical reactions dominate at the

supercritical region, resulting in gasification (Kruse and Dinjus, 2007).
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2.2.4.1.1. Extraction and reaction mechanisms of lignocellulosic biomass in
subcritical water

Hemicelluloses are hydrolyzed much faster than cellulose. Hemicelluloses
are easily solubilized and hydrolyzed in subcritical water at temperatures above
180 °C while cellulose decomposition starts at temperatures over 230 °C and 98
bar (Bobleter, 1994). When the process is performed under suitable conditions
(temperature, pressure, flow rate and time), the hydronium ions (from water auto-
ionization and from in situ generated acids) catalyze the breakdown of
hemicellulosic polysaccharides, resulting in a number of effects. The cleavage of
O-acetyl and uronic acid substitutions from hemicellulose produces acetic acid
and other organic acids, which help catalyze the hydrolysis of polysaccharide,
such as hemicellulose into soluble oligosaccharides first, and then produce
monomeric sugars. Under acidic conditions, these monomeric sugars are
subsequently partially degraded to aldehydes, such as furfural and 5-HMF.

Subcritical water treatments have been reported to have the potential to
increase cellulose digestibility, sugar extraction, and pentose recovery, with the
advantage of producing hydrolysates, containing little or no inhibitor (such as
furfural and 5-HMF) of sugar fermentation (Kim et al., 2009). Many researchers
have attempted to fractionate hemicellulose and lignin from various
lignocellulosic biomass with subcritical water technology. Mok and Antal (1992)
found that almost 100% of the hemicellulose of various wood and herbaceous
plants was hydrolyzed at 230 °C, 2 min and 345 bar using subcritical water

treatment. Around 90% of hemicelluloses were recovered as monomeric sugars.
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Perez et al. (2008) applied subcritical water to treat wheat straw and obtained
maximum hemicellulose-derived sugar recovery and minimum degradation
products. After optimization of process variables, such as temperature and
residence time, 80% xylose recovery was achieved at 188 °C and 40 min (Perez et
al., 2008). Pronky and Mazza (2010) optimized the fractionation of triticale straw
using subcritical water technology to maximize hemicellulose and lignin yields,
producing also a cellulose rich fraction. They reported that subcritical water was
successful in removing 73-78% of the hemicellulose, leaving a cellulose-rich
residue of 65% glucose concentration. Lignin was equally distributed between the
solid residues and the extracts. The optimum reaction conditions for
hemicellulose yield were determined to be 165 °C, with a flow rate of 115
mL/min, and a water-to-solid ratio of 60 mL/g. At these optimum conditions, they
fractionated straws from five cereals (triticale, durum wheat, CPS wheat, feed
barley, and oats) and two oilseeds (canola, and mustard) with subcritical water
technology using a flow-through reactor in another study (Pronk and Mazza,
2012). More than 90% of the xylan and nearly 50% of the lignin were extracted
and there was no effect on the yield due to crop species.

Vrije et al. (2002) reported that lignin hydrolysis is catalyzed by alkaline
pH. Various phenols and methoxy phenols are formed by hydrolysis of ether-
bonds during hydrothermal degradation of lignin. These products can also
degrade further by hydrolysis of methoxy groups. Wahyudiono et al. (2007)
studied the hydrothermal breakdown of pure lignin at 350-400 °C. The main

compounds identified were catechol, phenols, and cresols, which resulted from
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the secondary hydrolysis of methoxy groups. Karagoz et al. (2005) also obtained
phenolic compounds (2-methoxy-phenol, 1,2-benzenediol, 4-methyl-1,2-
benzenediol, 3-methyl-1,2-benzenediol and phenol) from subcritical water

treatment of commercial lignin at 280 °C for 15 min.

2.3. Nanocelluloses

The term nanocelulose generally describes the cellulosic materials in
which at least one of the dimensions of the fiber is on the nanoscale. There are
basically two main classifications of nanocelluloses obtained from lignocellulosic
biomass, depending on the basis of their dimensions, functions, and production
methods: cellulose nanofibers and nanocrystals. Different terminologies are
interchangeably used in the literature to describe these cellulose nanoparticles.

As the world's most abundant renewable resource, lignocellulosic biomass
has a great potential for sustainable nanocellulose production. Therefore, cellulose
isolation from lignocellulosic biomass to prepare nanocelluloses has attracted
recent attention due to a number of desirable characteristics of nanocelluloses.
These characteristics include high aspect ratio (length to diameter ratio), low
thermal expansion, good mechanical and optical properties, low weight, low
density and biodegradability, which may lead to many applications in
nanocomposites, paper reinforcement, coating additives, food packaging, tissue
engineering scaffolds, filtration media, thickening agents, rheology modifiers,
adsorbents, etc (Fukuzimi et al., 2009; Nakagaito et al., 2010; Belbekhouche et

al., 2011; Abdul Khalil et al., 2012; Brinchi et al., 2013).
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Being the smallest structural unit of plant fiber, cellulose nanofibers,
otherwise known as cellulose nanofibrils, microfibrillated cellulose or
nanofibrillated cellulose, are formed by a bundle of stretched cellulose chain
molecules composed of crystalline and amorphous domains (Sakurada et al.,
1962) with long, flexible and entangled cellulose nanofibers. They are typically in
the range of 5-100 nm diameter and have lengths of a few microns since
nanofibers usually consists of aggregates of cellulose microfibrils (Svagan et al.,
2007). However, the structure of cellulose nanocrystals, otherwise known as
cellulose nanowhiskers, nanocrystalline cellulose or crystal of cellulose, is
characterized by primarily crystalline domains of cellulose chains produced by
chemical treatments such as acid hydrolysis (e.g. sulfuric acid or hydrochloric
acid) and range from 2 to 20 nm in diameter, with a length of 100 nm to several
micrometers. They have low aspect ratio (length/diameter) and limited flexibility
due to the absence of amorphous regions (Chakraborty et al., 2006).

Cellulose nanofibers can generally be produced by the combination of
different methods. In general, lignocellulosic biomass is treated by various
physical, chemical, and/or physico-chemical methods before mechanical
treatments to remove matrix components, such as hemicellulose and lignin, and to
obtain purified cellulose as described previously in Section 2.2. The treatments
need to be carefully controlled to avoid undesirable cellulose degradation (Wang

and Sain, 2007).

33



2.3.1. Production methods of cellulose nanofibers
Mechanical treatments

The production of nanofibers by fibrillation of cellulose fibers into nano-
sized elements requires intensive mechanical treatments. Many different
mechanical approaches have been developed, such as high pressure
homogenization, the use of microfluidizers, super grinding/refiner-type
treatments, combinations of beating, rubbing, cryogenic crushing, and high
intensity ultrasonication in various combinations (Table 2-4).

High pressure homogenization has been the most widely used method to
obtain cellulose nanofibers. Such materials were first obtained by Herrick et al.
(1983) and Turbak et al. (1983) using high pressure homogenization. Their
method includes passing cellulosic wood pulp suspensions through a high
pressure homogenizer at 550 bar. The resulting gels consisted of strongly
entangled and disordered networks of nanofibers.

During the homogenization process, the dilute slurries of cellulose fibers
are pumped at high pressure into a vessel through a very small nozzle (Frone et
al., 2011). Subjecting cellulose fibers to a large pressure drop with shearing and
impact forces promotes high degree of fibrillation of the fibers and results in the
release of nanofibers (Siro and Plackett, 2010). Zhang et al. (2012) obtained
cellulose nanofibers from bleached kraft bamboo pulp using chemical

pretreatment and high pressure homogenization.
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Table 2-4. Examples of production methods of cellulose nanofibers.

Raw Treatment Mechanical treatment Width  Reference
material (nm)
Bleached Enzymatic (by High shear refining, 10-75  Janardhnan
kraft pulp fungus OS1) cryocrushing/disintegrator and Sain
(2006)
Softwood Enzymatic High shear refining/high 5-20 Paakko et
pulp (endoglucanase)/ pressure homogenization al. (2007)
TEMPO-mediated
oxidation
Soybean Alkaline Cryocrushing/high 50-100  Wang and
stock (NaOH)/acid (HCI) pressure defibrillation Sain (2007)
Wheat straw  Alkaline Cryocrushing/high 30-40  Alemdar
and soy hulls  (NaOH)/acid (HCl) pressure and Sain
defibrillation/high (2008)
pressure homogenization
Wheat straw  Alkaline High pressure 1050  Kaushik
(NaOH)/acid homogenization and Sing
(HCl)/bleaching (2011)
(H20,)/steam
explosion
Poplar wood  Alkaline Ultrasonication 5-20 Chen et al.
(KOH)/bleaching (2012)
(acidified NaClO,)
Softwood Alkaline Ultrasonication ~3 Tanaka et
bleached (NaOH)/bleaching al. (2014)
kraft pulp (acidified
NaClO,)/TEMPO-
mediated oxidation
Banana Alkaline (KOH) Grinding/ High pressure 10-40  Velasquez-
rachis homogenization Cocka et al.
(2016)
Bamboo Alkaline Ultrasonication 30-50  Wangetal.
parenchymal  (KOH)/bleaching (2016)
cells (acidified NaClO,)

TEMPO: 2,2,6,6-Tetramethylpiperidin-1-yl)oxyl
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Zhang et al. (2012) studied the effect of sodium hydroxide dosage and
homogenization times on water retention value (WRV) of nanofibers. Their
results revealed that there was a linear relationship between the dosage of sodium
hydroxide and the WRV of nanofibers. It was found that the WRV and the degree
of fibrillation of fiber was increased when the number of high pressure
homogenization treatments was increased. Kaushik and Sing (2011) isolated
cellulose nanofibers from wheat straw using alkaline steam explosion followed by
chemical and high shear homogenization. They obtained nanofibers of 30-50 nm
in width with improved thermal stability. Degree of polymerization decreased
from 2609.7 for steam exploded wheat straw to 266.9 for cellulose nanofibers.
Homogenizers were widely used by other researchers as well to obtain nanofibers
(Besbes et al., 2011; Dufresne et al., 2000; Hassan et al., 2011; Henriksson et al.,
2007; Iwamoto et al., 2005; Liimatainen et al., 2014; Nakagaito and Yano, 2004).
However, the main issue of homogenization is the clogging of the system, which
is a challenge for upscaling such a process (Spence et al., 2011).

Some researchers have used commercial grinders with specially designed
disks to isolate cellulose nanofibers. In such equipment, the cellulose slurry is
passed between a static grind stone and a rotating grind stone, revolving at ~1500
rpm. The process consists of breaking the cellulose wall structure due to shear
forces generated by the grinding stones. Thereby, cellulose nanofibers are
individualized from the pulp (Taniguchi and Okamura, 1998). Iwamoto et al.
(2007) obtained nanofibers of 50-100 nm in diameter from softwood by treating

homogenized cellulosic pulp in a grinder up to 10 repetitions.
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Cryocrushing is another process for the preparation of nanofibers in which
cellulose fibers are frozen using liquid nitrogen and then crushed by applying high
shear forces (Chakraborty et al., 2005). Rupturing of cell walls and releasing of
nanofibers occur by the application of high impact forces to the frozen cellulosic
fibers due to the exerted pressure by ice crystals (Wang and Sain, 2007). Alemdar
and Sain (2008) isolated nanofibers from wheat straw and soy hulls via chemo-
mechanical treatments, involving cryocrushing followed by fibrillation and
subsequent homogenization. Their results indicated that almost 60% of the
nanofibers had a diameter within a range of 30-40 nm and lengths of several
thousand nanometers. In another study, nanofibers having a diameter in the range
of 50-100 nm were produced from soybean stock using cryocrushing method by
Wang and Sain (2007).

Recently, an ultrasonication method has been successfully applied for the
fibrillation of cellulose fibers into nanoscale by a number of researchers (Chen et
al., 2011; Cheng et al., 2007; Cheng et al., 2009; Wang and Cheng, 2009; Wang,
et al., 2016). This treatment consists in exposing a liquid to ultrasonic waves (>20
kHz), which results in the vibration of exposed fibers as they experience high-
pressure and low-pressure cycles, creating microscopic vacuum bubbles or voids
in the liquid (cavitation) (Cheng et al., 2009). Such hydrodynamic shear forces
lead to disruption of molecular interactions of cellulose fibers and
individualization of microfiber bundles into the solution. Chen et al. (2012)
obtained cellulose nanofibers from poplar wood using chemical pretreatments and

high intensity ultrasonication. They found that the diameter distributions of the
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resulting nanofibers were dependent on the output power of the ultrasonic
treatment. Cellulose nanofibers that are 5-20 nm in width and several microns in
length were obtained when the output power of the ultrasonication was greater
than 1000 W. Wang et al. (2016) isolated cellulose nanofibers via an
ultrasonication process of chemically (acid/alkali) pretreated parenchymal cells of
bamboo. The effect of time on fibrillation was studied in the range of 10-80 min
(19.5-20.5 kHz, energy supply was below 30% of the maximum power output).
Films of cellulose nanofibers were produced with vacuum filtration and air-drying
of nanofiber suspensions and their mechanical properties were evaluated.
Optimum ultrasonication time of 40 min was reported to obtain high-quality
films. The results demonstrated that ultrasonication route is promising for easy
fibrillation of parenchymal cells of bamboo and for energy saving during

production of high quality nanofibers at large scale.

Surface modification of cellulose

To achieve better fibrillation during mechanical treatments, surface
modifications of cellulose fibers, such as oxidation and carboxymethylation, have
been employed by some researchers to add ionic groups on the surface of fibers
(Besbes et al., 2011; Hubbe et al., 2008; Wagberg et al., 2008). These processes
make the fibers highly charged and easier to liberate during mechanical
fibrillations. In the oxidation process, cellulose fiber suspension is oxidized by
2,2,6,6-tetramethylpiperidine-1-oxyl radical (TEMPO) with NaClO as a primary

oxidant and NaBr as an additional catalyst at a pH of 10-11. This method
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selectively introduces carboxyl (acidic) groups at the C6 of the glucose unit (Saito
et al., 2006). Besbes et al. (2011) used TEMPO oxidation under neutral conditions
for cellulose fibers of alfa alfa, pine and eucalyptus with the carboxyl content up
to 500 pmol/g and cellulose nanofibers with diameters in the range of 5-20 nm. In
the carboxymethylation process, the surface of cellulose fibers was negatively
charged promoting the formation of stable suspension from carboxymethylated
fibers and improving the degree of fibrillation into nanosize (Hubbe et al., 2008).
Cellulose nanofibers with diameters of 5-15 nm were obtained by passing
carboxymethylated cellulose fibers through a high pressure homogenizer
(Wagberg et al., 2008). The procedure involves a step of solvent exchange from
water to ethanol, impregnation of monochloroacetic acid by sodium hydroxide
addition to the mixture of methanol and isopropanol. Thus, the main drawback is

the use of organic solvents due to environmental concerns.

2.3.2. Gelation behavior of cellulose nanofiber suspensions

Cellulose nanofibers are usually produced in the form of aqueous
suspensions. As native cellulose has a highly hydrophilic nature, cellulose
nanofibers are able to retain a large amount of water. Thus, aqueous suspensions
of cellulose nanofiber are known to exhibit gel-like properties due to the
formation of an entangled network structure attributed to the high aspect ratio and
the high specific surface area of the nanofibers (Lasseuguette et al., 2008; Paikko
et al., 2007). Characteristics of the suspensions might vary depending on the

production methods of cellulose nanofibers.

39



The rheological behavior is one of the key characteristics of cellulose
nanofibers suspensions, which can influence various processes, such as pumping,
mixing or coating. Regardless of the pretreatment and/or fibrillation methods, all
types of cellulose nanofibers suspension exhibit shear thinning properties, i.e.,
their viscosity decreases while shear rate increases. They also show thixotropic
behavior (time-dependent shear thinning property). When a steady shear rate is
applied, their viscosity decreases, reaching an equilibrium level, and viscosity
recovers when the shear rate is reduced to zero.

Cellulose nanofibers in water easily form hydrogel structures, i.e.,
materials composed mainly by water that is contained in a hydrophilic polymeric
network (Hoffman, 2002). Such hydrogels have a great potential for applications
in such fields as tissue engineering, including scaffolds to store human cells, drug
delivery, sorbents, sensors, contact lenses and water purification (Dong et al.,
2013; Klouda and Mikos, 2008; Lee and Mooney, 2001).

Self-standing cellulose nanofiber hydrogels were reported by some
researchers with the treatment of cellulose nanofiber suspensions with acid (Saito
et al., 2011) and alkaline media (Abe and Yano, 2011), or using cross-linking
agents like metal cations (silver nanoparticles) (Dong et al., 2013). Saito et al.
(2011) reported the formation of hydrogels from TEMPO-oxidized cellulose
nanofibers by lowering the pH to ~ 2 with the addition of dilute hydrochloric acid
(0.1 M) to the suspensions at concentrations of 0.4 wt.%. Lowering of pH to low
values induced higher interfibrillar interactions due to the reduction of

electrostatic repulsion between fibers with the protonization of the carboxylate
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groups. Two self-standing hydrogel types with different crystal forms, namely
cellulose I and cellulose II, were produced by Abe and Yano (2011) from
mechanically disintegrated cellulose nanofiber suspensions using alkali treatments
followed by neutralization. They reported that formation of cellulose II hydrogel
using above 12 wt.% sodium hydroxide solution was due to the cellulose
shrinkage and coalescence as a result of mercerization. However, hydrogel
formation at lower concentrations before mercerization threshold was attributed to
the swelling of the fibers, thus the improvement of cellulose nanofiber
entanglement and, some aggregation as well.

Such cellulose nanofiber suspensions/hydrogels can be further converted

to other cellulose nanofiber forms like aerogels via suitable drying methods.

2.3.2.1. Cellulose nanofiber aerogels

Aerogels are ultralight and highly porous materials typically produced by
drying the wet gel to remove the trapped liquid without collapsing the network
(Hiising and Schubert, 1998). As a result of such unique microstructures, acrogel
materials exhibit many attractive properties, such as high porosity, high specific
surface area, ultra-low density, low thermal conductivity, low dielectric
permittivity and excellent shock absorption capacity. As their porosities, densities
and specific surface areas vary greatly depending on the starting material, they
have a wide range of applications in different fields, such as aeronautics,
biomedicine, construction, agriculture and environmental remediation (Akimov,

2003).
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The first aecrogel made of silicon dioxide was fabricated by Kistler in 1931
(Kistler, 1931). Since then, many different kinds of aerogel materials have been
prepared from silica, metal oxides, polymers and pyrolyzed polymers (carbon
aerogels) (Pierre and Pajonk, 2002). The most common aerogels have been
inorganic that are prepared by sol-gel polymerization of metal oxides (Meng et
al., 1997; Pierre et al., 1999). Even though they have a high compressive strength,
a typical problem has been their fragility. Various types of organic aerogels have
also been formed with the resorcinol/formaldehyde and melamine/formaldehyde,
which are the most common precursor mixtures for forming the organic network
(Gross and Fricke, 1992; Nguyen and Dao, 1998).

Recently, aerogels based on cellulose nanofibers have received great
attention due to the renewability, biodegradability, biocompatibility and
abundance of cellulose. As a result of high modulus and high strength of native
cellulose I structure combined with high aspect ratio and high surface area of
nanofibers, they offer the advantage of increased flexibility and ductility
compared to traditional aerogels. Furthermore, such materials are of special
interest for medical, cosmetic, pharmaceutical, and other applications where
biocompatibility and biodegradability are needed (Aulin et al., 2010; Padkko et
al., 2008).

Aerogel processing starts with the formation of a gel from an aqueous
solution (i.e., a hydrogel). Generally, a cross linker, which can be of chemical (a
cross linker compound such as sodium trimetaphosphate and calcium chloride) or

physical (pH, temperature, etc.) nature, is required to induce gel formation.
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Crosslinkers are not required in the gelation of cellulose nanofiber suspensions.
The aqueous cellulose nanofiber gel is formed due to the intramolecular hydrogen
bonding and the long and entangled nanofiber network. Then, ‘‘sponge-like’’
aerogels are developed by replacing the liquid in the gel by air via suitable drying
method without collapsing the network structure.

Freeze-drying is one route for the preparation of cellulose nanofiber
aerogels, where the solvent in the gel is removed without entering the liquid state.
Basically, the process involves two major steps, which are growth of ice crystals
(freezing) and sublimation of the water molecules in a temperature range from -20
°C to -50 °C at a lower pressure than that of the triple point of the water (Vorona
et al., 2012).

The first report on aerogels based on cellulose nanofibers was made by
Padkko et al. (2008), who investigated the influence of the two different freeze-
drying methods, cryogenic and vacuum, on the formation of aerogels from 2 wt.%
aqueous cellulose nanofiber suspension, which were obtained by enzymatic
pretreatment and fibrillation of softwood pulp. Aerogels with a density of 0.02
g/cm® and porosity of 98-98.7% were obtained. Cryogenic freeze-drying gave a
specific surface area of 70 m*/g, while the vacuum freeze-drying resulted in a
lower value of 20 m?g. Similar freeze-drying methods have been applied to
obtain cellulose nanofiber aerogels by a number of researchers (Aulin et al., 2010;
Chen et al.,, 2011, Sehaqui et al., 2010). Aerogels from carboxymethylated
cellulose nanofiber suspensions of various concentrations (0.0031-3.13 wt.%)

were prepared by Aulin et al. (2010). Specific surface areas of 11 and 15 m?/g
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were reported for the cellulose nanofiber aerogels with densities of 0.030 and
0.020 g/cm?, respectively, after complete water removal through freeze-drying.

Ultralight and highly flexible cellulose nanofiber aerogels were obtained
by freeze-drying of hydrogels of cellulose nanofibers isolated from wood with
high water uptake behavior. The density of aerogels obtained from 0.1 to 1.5%
cellulose nanofiber hydrogels varied between 1.3 x 10 and 17.0 x 10~ g/cm?,
with the water uptake capability ranging from 155 to 54.

Sehaqui et al. (2011) carried out solvent exchange to fert-butanol prior to
freeze drying to reduce the extent of cellulose nanofiber aggregation during
sublimation of water. Aerogels based on wood pulp cellulose nanofibers (1 wt.%
cellulose nanofiber in aqueous suspension) were prepared with the specific
surface area as high as 153-284 m?/g. Saito et al. (2011) proposed another route
where aqueous suspensions of wood cellulose nanofibers were converted to self-
standing hydrogels, which involved addition of 0.1 M HCIl onto an aqueous
cellulose nanofiber dispersion (until reaching pH ~2) and adsorption of toluidine
blue. Then, cellulose nanofiber aerogels were prepared by freeze drying of
cellulose nanofiber hydrogels (0.4-0.8 wt.%) after solvent exchange with tert-
butanol. They obtained very large surface areas of 338-349 m?/g compared to
previous studies and ultra-low densities of 0.0051-0.0097 g/cm’® with elastic
moduli of 64-135 kPa and yield stresses of 7-20 kPa, which were comparable to
those reported for tough cellulose aerogels (Sehaqui et al., 2010). Wan et al.
(2015) also used tert-butanol freeze drying to obtain hydrophobic cellulose

nanofiber aerogels isolated from coconut shell, which included chemical
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treatment and ultrasonic isolation. The low bulk density of 0.00084 g/cm® was
achieved with a much lower specific surface area of 9.1 m*/g and pore volume of
0.025 cm?/g. After the hydrophobic modification by methyl trichlorosilane, the
cellulose nanofiber aerogels showed high water repellency properties, an ultra-
strong oil adsorption capacity and superior oil-water separation performance. The
absorption capabilities of the hydrophobic cellulose nanofiber aerogels were as
high as 296-669 times their own weights for various organic solvents and oil,
which might find application to deal with chemical leaks and oil spills.

Supercritical drying has been the most widely used method for the
preparation of aerogels, providing high porosity and superior textural properties
of the wet gel in a dry form. For supercritical drying of polysaccharide based
aerogels, supercritical carbon dioxide (SCCO.) is the most appropriate fluid due
to its mild critical point conditions (74 bar and 31 °C). SCCO; drying avoids the
formation of a surface tension and shrinkage of the material as the formation of
liquid-vapor interfaces in the pores of the material is prevented during drying
(Pierre and Pajonk, 2002).

Aerogel formation with SCCO> drying of the hydrogel starts with a
solvent exchange step. Due to the low affinity of water to SCCO, the solvent
exchange step, which is the replacement of the water contained in the pores of the
hydrogel with a suitable liquid solvent, is required (Diamond and Akinfiev, 2003).
The solvent exchange can be conducted by either one step soaking via placing the
gel directly in the new solvent (with high solubility in CO2) or by following multi-

step soaking in different water-to-new solvent mixtures with increasing
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concentration of the new solvent after a certain time with each step (Robitzer et
al., 2008). Thereby, an ‘alcogel’ is formed after the solvent (usually ethanol or
acetone) exchange step. Then, the alcohol is extracted from the gel by SCCO,
drying forming the aerogel structure.

SCCO; drying has been successfully applied for the preparation of
polysaccharide-based aerogels, such as starch (Kenar et al., 2014; Mehling et al.,
2009), B-glucan (Comin et al., 2012), agar (Brown et al., 2010), pectin (Garcia-
Gonzalez et al., 2015), chitin (Tsioptsias et al., 2009), chitosan (Robitzer et al.,
2011) and cellulose (Ayadi et al., 2016; Gavillon and Budtova, 2011) with the
specific surface area of 100-600 m*/g, density of 0.001-0.5 g/cm® and porosity of
86-99%. However, there are only a few studies that reported the production of
cellulose nanofiber aerogels using SCCO; drying (Korhonen et al. 2011; Sehaqui
et al., 2011). Korhonen et al. (2011) obtained cellulose nanofiber aerogels (from
never-dried hardwood kraft pulp with 1.7 wt.% aqueous suspension) either by
freeze-drying in liquid nitrogen or liquid propane or by SCCO> drying to prepare
aerogel templates with the purpose of producing inorganic hollow nanotube
aerogels by atomic layer deposition onto such templates. The values of properties
of aerogels like density and specific surface area have not been reported;
however, they reported that, in contrast to freeze-drying, SCCO> drying produces
aerogels without major interfibrillar aggregation.

In summary, cellulose nanofiber aerogels offer a superior alternative to
traditional aerogels in terms of renewability and mechanical properties.

Understanding the effects of the different variables involved in the formation of
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the aerogels (such as the drying method, the source and/or surface charge of
cellulose nanofibers, the solvent used to replace water and the concentration of
the starting suspensions) provides better control on the final aerogel properties
including density, morphology, specific surface area and porosity, and influence

its final application.

2.4. Conclusions

Lignocellulosic biomass has a great potential for sustainable cellulose
nanofiber production, owing to its renewability, biodegradability, and abundancy.
Fractionation of lignocellulosic biomass using subcritical water technology offers
an environmentally friendly alternative to isolate cellulose fibers, which then can
be fibrillated into nanofibers using mechanical treatments. Conversion of
cellulose nanofiber suspensions/hydrogels to other cellulose nanofiber forms like
aerogels via suitable drying methods is a promising alternative to traditional
aerogels with a wide range of applications in different fields, such as aeronautics,

biomedicine, construction, agriculture, and environmental remediation.
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Chapter 3. Hydrolysis of sweet blue lupin hull using subcritical water

technology”

3.1. Introduction

Lignocellulosic biomass refinery approach is currently gaining significant
prominence not only for the minimization of environmental impact, but also for
the rational utilization of natural biomass resources. This implies the fractionation
of major lignocellulosic biomass components (cellulose, hemicellulose, and
lignin) to yield a wide range of valuable products that can replace petroleum-
derived products. Among the major components, the separation of the
hemicellulose fraction, which may find broader use for chemicals, fuel, and food
applications has been proposed as the first stage of lignocellulosic biomass
refineries.

Hemicelluloses are branched polysaccharides, associated in plant cell
walls with cellulose and lignin. They are comprised of a wide variety of sugar
residues, such as xylose, arabinose, glucose, galactose, and mannose depending
upon the source. The expanding range of hemicellulosic sugar applications
includes products for the food industry and the pharmaceutical industry as novel
sweeteners, prebiotics, gels, films, coatings, adhesives, and stabilizing and
viscosity-enhancing additives  (Ebringerova, 2005). Bioconversion of
hemicelluloses into ethanol by fermentation is another valuable application
(Krishna et al., 2000). Several processes have been developed to fractionate

hemicellulose from lignocellulosic biomass. These processes include dilute acid

* A version of this chapter has been published. Ciftci, D. and Saldaiia, M.D.A. (2015). Hydrolysis
of sweet blue lupin hull using subcritical water technology. Bioresource Technology, 194:75-82.
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hydrolysis, alkaline treatment, organosolv process, steam explosion, and
subcritical water treatment.

Subcritical water treatment is attracting considerable attention as an
environmentally friendly technology because it avoids the use of toxic chemicals
and neutralization of high volumes of sludges (Brunner, 2009). Subcritical water
has unique properties as described in Chapter 2, Section 2.2.4.1. Many researchers
have attempted to fractionate hemicellulose from various lignocellulosic biomass
with subcritical water technology (Mok and Antal, 1992; Perez et al. 2008;
Pronky and Mazza, 2010; 2012). Mok and Antal (1992) found that almost 100%
of the hemicellulose of various wood and herbaceous plants was hydrolyzed at
230 °C and 345 bar for 20 min using subcritical water treatment. Perez et al.
(2008) applied subcritical water at 188 °C, 1/10 solid-to-liquid ratio and 40 min in
a batch system to treat wheat straw and obtained maximum hemicellulose-derived
sugar recovery of 80%, with minimum sugar degradation products like furfural.
Pronky and Mazza (2010) studied optimization of the fractionation of triticale
straw using subcritical water technology to obtain a cellulose-rich fraction. They
reported that subcritical water was successful in removing 73-78% of the
hemicellulose, leaving a cellulose rich residue (65% glucose concentration). The
optimum reaction conditions for efficient hemicellulose yield were determined to
be 165 °C, with a flow rate of 115 mL/min, and a solvent-to-solid ratio of 60
mL/g. At these optimum conditions, they fractionated five cereals (triticale,
durum wheat, CPS wheat, feed barley, and oats) and two oilseeds (canola and

mustard) straws with subcritical water using a flow-through reactor (Pronky and
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Mazza, 2012). More than 90% of the xylan was extracted, and there was no
significant effect on the yield due to crop species utilized.

Sweet blue lupin (Lupinus angustifolius) is a high-protein legume finding
applications mainly in bakery products as well as in dietary and functional food
products as a valuable ingredient. One unique aspect of lupin hull is its low lignin
content, which facilitates access to the hemicellulose fraction (Bailey et al., 1974).
Thus, lupin hull can be used as an ideal feedstock for hemicellulosic sugar
production. To the best of the authors’s knowledge, there is no reported study on
the hydrolysis of lupin hull using subcritical water technology. Research on the
fractionation of lupin hulls is needed for their exploitation according to the
lignocellulosic biomass refinery concept. Therefore, the main objective of this
study was to optimize the process conditions for maximum hemicellulosic sugar
yield from lupin hull using subcritical water technology. The effects of process
parameters, such as pressure (50-200 bar), temperature (160-220 °C), flow rate (2-
10 mL/min) and pH (2-12) on hemicellulose removal were studied. X-ray
diffraction (XRD), thermo-gravimetric (TG) and scanning electron microscopy
(SEM) analyses of subcritical water treated lupin hulls at optimum conditions

were performed to investigate the impact of treatment on the structure.

3.2. Materials and methods
3.2.1. Raw material
Sweet blue lupin hulls were kindly provided by Ceapro Inc. (Edmonton,

AB, Canada). Hulls were ground in a centrifugal mill (Retsch, Haan, Germany) to
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obtain a powder with maximum particle size of 1.0 mm, then vacuum packed and
stored at -20 °C. The particle size range was selected based on the National
Renewable Energy Laboratory (NREL) procedure (Sluiter et al., 2008) as
deviation to a smaller particle size could result in a low bias in carbohydrate
content due to excessive sugar degradation. On the other hand, deviation to a
larger particle size may also result in a low bias in carbohydrate content because
of incomplete hydrolysis of polymeric sugars.

All  sugar standards (D(+)glucose, D(+)xylose, D(+)galactose,
L(+)arabinose, and D(+)mannose with a purity of > 96%) were obtained from
Sigma Aldrich (St. Louis, MO, USA). All other chemicals and solvents, including
sulfuric acid were of analytical grade and obtained from Fisher Scientific (Fair

Lawn, NJ, USA).

3.2.2. Proximate compositional analysis

Moisture content was determined gravimetrically by drying the hulls in an
air oven at 105 °C for 16 h. The ash content of the hulls was determined according
to the NREL procedure at a muffle furnace set to 575 + 25 °C (Sluiter et al.,
2005). The protein content was determined using a Leco nitrogen analyzer (Model
FP-428, Leco instruments Ltd., Mississauga, ON, Canada). The protein content
was calculated using a conversion factor of 6.25. The fat content was determined
by Soxhlet extraction using a Goldfisch extraction unit (Labconco Co., Kansas,

MO, USA) with hexane for 6 h.
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3.2.3. Hydrolysis in subcritical water

A semi-continuous flow type subcritical water system similar to the one
reported by Singh and Saldafia (2011) was used in this study. The system
consisted of a high performance liquid chromatograph (HPLC) pump (Gilson 307,
Villiers-le-Bel, France), a pre-heater, a stainless steel high pressure vessel, a
digital pressure gauge, a cooling system (Swagelok, Solon, Ohio, USA), an oven
(Binder, Bohemia, NY, USA) and a back pressure regulator (Tescom, Elk River,
MN, USA). Distilled water was first degassed and then delivered with the HPLC
pump at varying flow rates to the preheating section. Then, it was passed through
the vessel (2.54 cm ID x 10 cm length, capped with a 20 um stainless steel frit at
the inlet and outlet) preloaded with the mixed sample (3 g) and glass beads (39 g).
The pressure of the system was maintained constant using the back pressure
regulator. The system was heated by the oven and its temperature was monitored
by a digital thermometer. The extracts (200 mL) were collected in vials after
flowing through the cooler placed after the vessel. Solvent to feed ratio (200/3,
mL/g) was determined based on a preliminary study. The experiments were
conducted at temperatures of 160-220 °C, pressures of 50-200 bar, flow rates of
2-10 mL/min, and initial pH levels of 2-12. The desired initial pH of water supply
was achieved by addition of small amounts of acetic acid or sodium hydroxide for
the acidic or basic pH conditions, respectively. The changes in pH values after
treatments were also recorded. All experiments were performed at least in

duplicates. The solid residue left in the high pressure vessel after each experiment
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was dried in an oven at 40 °C. Liquid extracts and solid residues were then stored

at -20 °C for further analysis.

3.2.4. Analytical methods
3.2.4.1. Total phenolic content

Total phenolic content of extracts was determined by Folin-Ciocalteau
method (Singleton and Rossi, 1965) that measures the capacity of a compound to
reduce the Folin reagent. Briefly, 40 pL of sample was mixed with 3.1 mL of
water. Then, 200 pL of Folin-Ciocalteau reagent was added and allowed to
withstand for 5 min. Sodium carbonate (20% w/v; 600 uL) was then added to the
mixture. After shaking, the mixture was incubated for 90 min in dark at room
temperature (21 °C). The absorbance of the samples at 765 nm was measured
against the blank using a spectrophotometer (Genova MK3, New Malden, Surrey,
UK). The total phenolic content was determined using a gallic acid standard
calibration curve. The results were expressed as milligrams of gallic acid

equivalent per gram of hull.

3.2.4.2. Total organic carbon analysis

Total organic carbon (TOC) contents of the extracts were analyzed using a
TOC-V instrument (Shimadzu, Columbia, MD, USA). In TOC analysis, the
samples were ignited at 720 °C on a fplatinum based catalyst, and the carbon
dioxide formed was swept by pure oxygen through a non-dispersive infrared

detector. Samples were flash combusted under helium in the presence of oxygen
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and the resulting carbon dioxide gas was separated by chromatography and

detected quantitatively by thermal conductivity detector.

3.2.4.3. Hemicellulose, cellulose and lignin analysis

Raw material and solid residues were analyzed for lignin and structural
carbohydrates (hemicellulose and cellulose) according to the NREL standard
analytical procedures (Sluiter et al., 2008). Acid insoluble lignin and acid soluble
lignin contents were determined by treating samples with 72% sulfuric acid for 1
h in a water bath at 30 °C, and then diluting to 4% sulfuric acid and autoclaving at
121 °C for 1 h. Acid insoluble lignin was determined gravimetrically after the
filtration of the hydrolysate. Acid soluble lignin in the hydrolysate was
determined by the spectrophotometric method at 320 nm. The results for lignin
content of the samples were reported as the sum of the acid insoluble lignin and
acid soluble lignin.

Total hemicellulosic sugars (xylose, galactose, arabinose, and mannose)
and cellulosic sugar (glucose) in the hydrolysate were determined using an HPLC
system consisted of a Shimadzu LC-20AT pump (Shimadzu Co., Kyoto, Japan)
equipped with an autosampler (SIL-9A), an ultraviolet (UV) detector (Waters
486, Milford, MA, USA) and a Shodex sugar SPO810 column (300 mmx8 mm;
Phenomenex, Torrance, CA, USA) operated at 80 °C. HPLC grade water was
used as the mobile phase at a flow rate of 0.6 mL/min. The sugar concentrations

were determined by comparison against a set of known sugar standards.
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Liquid extracts obtained from subcritical water treatment were analysed
for total hemicellulosic sugars (xylose, galactose, arabinose, and mannose)
following the NREL standard analytical procedures (Sluiter et al., 2006). Total
hemicellulosic sugars were determined after post acid hydrolysis with 4% sulfuric
acid at 121 °C for 1 h. Neutralized and filtered samples were analyzed by HPLC
as described before. Separately, a subsample (20 pL) of each subcritical water
extract was used for HPLC determination for sugar monomers after neutralization
with calcium carbonate and filtration. The total hemicellulosic sugar content for
the samples were expressed as sum of the hydrolysed oligomers from post-acid
hydrolysis and the monomers from direct HPLC injection. The yield of
hemicellulosic sugars in the extracts was calculated as follows: yield = [(sugars in

the extract/initial sugars in the substrate) x 100%].

3.2.5. Characterization of the solid residues
3.2.5.1. X-ray diffraction analysis

The solid residues left in the reactor were analyzed by an X-ray
diffractometer (XRD); Rigaku Ultima IV with a D/Tex detector using a Fe filter,
over the 260 range of 10-45 degrees. The XRD apparatus was equipped with a
Cobalt tube and the tube’s conditions were 40 kV and 40 mA. The scanning speed
was 0.6 degrees 26 per minute with a 0.01 step size. The crystallinity index (CI)
of samples was calculated based on the diffraction intensities of crystalline area

and amorphous regions by making use of the following equation (Segal, 1959):

CI (%) = 22~lam 100 (3.1)

Ioo2
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where, loo2 is the intensity of the crystalline portion of biomass (cellulose) at 20 =

22.5" and Im is the intensity of amorphous region at 260 =18.5".

3.2.5.2. Thermo-gravimetric analysis

The non-isothermal thermo-gravimetric (TG) analyses curves of solid
residues were obtained using a TG analyzer (TGA) Q50 (TA Instruments, New
Castle, DE, USA). Approximately 10-15 mg of sample was loaded into the open
platinum pan, and then heated from 30 °C to 600 °C at a 10 °C/min heating rate
under 40 mL/min of dry nitrogen flow. Data were analyzed by the TA Universal

analysis software (Version 4.5A, TA Instruments, New Castle, DE, USA).

3.2.5.3. Scanning Electron Microscopy analysis

The morphology of the untreated lupin hull and the solid residues were
analyzed using field emission SEM (FE-SEM) (JEOL 6301 FXV, Peabody, MA,
USA). For SEM analysis, a thin layer of the sample was applied to a sample
mount using double-sided carbon tape, and sputter coated with gold using a

Xenusput XE200 (Edwards High Vacuum, Crawley, UK).

3.2.6. Statistical analysis

Data were presented as mean =+ standard deviation based on at least
duplicate experiments and analyses. Analysis of variance (one-way and two-way)
of the results was performed using the SPSS software package (version 17.0,

SPSS Inc., Chicago, IL, USA). Multiple comparison of the means was carried out
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by a Duncan’s test. Differences were considered to be statistically significant at
95% confidence interval (p<0.05). A t-test was performed for the comparison of
only 2 means (p<0.05) using the SigmaPlot software (version 11.0, Jandel

Scientific, San Francisco, CA, USA).

3.3. Results and discussion
3.3.1. Proximate compositional analysis

The chemical composition of lupin hulls used in this study is summarized
in Table 3-1. Values were determined for the extractive (nonstructural sugars,
organic acids, inorganic material, nitrogenous material, chlorophyll, waxes, and
other minor components) - free material as specified by the NREL laboratory
procedure. Samples were extracted with toluene-ethanol (2:1, v/v) for 8 h at 80 °C
in a Soxhlet apparatus.

The extractive-free lupin hull had 45.2% of cellulose (estimated as glucan
content) and 25.4% of hemicellulosic sugars. Xylose (12.8%) and galactose
(6.7%) were the most abundant sugars in the hemicellulose fraction, indicating the
presence of xylan and galactan as the main polysaccharides followed by arabinose
(4.1%) and mannose (1.8%). Acid insoluble lignin and acid soluble lignin

accounted for 6.4% and 1.2%, respectively.
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Table 3-1. Composition of lupin hull used in this study.

Component Content (wt.%)*
Cellulose 45.2+2.1
Hemicellulose 25.4+1.4
Xylose 12.8+1.7
Galactose 6.7+1.1
Arabinose 4.1+0.1
Mannose 1.8+0.2
Lignin 7.6£1.2
Acid soluble lignin 1.2+0.1
Acid insoluble lignin 6.4+0.8
Protein 6.7£0.5
Fat 1.8+0.1
Ash 4.2+0.4
Moisture 5.8+£0.6
Others 1.3

*Values are reported as the mean + standard deviation based on triplicate analyses.

Bailey et al. (1974) determined the composition of sweet blue lupin hull.
They reported cellulose, hemicellulose and lignin contents of 50.9, 12.7, and
0.4%, respectively. Hemicellulose and lignin contents reported by these authors
were lower compared to this study, which may be attributed to the use of different
cultivars. The substantial amount of hemicellulose and low lignin content of lupin

hull indicates its suitability as a source for sugar removal.
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3.3.2. Hydrolysis in subcritical water - Effects of process parameters
3.3.2.1. Extracts

Using subcritical water treatment, water acts as a weak acid, releasing the
hydronium ion from water auto-ionization and from in sifu generated acids, which
causes depolymerization of hemicellulose by selective hydrolysis of glycosidic
linkages, liberating O-acetyl group and other acid moieties from hemicellulose,
forming acetic and uronic acids. The release of these acids catalyzes the
hydrolysis of hemicelluloses and oligosaccharides from hemicellulosic material
(Alvarez et al., 2014).

Effects of temperature (160-220 °C) and pressure (50-200 bar) on
hemicellulose removal from lupin hulls were studied at constant flow rate (5
mL/min), pH (6.2) and solvent to solid ratio (66.7) to find optimum temperature
and pressure conditions. Figure 3-1a shows the effect of temperature and pressure
on total hemicellulosic sugar (mainly sum of xylose, galactose, arabinose, and
mannose) yield in the extracts. Pressure effect on hemicellulose decomposition
was not significant in the range of 50-150 bar.

The yield of hemicellulosic sugars in the extracts slightly decreased from
79.5% to 76.5% as the pressure increased from 150 bar to 200 bar (200 °C).
However, the yield in the extracts was strongly affected by temperature.
Increasing temperature from 160 to 180 °C resulted in increased hemicellulose
yield from 60.8-64.2% to 81.5-85.5%. The highest yield of 85.5% was achieved at
180 °C and 50 bar. However, the yield decreased sharply at elevated temperatures

of 200 and 220 °C.
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Figure 3-1. Effect of process parameters on total hemicellulosic sugar yield (sum
of xylose, galactose, arabinose, and mannose) in the extracts. a) Temperature and
pressure (5 mL/min, pH 6.2); b) flow rate (180 °C, 50 bar, pH 6.2); c) pH (180
°C, 50 bar, 5 mL/min).
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When the treatment temperature was increased to 220 °C, corresponding
hemicellulosic sugar yield decreased significantly to the range of 70.7-73%.
These results are consistent with the findings obtained by Yu et al. (2013). They
reported that total xylose concentration in the extracts during subcritical water
treatment of sugarcane bagasse firstly increased with the temperature and then
decreased sharply above 180 °C, the peak appeared at 160 °C with the total xylose
recovery of 41.9%. In addition, the removal rate of xylose increased with the
temperature from 8.4% at 140 °C to 100% at 200 °C.

Decrease in the yield of hemicellulosic sugars in the extracts at
temperatures above 180 °C could indicate that substantial amount of
hemicellulosic sugars were decomposed at those temperatures to secondary
products, such as furfural and hydroxymethyl furfural (HMF) that were not
measured in this study. During subcritical water treatment under severe treatment
conditions, hemicellulosic sugars could degrade into furan derivatives, which are
furfural and HMF obtained from the dehydration of pentoses and hexoses,
respectively. Such hemicellulosic sugar degradation was reported at temperatures
higher than 180 °C (Hongdan et al. 2013; Pronky and Mazza, 2010; Weiqi et al.
2013). Weiqi et al. (2013) reported that when the treatment temperature was
raised from 160 to 180 °C, corresponding yield of total xylose in the subcritical
water extracts of eucalyptus increased from 30.8 to 85.0%. Then, the yield of total
xylose in the extracts rapidly decreased with further increase in temperature,
which was attributed to the degradation of xylose into furfural as a result of severe

treatment conditions. Furfural content was increased from 0.24 to 3.29 g/L by
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raising temperature from 160 to 200 °C, which indicates that more xylose
decomposed. Similar decrease of hemicellulosic sugar trend in the extract was
observed by Hongdan et al. (2013) when the temperature increased above 180 °C
during subcritical water treatment of sugarcane bagasse in a batch system at a
solid to liquid ratio of 1/20 (w/v) with a reaction time of 40 min, which was
attributed to the degradation of xylose and arabinose into furfural, and galactose
into 5-HMF. They reported that the amounts of furan compounds increased with
the increase in treatment temperature and time. Maximum concentration was
obtained at 220 °C and 20 min residence time, and measured as 0.11 g/L and 2.42
g/L for HMF and furfural, respectively. In another study, Pronky and Mazza
(2010) reported 67-73% yield of hemicellulose from triticale straw in the extracts
at 170 °C, 110 bar and a solvent-to-solid ratio of 60 mL/g and only 9-10% of the
hemicellulose remained in the solid residue, which implies a theoretical yield of
hemicellulose close to 90%. These results indicated that almost 20% of the
extracted hemicellulose was converted into degradation products at these
processing conditions.

Effects of four different flow rates (2.5, 5, 7.5, and 10 mL/min) on
hemicellulose removal from lupin hulls were investigated in this study at
optimum temperature and pressure of 180 °C and 50 bar, respectively, and at
constant pH of 6.2 and solvent to solid ratio of 66.7 to find optimum flow rate for
maximum yield. As seen in Figure 3-1b, hemicellulosic sugar yield in the extracts
first increased as the flow rate increased with the highest yield occurring at 5

mL/min. When the flow rate increased from 2.5 to 5 mL/min, the amount of
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hemicellulosic sugars obtained increased significantly from 81.3 to 85.5%, and
then gradually decreased to 78.4% with further increase in flow rate.

The decrease in hemicellulose yield at higher flow rates of 7.5 and 10
mL/min can be explained by reduced residence time, thus lowering the contact
time of material with liberated acids in the reactor during subcritical water
treatment, which catalyzes hemicellulose hydrolysis as described -earlier;
consequently, lower hydrolysis rate can be expected. Similarly, increased
hemicellulose yields with decreasing flow rate were obtained by Pronky and
Mazza (2011) for triticale straw using a flow-through subcritical water equipment
at a solvent to solid ratio of 60. They reported that decreasing flow rate from 200
mL/min to 100 mL/min increased the hemicellulose yield by an average of 14% at
130 °C and 170 °C, and 24% increase was achieved with decreasing flow rate
from 234.1 mL/min to 65.9 mL/min at 150 °C. Similar increasing yield trend was
reported by Kim and Lee (2006) for xylan removal from corn stover treated using
a subcritical water flow-through reactor.

Even though improved yields were reported at lower flow rates, in some
cases long residence time may increase the chance of degradation before the
hemicellulosic sugars exit (Liu and Wyman, 2003; Buranov and Mazza, 2007). It
was reported that decreasing flow rate increased the removal of hemicellulose
during fractionation of flax shives (92.2%), but also increased degradation from
13.3 to 17.3% (Buranov and Mazza, 2007). On the contrary, Liu and Wyman
(2003) reported that xylose yield from corn stover processed in a subcritical water

flow through reactor increased to 97% when the flow rate was increased to 10
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mL/min at 220 °C. They hypothesized that increasing flow rate leads to reducing
the thickness of a liquid film surrounding biomass particles, thus improving mass
transfer of hydronium ions into the hydrophobic biomass surface, which
accelerates the hydrolysis of hemicellulose. However, they observed a decreased
yield when temperature decreased to 180 °C at the same flow rate, which was
attributed to the removal of dissolved xylose and oligomers before they can
degrade at temperatures above 220 °C.

Effect of four different pH levels (2.6, 6.2, 8.5, and 11.7) on hemicellulose
removal from lupin hulls were studied at a constant solvent to solid ratio of 66.7
and, at optimum temperature, pressure, and flow rate (180 °C, 50 bar, and 5
mL/min) to find optimum pH. At low and medium, pH values of 2.6 and 6.2,
respectively, hemicellulosic sugar yield in the extracts increased noticeably.
Treating lupin hull with subcritical water at an acidic pH of 2.6 yielded 84.5%
hemicellulosic sugars. When water at pH 6.2 was used, 85.5% of yield was
obtained. However, when the pH of water was increased to 11.7, the
hemicellulosic sugar yield decreased significantly to 79.2 %.

Hemicelluloses contain acetyl and uronic acid groups, which can be
liberated during subcritical water treatment as discussed earlier. Consistently, it
was observed that pH values of the subcritical water extracts decreased from an
initial pH of 6.2 to around pH of 2-3 in the range of temperatures and pressures
studied. These acidic conditions promoted the hydrolysis of the hemicellulose
fraction. As expected, hemicellulose hydrolysis was maximized at acidic

conditions. However, increasing acidity further did not improve hemicellulosic
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sugar yield, which may be attributed to the degradation of sugars under severe
conditions. This is in agreement with the findings reported by Phaiboonsilpa and
Saka (2011). They studied the effect of acetic acid addition on chemical
conversion of Japanese beech in a flow reactor with subcritical water and
observed that the additional acetic acid did not show any significant effect on

improving the hydrolysis of hemicelluloses from Japanese beech.

3.3.2.2. Solid residue

Subcritical water treatment of lupin hulls led to cellulose enriched
residues. There were trace amounts of hemicellulose in the solid residues treated
at 180 °C, while it was completely decomposed and undetectable at 200 and 220
°C based on HPLC analysis. Figure 3-2 demonstrates the effect of process
parameters on cellulose and lignin contents of the solid residues left after
subcritical water treatment. Pressure had no significant influence in the range of
50-200 bar (data not shown). In general, the main role of pressure in subcritical

water systems is to maintain water in the liquid state.
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Figure 3-2. Effect of process parameters on cellulose and lignin contents in the
solid residues. a) Temperature (50 bar, 5 mL/min, pH 6.2); b) flow rate (180 °C,
50 bar, pH 6.2); ¢) pH (180 °C, 50 bar, 5 mL/min). Means within the same group
of biomass fraction with different letters are significantly different at p<<0.05.
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In some cases, high pressures may have a physical effect, causing
mechanical deconstruction of biomass material, and improving hydrolysis
reactions during subcritical water treatment (Hanim et al., 2012). Temperature
had a pronounced effect on cellulose and lignin contents of the solid residues. As
the treatment temperature increases, density of water decreases from 0.997 g/cm?
(25 °C/1 bar) to 0.843 g/cm?® (220 °C/50 bar) (NIST Chemistry Webbook). With
the change in density from 1 to 0.1 g/cm?, the diffusivity increases by roughly an
order of magnitude (Akiya and Savage, 2002).

On the other hand, the dielectric constant (¢, measure of polarity) of water
decreases from 78.5 (25 °C/1 bar) to 31.7 (220 °C/50 bar) (Uematsu, 1980) due to
the weakening of hydrogen bonds with increasing temperature, thereby attaining
solvent polarities normally associated with polar organic solvents, such as ethanol
or methanol. Therefore, water becomes more non-polar and an excellent solvent
for organic compounds.

Increasing treatment temperature from 160 to 220 °C resulted in cellulose
enriched residues. The cellulose content increased from 61.4% (160 °C/50 bar) to
86.8% (220 °C/50 bar) when compared with the initial percentage of 45.2%, and
the lignin content varied from 25.6% (160 °C/50 bar) to 5.7% (220 °C/50 bar)
(Fig. 3-2a). On the other hand, effect of flow rate and pH on cellulose and lignin
contents of the solid residues was not pronounced (Fig. 3-2b and 3-2c¢).

These results implied that the cellulose and lignin did not decompose as

readily as hemicellulose under subcritical water treatment. Hemicellulose is more
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susceptible to hydrolysis than cellulose and lignin because of its branched
structure and lower degree of polymerization (Bobleter, 1994).

Hemicellulose and cellulose are both natural polymers made up of sugar
units. Unlike hemicellulose, cellulose is a linear homopolymer without branches
composed of glucose units linked together by strong B-1,4-glycosidic bonds, its
regular structure provides it a greater thermal stability than hemicellulose (John
and Thomas, 2008). Therefore, cellulose requires more severe processing
conditions than hemicellulose to decompose. Decomposition of hemicellulose
starts at a lower temperature than that of cellulose using subcritical water. Total
xylose of 85% from the hemicellulose fraction was generated in the extracts,
whereas limited amounts of glucose and gluco-oligosaccharides from the
cellulose fraction were released (< 2%) at 180 °C and 20 min of residence time
during subcritical water treatment of eucalyptus biomass in a laboratory scale
stirred autoclave (Weiqi et al., 2013). Kim and Lee (2006) found almost no
reduction in the cellulose content of the subcritical water treated corn stover at
temperatures of 170-220 °C and flow rates of 2.5-5.0 mL/min. Cellulose was
shown to start to decompose at temperatures above 230 °C by Ando et al. (2000)
in a model system study using commercial cellulose. Mok and Antal (1992)
obtained 4-22% of the cellulose in the extracts from subcritical water treatment of
a variety of woody and herbaceous biomass species at 200-230 °C and 345 bar.

On the other hand, lignin is a three-dimensional hydrophobic polymer
made up of three phenylpropane monomers polymerized by a radical coupling

process that links them by carbon-carbon (C-C) and ether bonds (C-O-C). The
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presence of strong C-C and C-O-C linkages in the lignin affects its susceptibility

to chemical disruption (Harkin, 1973). In lignocellulosic biomass, lignin is

covalently bonded to hemicelluloses via ether and ester-linked phenolic

compounds, such as ferulic acid. Subcritical water treatment causes breaking of

such bonds, increasing total phenolic content in the extracts. As shown in Figure

3-3, increasing temperature resulted in increased phenolic content of ten times

from 0.07 mg gallic acid/g lupin hull at 160°C/200 bar to 0.72 mg gallic acid/g

lupin hull at 220°C/200 bar which implies that higher temperatures facilitated

breaking of strong interactions between carbohydrates and lignin.
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Figure 3-3. Effect of temperature and pressure on total phenolic content of lupin

hulls.
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As expected, pressure had no significant effect on total phenolic content
(p<0.05). Consistently, it was shown that TOC amount of extracts increased as
treatment temperature increased, which can be the result of a greater release of
major hemicellulosic sugars and other lignocellulosic biomass components into
the water (Table 3-2). It was likely that the hydrolysis of hulls to water soluble
saccharides and the degradation products progressed more rapidly at higher

temperatures.

Table 3-2. Effect of temperature on total organic content of lupin hull extracts at
50 bar.

Temperature (°C) Total organic content (mg/L)"
160 4088+27
180 5020<£15
200 5277432
220 5640+54

" Values are reported as the mean + standard deviation based on triplicate
analyses.

The amount of TOC was dramatically increased from 4088 to 5640 mg/L
when temperature was increased from 160 to 220 °C at 50 bar as hemicellulose
was actively started to separate in this temperature range. The aim of this study
was to determine the hemicellulosic sugar yield in the extracts, degradation

products from hemicellulose and lignin were not determined.
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3.3.3. Characterization of the solid residues
3.3.3.1. X-ray diffraction analysis

Figure 3-4 shows comparison of the diffraction patterns of the solid
residue treated at optimum conditions with that of untreated lupin hull. Untreated
lupin hull showed a broad diffraction pattern (softly rising and decreasing
backgrounds). However, the pattern of untreated sample changed remarkably after
subcritical water treatment (three peaks clearly visualized) displaying similar
diffraction patterns with that of native cellulose. This may be explained by the
removal of hemicellulose and some amount of lignin from lupin hulls, leading to a
cellulose enriched residue. Typical native cellulose structure (cellulose I) presents
three well-defined crystalline peaks at around 26= 16.5°, 22.5°and 34.5°
(Nishiyama et al., 2002).

The CI of the samples investigated was determined using Eq. (3.1) from
the XRD spectra obtained in Figure 3-4. The CI of the untreated lupin hull was
38.2% due to the existence of a large amount of amorphous substances, including
hemicellulose and lignin. After subcritical water treatment at optimum conditions,
the CI value of solid residue increased to 58.6%, suggesting that there was a
remarkable increase in the relative amount of crystalline part of the lupin hull,
implying an effective removal of amorphous moieties of the cell wall, such as

hemicellulose and/or lignin.
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Figure 3-4. X-ray diffraction (XRD) patterns of untreated lupin hulls and
subcritical water treated lupin hulls at optimum conditions of 180 °C, 50 bar,
SmL/min, and pH of 6.2.

Ozturk et al. (2010) determined the CI of subcritical water treated kenaf
samples as 74.2% at 200 °C in a batch system. However, they observed a
substantial CI decline to 19.4% at 250 °C treated sample which was associated
with cellulose decrystallization at 200 and 250 °C, leaving behind a relatively
degraded material. Similar trend was reported by Lu and Saka (2010) where the
crystalline structure of cellulose in Japanese beech was destroyed at 230 °C when
treated using subcritical water in a batch type system. However, they reported that
crystalline structure was maintained even at 250 °C in a semi-flow type
subcritical water system, which disappeared completely with further increase in

temperature to 270 °C.
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3.3.3.2. Thermo-gravimetric analysis

TG analysis is one of the most convenient methods to determine general
degradation characteristics of materials under combustion. Thermal degradation
characteristics of lignocellulosic biomass are strongly affected by their chemical
composition, implying that the differences in the proportions of cellulose,
hemicellulose and lignin contribute to the thermal characteristics of the sample.
Comparing to other lignocellulosic biomass components, hemicellulose was
found to be less stable than cellulose and lignin during pyrolysis. It has been
determined that the lignocellulosic biomass pyrolysis process can be divided into
the following 4 ranges: <220 °C, moisture evolution; 220-315 °C, predominantly
hemicelluloses decomposition; 315-400 °C, cellulose decomposition; and >400
°C, mainly lignin decomposition (Yang et al., 2006).

Figure 3-5 shows the TG data of untreated and subcritical water treated
lupin hulls at optimum conditions for maximum hemicellulosic sugar yield.
Treated hulls showed higher thermal stability compared to untreated hulls as seen

from the weight losses obtained from the TG curves during pyrolysis.
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Figure 3-5. Thermo-gravimetric (TG) curves of untreated lupin hulls and

subcritical water treated lupin hulls at optimum conditions of 180 °C, 50 bar, 5
mL/min, and pH of 6.2.

This is consistent with the increased CI of treated hulls as greater
crystalline structure led to a higher resistance towards the thermal degradation.
Ouajai and Shanks (2005) also reported that larger crystalline structure requires a
higher decomposition temperature. The weight loss of untreated lupin hulls
between 220 and 315 °C, which is attributed to the hemicelluloses decomposition,
was around 23%. This weight loss is similar to the actual hemicellulose content of
lupin hull, which is 25.4% (Table 3-1). The TG curves of lupin hulls displayed a
substantial reduction in the weight loss after subcritical water treatment to ~6% in
that temperature range, which is attributed he extensive removal of hemicellulosic

sugars with subcritical water treatment.
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3.3.3.3. Scanning Electron Microscopy analysis

SEM images of solid residues were taken to obtain information about the
surface morphology of lupin hull and to visualize changes occurred after
subcritical water treatment. Figure 3-6 shows the SEM images of untreated and
subcritical water treated lupin hulls at optimum conditions. The untreated hulls
exhibited rigid and compact surface structures, and an intact morphology as
shown in Figure 3-6a-c. Changes in the microscopic structures after treatment
revealed in Figure 3-6d-f indicated that the subcritical water treatment could
efficiently disintegrate lignocellulosic biomass cell wall, resulting on exposure of
internal structure. Defibrillation of fiber bundles and separated microfibrils were
visually observed (Fig. 3-6e and 3-6f) where structural breakdown and some

cracks also appeared on the surface.

Figure 3-6. Scanning electron microscopy (SEM) images of lupin hulls: a), b),
and c) untreated hulls, d), e), and f) subcritical water treated hulls at optimum
conditions (180 °C, 50 bar, SmL/min, pH 6.2).
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The surface was uneven and covered with small debris and droplets.
Previous studies have reported a range of discrete droplet morphologies appeared
on the biomass surfaces, which were attributed to the molten lignin and

subsequent condensation (Selig et al., 2007).

3.4. Conclusions

Hydrolysis of sweet blue lupin hull was successfully performed using
subcritical water technology to obtain hemicellulosic sugars. The yield was
significantly affected by temperature, flow rate and pH, while the effect of
pressure was not significant. Optimum process conditions for maximum
hemicellulosic sugar yield in the extracts was found to be 180 °C, 50 bar, 5
mL/min, and pH 6.2 with a yield of 85.5%. At optimized conditions, increased
crystallinity and thermal degradation stability of the solid residue confirmed the
extensive removal of hemicellulose and/or lignin from lupin hulls leading a
cellulose enriched residue (~80% cellulose). Defibrillation of fiber bundles with

subcritical water treatment was observed with SEM.
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Chapter 4. Cellulose fiber isolation and characterization from sweet blue

lupin hull and canola straw*

4.1. Introduction

Agro-industrial residues represent an inexpensive, abundant, and readily
available source of renewable lignocellulosic biomass. Obtaining high value-
added compounds from this under-utilized biomass minimizes environmental
concerns and adds high economic returns to the industry. Therefore, fractionation
of agro-industrial residues to isolate cellulose fibers has created a great deal of
research interest and an extraordinary attention as cellulose has a great number of
uses within different industries. Various applications of cellulose, its derivatives,
nanofibers and nanocrystals, include its use in paper making, building materials,
pharmaceuticals, cosmetics, insulation, food, animal feed and liquid fuel
production (Azizi Samir et al., 2005; Fukuzumi et al., 2009; Kadla and Gilbert,
2000; Kumar et al., 2002; Madani et al., 2011; Osong et al., 2015).

Isolation of cellulose can be performed by different procedures which
have advantages and drawbacks related to the final composition and structural
features. These methods include alkaline (Modenbach, 2013), acid (Silverstein et
al., 2007), oxidation (Pedersen and Meyer, 2009), organosolv treatments (Pan et
al., 2007), subcritical water treatment and/or their various combinations to remove

the non-cellulosic components such as lignin and hemicellulose.

*A version of this chapter has been submitted to Journal of Polymers and the Environment as
Ciftci, D., Flores, R. and Saldafia, M.D.A. (2016). Cellulose fiber isolation and characterization
from sweet blue lupin hull and canola straw.
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Among them, alkaline treatment with sodium hydroxide (NaOH) is known
to be very effective to achieve complete biomass hydrolysis. This treatment
effectively solubilizes the lignin fraction as well as the hemicellulose fraction
while exhibiting only minor cellulose solubilisation (Carvalheiro et al., 2008).
This process destructs the cell wall of biomass by dissolving matrix materials like
hemicelluloses and lignin, and cleaves the a-ether linkages between lignin and
hemicelluloses and the ester bonds between lignin and/or hemicelluloses (Kim et
al., 2016). The NaOH treatments of lignocellulosic biomass have been reported to
achieve 50% hemicellulose dissolution and 60-80% delignification at the
conditions of 0.5-10% NaOH, 60-180 °C and 5-60 min treatment time (Kim and
Lee, 2007; Tajkarimi et al., 2008; Wyman et al., 2005). However, NaOH
treatment only is not sufficient to remove all of the non-cellulosic components.

Another well-known method especially for lignin elimination is the use of
acidified sodium chlorite (ASC) treatment but this method can also affect
hemicelluloses, depending on the processing conditions (Hubbell and Ragauskas,
2010). Under acidic conditions, sodium chlorite dissociates into highly reactive
chlorine and chloride anion to destroy the cell wall matrix, resulting in a white
colored residue upon lignin removal (Deshwal et al., 2004).

Efficiency of both treatments vary, depending considerably on
experimental conditions such as temperature, concentration, and treatment time in
addition to the type of feedstock and the amount of lignin content in the starting
material. Thus, optimized combinations of NaOH and ASC offer a promising

alternative to remove non-cellulosic components without impacting cellulose,
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thereby resulting in high cellulose recovery. Successful isolation of cellulose
fibers from energycane bagasse was reported by Yue et al. (2015) with the final
composition of 84.1% cellulose, 2.4% hemicellulose and 6.5% lignin using NaOH
treatment (20%/10 h/98 °C) followed by ASC (NaClO»/fibers: 0.75/1, v/w, and
acetic acid/suspension: 1/50, v/v).

In the present study, lupin hull and canola straw were used as the
feedstocks for the isolation of cellulose fibers using combined NaOH and ASC
treatments. Lupin hull was chosen as a representative of a low lignin feedstock
(<10%) and canola straw as a high lignin feedstock (20-25%) for comparison
purposes of the treatment efficiency. In addition, their high cellulose contents (35-
45%) make them ideal renewable biomass sources to obtain cellulose fibers. An
extensive literature search indicated that no research in the context of cellulose
isolation from these biomass sources using a combined NaOH treatment followed
by ASC treatment has been reported to date. Therefore, the aim of this study was
to optimize treatment conditions of NaOH followed by ASC treatment for
maximum cellulose recovery from lupin hull and canola straw, and to investigate
the effect of lignin content of the starting materials on the treatment efficiency.
Effects of NaOH treatment parameters, such as concentration (5-20 wt.%),
temperature (25-99 °C), time (2-10 h), and ASC treatment conditions (1.7 wt.%,
75 °C and 2-6 h time) on removal of non-cellulosic components (hemicellulose
and lignin) were also evaluated. Chemical composition, crystallinity, thermal

behavior, and morphological analysis of the raw and treated samples were
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performed to investigate the effects of treatments on the structural features of

fibers.

4.2. Materials and methods
4.2.1. Materials

Sweet blue lupin hull and canola straw were provided by Ceapro Inc.
(Edmonton, AB, Canada) and Dr. Barry Irving (University of Alberta),
respectively. Samples were ground to 1 mm particle size in a centrifugal mill
(Retsch, Haan, Germany). ACS reagent grade chemicals, such as NaOH, sodium
chlorite (NaClO), acetic acid, sulfuric acid, and sugar standards (D(+)glucose,
D(+)xylose, D(+)galactose, L(+)arabinose, and D(+)mannose with purity > 96%)
were obtained from Fisher Scientific (Pittsburgh, PA, USA) and used as received

without further purification.

4.2.2. Cellulose isolation

Before NaOH/ASC treatments, samples were extracted with toluene-
ethanol (2:1, v/v) for 8 h at 80 °C in a Soxhlet apparatus to minimize the influence
of extractives on the chemical composition analysis. For NaOH treatments, 5 g of
lupin hull or canola straw were soaked at specific NaOH concentrations of 5-20%,
with 20:1, v/w, liquid to solid ratio, for different times (2-10 h) under constant
mixing. After treatments, the solid residue and liquid extract were separated by
vacuum filtration. The obtained solid residues were washed repeatedly with

distilled water until a neutral pH was reached, and then they were dried in an oven
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at 40 °C for 48 h and the extracts were stored in the freezer at -18 °C for further
analysis.

Dissolved lignin in the liquid extract at optimized NaOH treatments was
removed by lowering the pH below 1.5 with the use of sulfuric acid. The
precipitated lignin fraction was vacuum filtered, and washed with hot water many
times until a neutral pH was reached and freeze-dried. The obtained lignin was
then analyzed by thermogravimetric (TG) analysis and scanning electron
microscopy (SEM).

NaOH treated samples at optimized conditions were then ASC treated for
further removal of non-cellulosic components. Samples were treated at a constant
concentration of 1.7% ASC (with 50:1, v/v, solution to acetic acid volume ratio)
with 10:1, v/w, liquid to solid ratio and a temperature of 75 °C according to a
modified method (Ruangudomsakul et al., 2015) for 2-6 h under constant mixing.
Fresh ASC (~50 mL) was added every 2 h, after filtering the sample and
removing the old ASC solution to maintain the pH below 4.0. The resultant
samples were subsequently washed with abundant water and oven-dried at 40 °C

for 48 h.

4.2.3. Characterization
4.2.3.1. Chemical composition

Untreated and treated samples were analyzed for lignin, hemicellulose and
cellulose contents following NREL standard analytical procedures (Sluiter et al.,

2008) described in Chapter 3 (Section 3.2.4.3). The total lignin contents of the
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samples were expressed as the sum of the acid insoluble lignin and acid soluble
lignin. Total hemicellulosic sugars (xylose, galactose, arabinose, and mannose)
and cellulose sugar (glucose) in the hydrolysates were determined using an
Agilent 1290 high performance liquid chromatography (HPLC) system (Agilent
Technologies, Santa Clara, CA, USA) with an evaporative light scattering
detector (ELSD) and a Shodex sugar SP0810 column (300 mmx8 mm,;
Phenomenex, Torrance, CA, USA) operated at 80 °C. A 10% (v/v) acetonitrile

solution was used as the mobile phase at a flow rate of 0.4 mL/min.

4.2.3.2. X-ray diffraction analysis

X-ray diffraction (XRD) analysis was performed using a PANalytical
Empyrean X-ray diffractometer (XRD) (Empyrean, PANalytical B.V., Almelo,
Netherlands) with a PIXcel 3D detector, over the 26 range of 5-45 degrees. Cu Ka
source tube was used at the conditions of 40 kV and 40 mA. The scanning speed
was 0.6 degrees 26 per minute with a 0.01 step size. The crystallinity index (CI)
of samples was determined using Eq. (3.1) (Ioo2 at 260 = 22.5° and L.m at 26 =

18.5°) described in Chapter 3, Section 3.2.5.1.

4.2.3.3. Thermo-gravimetric analysis
Thermo-gravimetric (TG) analysis was performed using a TG analyzer
(TGA) 209 F1 Libra (TG 209 F1 Libra, NETZSCH, Selb, Germany) following

the procedure described in Chapter 3, Section 3.2.5.2.
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4.2.3.4. Scanning Electron Microscopy analysis

Scanning electron microscopy (SEM) images of the untreated and treated
lupin hull and canola straw were analyzed using a field emission SEM (54700
FE-SEM, Hitachi, Tokyo, Japan). The thin layer of sample was mounted on SEM
specimen stubs with double-size conductive carbon tape and sputter-coated with
chromium (Desk V HP TSC, Denton Vacuum LLC, NJ, USA) at 5 kV and 15 mA

under low vacuum mode.

4.2.4. Statistical analysis
Data were presented as mean =+ standard deviation based on at least
duplicate experiments and analyses. Statistical analysis was performed using the

methodology described in Chapter 3, Section 3.2.6.

4.3. Results and discussion
4.3.1. Chemical composition

Table 4-1 shows the chemical composition of raw and treated lupin hull
and canola straw under different conditions. Untreated lupin hull consisted of 45.2
+ 2.1% cellulose, 25.4 + 1.4% hemicellulose, and 7.8 = 0.4% lignin, while
untreated canola straw consisted of 38.5 = 1.5% cellulose, 24.3 £+ 1.6%
hemicellulose and 21.4 + 0.9% lignin. According to the compositional analysis of
lupin hull, cellulose and hemicellulose contents are similar to those reported by

Bailey et al. (1974), while their lignin content was lower (~0.4%) compared to

83



this study, which can be related to the variety, harvesting conditions and/or the
different analytical method applied for compositional analysis. On the other hand,
cellulose, hemicellulose, and lignin contents of canola straw used in this study
were similar to those reported by Pronky and Mazza (2012).

Treatments with NaOH were found to be efficient on affecting the
chemical composition of lupin hull and canola straw samples as shown in Table
4-1. Increasing temperature and concentration of NaOH facilitated greater
removal of hemicellulose and lignin components due to the destruction of inter-
and intramolecular hydrogen bonds in the lignocellulose structure. After 2 h
treatment time, the lignin content of the raw material decreased significantly from
7.8 to 5.7% in lupin hull, and from 21.4 to 16.4% in canola straw, while the
hemicellulose content was reduced significantly from 25.4 to 8.6% in lupin hull,

and from 24.3 to 12.7% in canola straw at 15% NaOH concentration and 75 °C.
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Table 4-1. Chemical composition of lupin hull and canola straw before and after different treatments.

Lupin hull Canola straw
Treatment conditions Total solid Cellulose Hemicellulose  Lignin Total solid Cellulose Hemicellulose Lignin
recovery (%) (%) (%) recovery (%) (%) (%)
(%) (%)

Untreated 100#* 452+2.1* 25414 7.8+0.42 100° 385+1.58  243+1.6* 21.4+£0.9%
5% NaOH, 25 °C, 2 h 76.5 £0.9° 583+0.3° 234+03° 7.5+0.1* 762+£0.7° 49.7+£04> 22.1+0.5° 20.5+£0.4°
5% NaOH, 50 °C, 2 h 75.9 £ 0.4° 59.1£0.2° 19.6 £0.2¢ 7.1+£0.2° 73.5+£02% 51.6+£0.3° 203+0.9° 20.1 £0.3%
5% NaOH, 75 °C, 2 h 71.3+0.7¢ 62.6 £0.9¢ 153+1.44 6.9 +0.1% 69.1£0.1° 543+0.3¢ 182+1.34 19.5+£0.3¢
10% NaOH, 25 °C,2 h 70.3+£0.2¢ 63.4 +£0.6° 14.1 £0.5¢ 6.6 +0.1° 66.2+£0.39 56.5+0.6° 17.4+1.1% 19.1 £0.2¢¢
10% NaOH, 50 °C, 2 h 68.1£0.2%  652+0.1¢ 13.2+£0.3¢ 6.3 0.1 63.4+£0.5¢ 582+0.5" 169+0.4° 19.0 0.3
10% NaOH, 75 °C, 2 h 64.9 £ 0.4¢ 68.5 £0.2¢ 11.4+0.3f 6.1 +0.2¢ 60.9+02¢ 61.2+£0.7¢ 16.7+0.2° 18.4+0.5¢
15% NaOH, 25 °C,2 h 62.1£0.5%  71.7+0.1f 10.3 £0.3¢ 6.1 +0.2¢ 56.4+£0.1° 654+0.6" 149+0.2f 18.0+0.2¢
15% NaOH, 50 °C,2 h 60.6 £0.2° 73.4+0.1¢ 9.2+0.2" 5.8+0.1% 559+0.1° 66.1+£0.3" 14.6+0.1f 17.8+0.1¢
15% NaOH, 75 °C,2 h 574+0.2° 75.9 £0.1" 8.6 0.1" 5.7+0.1¢ 546+0.1° 67.2+0.9 12.7 £0.38 16.4 £0.3¢
20% NaOH, 25 °C, 2 h 59.1+£0.2° 71.2 £0.2f 11.1+1.2f 6.3 £0.2¢ 53.9+£03° 65.7+0.5" 157+0.3¢ 17.9+0.2¢
20% NaOH, 50 °C, 2 h 572+03%  733+0.28 9.8 +0.4" 6.1+0.34 523+£0.2°  663+£04" 145+0.7F 17.3 £0.44
20% NaOH, 75 °C,2 h 53.7+0.2f 77.1 £0.1" 8.9+£0.2" 5.9+ 0.2% 50.1£0.1"  67.8+0.5 13.9+0.4f 16.9 £ 0.4°
15% NaOH, 75 °C, 6 h 545+05  78.9+0.21 8.2+0.3" 5.5+0.2f 49.9+0.1f 720+ 1.1 12.6 £0.2¢ 13.8+0.2f
15% NaOH, 75 °C, 10 h 527+0.7%  81.3+0.4 8.6 £0.3" 5.3+0.1f 48.8+0.2f 726+ 1.4 12.4+£0.28 13.6 + 0.4f
15% NaOH, 99 °C, 6 h 49.9 £0.5¢ 85.9 +£1.6¢ 7.5+0.21 4.7+0.2¢8 47.6+0.1%  750+009% 11.5+0.3" 123 +£0.2¢
15% NaOH, 99 °C, 10 h 48.6 £0.7¢ 87.1+1.1k 7.2+0.8 44+0.2¢8 470+£0.1% 75607 11.8+0.2" 12.0 £0.38
Opt**+1.7% ASC, 75 °C, 2 h 47.1£0.28"  90.5+0.1! 6.4+0.2 2.9+£0.4b 451+0.68 77.7+0.5 11.4£0.3M 10.8 £0.5"
Opt**+1.7% ASC, 75 °C, 4 h 45.7+0.1" 93.2+0.5™ 4.6+0.1% 1.7£0.11 441028  794£04™ 11.0£0.41 8.5+0.7
Opt**+1.7% ASC, 75 °C, 6 h 443 £0.2" 88.7+£0.6" Traces 0.8 +0.1J 433+03¢ 81.4=05" 103=+0.3 7.9 £0.3

Contents have been expressed on dry weight basis as mean + standard deviation of at least duplicate determinations.
* Means with different letters in the same column are different from each other at p<0.05.
**Opt: Optimized condition (15% NaOH, 99 °C, 6 h).



On the contrary, the cellulose content increased significantly from 45.2 to
75.9% in lupin hull and from 38.5 to 67.2% in canola straw at the same treatment
conditions. The chemical composition of 15% NaOH treated samples was not
significantly different from those treated with 20% NaOH at all temperatures
investigated for 2 h. This behavior may be attributed to the excessive swelling of
the cellulose in the presence of 15-20% alkali concentration.

One of the functions of alkali is to serve as a swelling agent to cellulose,
thereby allowing better extraction of hemicelluloses. Although mild alkali
solutions could not be able to break the cellulose and hemicellulose complex
efficiently, higher alkali concentrations might prevent the further separation of
hemicelluloses from the fiber structure as it swells the microfiber too much
(Rambabu et al., 2016). On the other hand, increasing 15% NaOH treatment time
to 6 h and temperature to 99 °C resulted in improved removal of hemicellulose
and lignin in both samples.

The hemicellulose and lignin contents after treatment with 15% NaOH, 99
°C for 6 h were further reduced to 7.5% and 4.7%, respectively, in lupin hull, and
11.5% and 12.3%, respectively, in canola straw. However, further increasing the
treatment time to 10 h did not affect the chemical composition values significantly
in both samples.

Fig. 4-1 shows the effect of NaOH treatment on hemicellulose and lignin
removal amounts of lupin hull and canola straw. Although the amounts of
removed lignin (50-60%) were similar for all NaOH treated samples of lupin hull

and canola straw, the amounts of hemicellulose removal from lupin hull (up to
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80%) were higher than those from canola straw (up to 70%). As known, lignin
surrounds cellulose and hemicellulose, forming a complex structure that makes
lignocellulosic biomass highly recalcitrant to enzymes, pathogens, and
microorganisms (Lynd et al., 1991). Strong lignin interactions keep the
hemicellulose unexposed and inaccessible. Depolymerization and removal of
lignin provides improved susceptibility for the remaining hemicellulose and
cellulose for further breakdown of their structures as lignin fails to act as a
protective shield. Therefore, the efficient removal of hemicellulose depends on
the low amount of lignin present in the starting material and/or efficient removal
of lignin with the treatment applied. It is a challenge to completely delignify the
biomass since lignin is located within the deep cell wall and tends to condensete.
Lignin is physically stiff due to its strong polyring bonds of C—O-C, C-C and
hydrophobic bonds (Sanchez et al., 2011).

To further remove the residual lignin and hemicellulose, the NaOH treated
samples at optimized conditions (15% NaOH/99 °C/6 h) were then subjected to
ASC treatment for 2 to 6 h at 75 °C with fresh ASC (~50 mL) added every 2 h. As
anticipated, the hemicellulose and lignin contents of NaOH treated samples were
further reduced and cellulose content was further increased as a function of
treatment time. At the end of the 6 h ASC treatment, the lignin content of lupin
hull decreased to 0.8%, while the lignin content of canola straw decreased to 7.9%

as reported in Table 4-1.
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Figure 4-1. Effect of NaOH concentration and temperature on hemicellulose and
lignin removal of (a, b) lupin hull, and (c, d) canola straw. Means with different
letters within each temperature are different from each other at p<0.05.

The cellulose content of canola straw increased continuously up to 81.4%
after 6 h ASC treatment; however, the cellulose content of lupin hull first
increased up to 93.2% after 4 h treatment, and then increasing the treatment time
to 6 h resulted in a decrease of cellulose content to 88.7%, which was not the case
for canola straw with a higher lignin content. It is hypothesized that the ASC
treatment of biomass containing less than 1% lignin had a detrimental effect on
degree of polymerization of cellulose due to hydrolysis and/or oxidative cleavage
of the cellulose chain (Grierer, 1986). Therefore, degradation of cellulose in lupin

hull at this condition could be related to its low lignin content of <1%. Hubbell
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and Ragauskas (2010) treated two types of pure cellulose, Avicel PH-101 and
Whatman filter paper, with ASC in the presence of varying amounts of
incorporated lignin up to 30%. They also reported that ASC treatment caused
significant damage to the cellulose component of the substrate, containing < 1%
lignin.

Fig. 4-2 demonstrates the effects of ASC treatment time (2, 4 and 6 h) on
cellulose, hemicellulose, and lignin recovery of lupin hull and canola straw
treated at optimum NaOH conditions (15% NaOH/99 °C/6h). For both samples,
more than 90% of the original cellulose fibers were recovered. However, a
treatment time beyond 4 h seemed to have a negative impact on the cellulose
recovery of lupin hull with about 7% decrease (Fig. 4-2a) probably due to
cellulose degradation to glucose as the lignin amount was below 1% as discussed
earlier, and very low hemicellulose content that was not detectable. The NaOH
treatment followed by the ASC treatment of lupin hull and canola straw up to 6 h
led to lignin recovery of 4.7% and 16.2%, indicating the removal of 95.2% and
83.7% of the original lignin, respectively.

Similarly, the hemicellulose fraction removal for lupin hull was much
higher than that of canola straw, with amounts of 91.2% and 81.4% for lupin hull
and canola straw, respectively. With the ASC treatment, noncellulosics were
removed, and the solid residue turned into white color, suggesting successful

1solation of cellulose-rich fraction.
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Figure 4-2. Effect of ASC treatment (1.7%/75 °C) time (2, 4 and 6 h) on

cellulose, hemicellulose, and lignin recovery of (a) lupin hull and (b) canola straw
treated at optimum NaOH conditions (15% NaOH/99 °C/6h). Means with

different letters within each biomass fraction are different from each other at

p<0.05.
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In the case of lupin hull, the solid residue appeared white after the first 2 h
of treatment. However, the solid residue of canola straw still appeared yellow
after the first 2 h of treatment, which was a visual evidence of certain amounts of
hemicellulose and lignin present. Then, the white color of canola straw residue
was obtained at the end of 4 h treatment time.

Overall, cellulose enriched fibers were obtained with more than 90% and
80% cellulose content from lupin hull and canola straw samples, respectively, as a
result of combined NaOH and ASC treatments. However, higher amounts of non-
cellulosic components removal (~95% of lignin and ~92% of hemicellulose) was
observed for lupin hull compared to those of canola straw (~84% of lignin and
~81% of hemicellulose), which can be related with the much lower lignin content

of lupin hull in the starting material.

4.3.2. Crystallinity

Fig. 4-3 shows the XRD patterns of untreated, NaOH and ASC treated
lupin hull and canola straw and their corresponding Cls. The results clearly
demonstrated the increase in the crystallinity of both samples after NaOH and
ASC treatments. Moreover, the crystallline structure of cellulose in both samples
was maintained after both treatments as all XRD diffractograms showed three
peaks at around 26= 16.5°, 22.5°and 34.5°, which are associated with the typical

crystalline structure of cellulose I (Nishiyama, 2009).
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Figure 4-3. X-ray diffraction (XRD) patterns of untreated, NaOH (15%/99 °C/6h)
and NaOH-ASC (ASC: 1.7%/75 °C/6h) treated (a) lupin hull, and (b) canola
straw, and their crystallinity index (CI) values.
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Separation of the molecular chains of cellulose in the presence of NaOH
usually lead to destruction of cellulose I structure, which is then transformed into
cellulose II (Revol et al., 1987). In this study, 15% NaOH concentration did not
affect the cellulose structure.

Yue et al. (2015) reported that the cane bagasse conversion from cellulose
I to cellulose II could not be obtained with NaOH concentrations of <10 wt.%.
They evaluated treatments with 10 and 20% NaOH for 1.5-10 h at 98 °C and
obtained a mixture of cellulose I and II structures in the 20% NaOH treated
samples for 1.5 h, indicating the presence of peaks at 26= 15.16° and 16.60°, and
a small peak at 26= 12.22°.

The CI value of untreated lupin hull (38.2%) was slightly higher than that
of canola straw (34.1%). The CI values for the lupin hull treated by NaOH and
NaOH-ASC were 62.3% and 72.6%, respectively. Similarly, the increased
crystallinity was observed for canola straw samples, where the CI values for the
NaOH treated and NaOH-ASC treated samples were found to be 45.9% and
67.4%, respectively.

Such an increase in crystallinity was attributed to the removal of
amorphous lignin and hemicellulose as cellulose is crystalline in nature. The CI
values of canola straw samples were less than those of lupin hull, which might be
due to the fact that canola straw contains comparatively more amorphous
components than that of untreated lupin hull and the treated lupin hull at the

conditions tested. These results also implied that obtained cellulose fibers have
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improved mechanical properties since higher crystallinity leads to higher tensile

strength (Alemdar and Sain, 2007).

4.3.3. Thermal behavior

TG analysis was carried out to investigate the degradation characteristics
and thermal stability of both samples at various stages of the isolation processes.
Fig. 4-4 presents the effect of NaOH and ASC treatments on the thermal behavior
of lupin hull and canola straw samples.

Thermal behavior of both samples changed significantly after treatments.
NaOH and ASC treated samples showed improved thermal stability with
increased onset temperature of degradation, which ascribed to the removal of
amorphous hemicelluloses and lignin. Because these components can form free
radicals, initiating the degradation at lower temperatures than the crystalline
fractions. The onset of degradation of untreated lupin hull and canola straw
started at temperatures of 238 °C and 232 °C, respectively. After NaOH
treatment, the onset temperature increases to 301 °C for lupin hull, and 298 °C for
canola straw due to the increased crystallinity of cellulose as discussed earlier.
The onset of degradation further rises in the case of NaOH-ACS treated lupin hull
(318 °C) and that of the canola straw (307 °C) since majority of the amorphous
components were removed.

The thermal degradation curves of lignocellulosic biomass are composed
of multi-stages due to the existence of lignin, hemicellulose, and other non-

cellulosic constituents with different decomposition temperatures. The first stage
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of the degradation begins at around 120 °C, which is regarded as the evaporation
of loosely bound moisture on the surface and/or intermolecular hydrogen bonded
water (Ray et al., 2002). As shown in Fig. 4-4, NaOH treated and NaOH-ASC
treated samples have relatively lower moisture contents of 4-6% and 1-2% than
untreated lupin hull and canola straw (10-12%). This is because untreated samples
are composed of more hydrophilic components like hemicellulose, which can
entrap greater amount of water (Mandal and Chakrabarty, 2011), and also
depends on initial moisture content of the sample. The second stage of the
degradation between 220 and 315 °C is attributed to the thermal decomposition of
mainly hemicellulose and the breakdown of glycosidic linkages of cellulose
(Manfredi et al., 2006). The weight loss of untreated samples between 220 and
315 °C (~20% for lupin hull and ~28% for canola straw) is higher than that of
NaOH treated samples (~7% for lupin hull and ~15% for canola straw) since
NaOH treated samples contain less hemicelluloses due to the effective removal
during treatment. The third stage of degradation between 315 and 400 °C is
associated with predominantly cellulose and lignin decomposition (Yang et al.,
2006). Weight losses of the samples (~70% for lupin hull and ~45% for canola
straw) in that region increased due to an increased cellulose content. The final
stage of degradation above 400 °C is related to mainly lignin decomposition.
However, lignin decomposition takes place in a broader temperature range than

cellulose and hemicelluloses as observed in Fig. 4-4.
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Figure 4-4. Thermo-gravimetric (TG) curves of untreated, NaOH (15%/99 °C/6h)
and NaOH-ASC (ASC: 1.7%/75 °C/6h) treated (a) lupin hull, and (b) canola
straw.

More than 50% of the isolated lignin from lupin hull and canola straw
were maintained at a temperature of 600 °C as they require higher temperature to
reach complete degradation (800-1000 °C) (Yang et al., 2007). The presence of

various oxygen functional groups in lignin with different thermal stabilities leads

to a broader decomposition temperature range (Brebu and Vasile, 2010).
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4.3.4. Morphology

The morphology of raw and NaOH/ASC treated samples were examined
to elucidate the physical changes that occurred in lupin hull and canola straw
samples after each treatment. Fig. 4-5 shows the SEM images of untreated, NaOH
and ASC treated lupin hull and canola straw samples. Untreated samples were
intact, displaying more compact and smooth surface structures with non-uniform
shapes and low porosity (Fig. 4-5a-c). The significant change in fibers’
morphologies was clear with disruption of the cell walls as a consequence of
amounts of lignin and hemicellulose removal with 15% NaOH treatments at 99
°C for 6 h.

It was observed that NaOH treated fibers of lupin hull and canola straw
had increased porosity (Fig. 4-5d-i). The holes observed in the NaOH treated
samples made the fibers more accessible for subsequent ASC treatments for an
effective removal of hemicellulose and lignin. Thus, more remarkable changes
were observed due to the further deconstruction of the cell walls after ASC
treatments of both samples at 75 °C for 6 h, which are visualized in Fig. 4-5j-1.
The NaOH-ASC treated samples composed of 80-90% cellulose exhibits
smoother, uniform and homogeneous fiber surface, creating a larger surface area
and indicating the extensive removal of non-cellulosic components from lupin

hull and canola straw.
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Figure 4-5. Scanning electron microscopy (SEM) images of (a) untreated lupin
hull, (b,c) untreated canola straw, (d-f) NaOH treated lupin hull, (g-1) NaOH
treated canola straw, (j) NaOH-ASC treated lupin hull, (k,1) NaOH-ASC treated
canola straw at the optimized conditions (NaOH: 15%/99 °C/6h, and ASC:
1.7%/75 °C/6h), (m-o0) lignin from lupin hull, and (p-s) lignin from canola straw
after NaOH treatment (15%/99 °C/6h).
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Different morphological structures of precipitated lignins from the extracts
were observed. Lupin hull lignin (Fig. 4-5m-o0) exhibited more sponge-like image
and appeared as agglomerated structures. On the other hand, lignin from canola
straw (Fig. 4-5p-s) showed more rock-like structures. Cracks and holes were

present on the surfaces and some smooth spherical forms were observed.

4.4. Conclusions

Cellulose fibers of lupin hull and canola straw were successfully produced
using combined treatments with NaOH followed by ASC. The maximum
cellulose content obtained was 93.2% for lupin hull after treatment with 15%
NaOH at 99 °C for 6 h followed by 4 h ASC treatment. For canola straw, 81.4%
cellulose content was obtained after treatment with 15% NaOH at 99 °C for 6 h
followed by 6 h ASC treatment. The amount of non-cellulosic components
removal was higher for lupin hull than that of canola straw. Lupin hull and canola
straw lignin contents were reduced by about 90 and 82%, respectively. The
maximum removed hemicellulose contents were 92 and 81% for lupin hull and
canola straw, respectively. The treated samples had increased crystallinity up to
72.6% CI for lupin hull and 67.4% CI for canola straw and improved thermal
stabilities, with onset degradation up to 318 °C for lupin hull and 307 °C for
canola straw. The SEM images revealed that the isolated cellulose fibers from
lupin hull and canola straw obtained after NaOH/ASC treatments had more

homogeneity and uniformity with increased surface area.

99



Chapter 5. Cellulose nanofibers of lupin hull obtained by processing with

subcritical water and ultrasonication*®

5.1. Introduction

In the last few decades, research on cellulose nanofibers has intensified
due to their unique characteristics, such as high surface area, high tensile strength,
low coefficient of thermal expansion, good biocompatibility, non-toxicity and
excellent mechanical properties (Eichhorn et al., 2010). They have shown great
potential in many applications, including nanocomposites (Siro” and Plackett,
2010), optically transparent materials (Nogi and Yano 2008; Yano et al., 2005),
aerogels (Paikko et al., 2008), films (Veldsquez-Cock et al., 2016), templates
(Kelly et al., 2014) and others.

Cellulose nanofibers have been isolated from various agricultural residues,
such as wheat straw and soy hull (Alemdar and Sain, 2008), banana rachis
(Zuluaga et al., 2009), rice straw (Hassan et al., 2012), corn stalks (Reddy and
Yang, 2005), and soybean pods since they are readily available and inexpensive
lignocellulosic feedstocks (Wang and Sain, 2007). Cellulose nanofibers are
prepared from highly purified cellulose obtained after chemical/mechanical
(Fujisawa et al., 2011; Saito et al., 2007) or enzymatic pretreatments (Paakko et
al., 2007) by removal of the main matrix components, such as hemicellulose and

lignin.

*A version of this chapter has been submitted to Food and Bioprocess Technology as Ciftci, D.,
Flores, R. and Saldafia, M.D.A. (2016). Cellulose nanofibers of lupin hull obtained by processing
with subcritical water and ultrasonication.
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Subcritical water technology is an environmentally friendly approach for
pretreatment of agricultural residues as it only utilizes pressurized hot water at
elevated temperatures of 160-220 °C. Under these conditions, physicochemical
properties of water changes, mainly dielectric constant decreases, and water
behaves like certain organic solvents, such as methanol and ethanol. Therefore, it
can dissolve substances of a wide range of polarity (Deng et al, 2005; Kim et al.,
2009; Saldana and Valdivieso-Ramirez, 2015).

After pretreatments, very high mechanical shearing is required to
disintegrate the cell wall to liberate the cellulose nanofibers. These processes
include grinding, milling or refining (Abe et al, 2007), cryocrushing
(Chakraborty et al., 2005), microfluidization (Alila et al., 2013), and high pressure
homogenization (Nakagaito and Yano, 2005; Turbak et al., 1983), as well as
different combinations of these methods. In the last decade, ultrasonication
method has been successfully applied for fibrillation of pretreated fibers into
nanoscale (Chen et al., 2011, Cheng et al., 2007; Wang and Cheng, 2009; Wang et
al, 2016). Ultrasonication of cellulose fibers in water involves the use of
ultrasound waves (>20 kHz) to disrupt molecular interactions between cellulose
microfibers through a process known as cavitation. The ultrasound waves result in
the vibration of fibers as they experience high-pressure and low-pressure cycles,
which creates microscopic vacuum bubbles or voids in the liquid, causing
collapse and individualizing microfiber bundles into the solution (Chen et al.,

2011). The cavitation produces high shear forces at the ultrasonicator tip and
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leads to cellulose in water dispersion to become intensely agitated to individualize
into nanoscale.

In this study, sweet blue lupin hull, Lupinus angustifolius, was chosen to
obtain cellulose nanofibers due to its low lignin content (2-8%) and high cellulose
content (40-50%). Subcritical water treatment of lupin hull was conducted to
obtain a cellulose-enriched residue (~80% cellulose) at 180 °C, 50 bar and 5
mL/min as discussed in Chapter 3. To date, there is no research available on the
isolation of cellulose nanofibers from lupin hull or the use of subcritical water
technology as a pretreatment method to obtain cellulose nanofibers. Therefore, the
main objective of this study was to investigate the isolation and characterization
of cellulose nanofibers using an environmentally friendly approach that reduces
the use of toxic chemicals and waste. For this purpose, subcritical water treated
lupin hull cellulose fibers were further purified using a bleaching treatment with
acidified sodium chlorite for 4 h. Then, fibrillation of highly purified cellulose
into nanoscale was performed via high intensity ultrasonic treatment. Effects of
ultrasonication parameters, such as applied amplitude (20-80%) and time (15-35
min) on the fibrillation process of cellulose fibers were investigated. Besides,
water retention values of fibers were determined to evaluate the degree of
fibrillation. The structural and physicochemical properties of the obtained
nanofibers were characterized by scanning electron microscopy (SEM),
transmission electron microscopy (TEM), Fourier transform infrared (FTIR)

spectroscopy, X-ray diffraction (XRD) and thermogravimetric (TG) analysis.
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5.2. Materials and methods
5.2.1. Materials

Lupin hulls supplied by Ceapro Inc. (Edmonton, AB, Canada) were
ground in a centrifugal mill using a 1 mm sizeve (Retsch, Haan, Germany). All
chemicals used, such as sodium chlorite (NaClOz) and acetic acid, were of

laboratory grade and obtained from Fisher Scientific (Pittsburgh, PA, USA).

5.2.2. Preparation of cellulose fibers

Cellulose rich residues used in this study were extracted at optimized
conditions from lupin hull using subcritical water technology as described in
Chapter 3 (Section 3.2.3). Then, samples were bleached using 1.7% acidified
sodium chlorite according to a modified method (Ruangudomsakul et al., 2015)
that was described in Chapter 4 (Section 4.2.2) for 4 h to achieve sufficient

delignification.

5.2.3. Preparation of cellulose nanofibers

Purified cellulose fibers were soaked in 100 mL of distilled water at a
fiber content of 0.1% (w/v). The aqueous dispersions were then treated with a
high intensity ultrasonicator (Model 705, 700 W, 50/60 Hz, Fischer Scientific,
Pittsburgh, PA, USA) equipped with a cylindrical titanium alloy probe tip of 1.27
cm in diameter. The ultrasonication of the samples was carried out at defined
amplitude (20-80%) for varying time (15-35 min). Ultrasonic treatments were

performed in an ice/water bath to prevent heat generation. The obtained aqueous
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dispersions were frozen at -18 °C and then freeze-dried (Free Zone 1.0 L
Benchtop Freeze Dry System, Labconco, Kansas City, MO, USA) at -45 °C for 48
h. Cellulose nanofibers obtained were then analyzed for morphology, functional
groups, crystallinity, and thermal stability. Oven-dried cellulose nanofibers were
obtained by pouring 5 mL of sample into an aluminum mould with 5 cm diameter

and drying in an oven at 40 °C for 48 h to be then analyzed for morphology.

5.2.4. Determination of lignin content
Lignin content analysis after cellulose fiber treatment with acidified
sodium chlorite was carried out following the NREL standard analytical

procedure (Sluiter et al., 2008) that was described in Chapter 3 (Section 3.2.4.3).

5.2.5. Water retention value

The water retention values (WRV) of resultant cellulose nanofiber
dispersions were measured using a centrifugation technique (Cheng et., 2010).
Briefly, cellulose nanofiber dispersions were subjected to centrifugation at 900g
for 30 min at 20 °C. The wet sediment obtained after centrifugation was dried

overnight at 105 °C. The WRV was determined using the equation below:

WRV (%) = 5224100 (5.1)

where, Wy, is the weight of the sample after centrifugation and W is the weight of

the sample after drying.
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5.2.6. Microscopic analysis

The SEM images of the purified cellulose, air-dried and freeze-dried
cellulose nanofiber dispersions were taken using field emission SEM (S4700 FE-
SEM, Hitachi, Tokyo, Japan) as described in Chapter 4 (Section 4.2.3.4).

The TEM analyses of cellulose nanofiber dispersions were performed with
a TEM microscope (H7500 TEM, Hitachi, Tokyo, Japan) operated at 80 kV. One
drop of aqueous nanofiber suspension was placed onto carbon-coated TEM grids
and the sample was then negatively stained with 1% uranyl acetate and allowed to
dry under ambient conditions. Diameters of cellulose nanofibers were calculated
using the ImagelJ processing software 1J1.46 by loading the TEM images into the
software and measuring the fiber diameters. Scale bars on each TEM image were
used for calibration of the software. Approximately, 100 measurements were done
using 10 TEM images. The average diameters and size distributions were
determined from particle sizes obtained by drawing straight lines from the

selected fibers in the corresponding TEM images.

5.2.7. Fourier Transform Infrared Spectroscopy analysis

Infrared spectra of cellulose nanofibers were characterized by an FTIR
using attenuated total reflectance (ATR) (Nicolet 380, Thermo Scientific,
Waltham, MA, USA). Raw and freeze dried cellulose nanofiber samples were
directly pressed onto the diamond internal reflection element of the ATR

accessory. The experiments were conducted in the range of 4000 to 400 cm™ with
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a resolution of 4 cm™ and a total of 128 scans per sample. Data collection was

done using the Nicolet Omnic 8.3 software.

5.2.8. X-ray Diffraction analysis

XRD patterns of purified cellulose, cellulose nanofibers were measured
using a PANalytical Empyrean XRD (Empyrean, PANalytical B.V., Almelo,
Netherlands) as described in Chapter 4 (Section 4.2.3.2). The crystallinity index
(CI) of the samples was determined using Eq. (3.1) (Ioo2 at 260 =22.5° and L. at 26

= 18.5°) described in Chapter 3 (Section 3.2.5.1).

5.2.9. Statistical analysis
Data were presented as mean =+ standard deviation based on at least
duplicate experiments and analyses. Statistical analysis was performed using the

methodology described in Chapter 3 (Section 3.2.6).

5.3. Results and discussion

Chemical composition of untreated lupin hull was determined to be 45.2 +
2.1% cellulose, 25.4 + 1.4% hemicellulose, and 7.8 + 0.4% lignin in the previous
study reported in Chapter 3. In this study, subcritical water treatment of lupin hull
was carried out at the optimized conditions of 180 °C, 50 bar and 5 mL/min using
a semi-continuous flow type subcritical water system, resulting in most of the
hemicellulose removal (>85.5%). However, subcritical water treatment does not

ensure the complete removal of lignin due to lignin recondensation (Pu et al.,
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2015). After subcritical water treatment, the final lignin content was 15% due to
the removal of most of the hemicellulose and other minor components. The
presence of residual lignin might reduce the efficiency of cellulose fibrillation as
lignin is believed to be a major impediment to cellulose accessibility. Therefore, a
bleaching treatment was required for residual lignin removal. Then, subcritical
water treated lupin hull was subjected to a delignification process with acidified
sodium chlorite to obtain highly purified cellulose fibers (~97%), which led to the

reduction of the lignin content to 1.27+0.05%.

5.3.1. Water retention value

To investigate the effects of ultrasonic treatment parameters, amplitude
and time, on the degree of fibrillation of cellulose, the WRV of ultrasonicated
lupin hull cellulose nanofibers were determined. The WRYV is a measure of the
fiber’s swelling capacity, which is expressed as the percentage of water contained
in a sample after centrifugation (Cheng et al., 2007).

The WRV of the untreated lupin hull cellulose was found to be
approximately 157% as shown in Figure 5-1. Ultrasonication of the samples at
20% amplitude for 15-35 min did not affect the WRYV significantly (161-166%).
However, treatments at higher amplitudes (50% and 80%) resulted in higher
WRYV (194-305%). Higher WRV relates to the higher degree of fibrillation
(Cheng et al.,, 2010). The higher WRV values indicate more nanofibers are
isolated or more voids are formed among the fibers. Therefore, an increased

swelling capacity arise from a more exposed fiber surface area to absorb water
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due to deconstructed fiber bundles obtained at an increased amplitude. A rapid
WRYV increase was observed after 15 min treatment time for both ultrasonicated
samples at 50% and 80% amplitude, with the maximum values being
approximately 263% at 50% amplitude and 305% at 80% amplitude for 35 min
treatment time, indicating that more water accessible surface area was created
through extensive degree of fibrillation at these conditions. The increase of the
WRYV with increased deconstruction of the fibers has also been reported
elsewhere (Heidarian et al., 2016; Wang and Cheng, 2009). Based on the WRV
evaluations, four samples with the higher WRV wvalues were chosen for

morphology and size analysis as they are expected to show better fibrillations.
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Figure 5-1. Water retention value (WRYV) of untreated and ultrasonicated lupin
hull cellulose at different amplitudes (20, 50 and 80%) for varying times (15, 25
and 35 min). Means with different letters within all amplitudes are different from
each other at p<0.05.
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5.3.2. Morphology and size

Morphologies and fiber size distributions of the lupin hull cellulose
ultrasonicated at different amplitudes (50 and 80%) for varying time (15-35 min)
were presented in Figure 5-2, revealing successful fibrillations at nano-scale.

It is clear that the morphology and size of the isolated cellulose nanofibers
were affected by the two process parameters evaluated. All TEM images
displayed a classical web-like network structure, consisting of long entangled
nanoscale cellulosic filaments, with the lengths estimated to be several microns as
seen in Figure 5-2a-d. Measuring the exact lengths of cellulose nanofibers were
not possible as the start and end points of the fibers cannot be distinguished due to
entangled structures. The overall diameter size distribution narrowed down as the
ultrasonication amplitude and time increased. It is clear from Figure 5-2a that 25
min of ultrasonication at 50% amplitude was not strong enough to separate large
cellulose nanofiber bundles. Diameter size analysis showed that the ultrasonicated
fibers at 50% amplitude for 25 min had a diameter range of 20-80 nm, and more
than 75% of the fibers had diameters between 40 and 60 nm with an average
diameter of 46 nm. Increasing ultrasonication time to 35 min at 50% amplitude
resulted in improved fibrillation, with an average diameter of 32 nm (Fig. 5-2b),
where approximately 60% of the fibers were found to be in the range of 20-40

nm.
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Figure 5-2. Transmission electron microscopy (TEM) images and size
distribution of lupin hull cellulose ultrasonicated at different conditions: (a) 50%
amplitude for 25 min, (b) 50% amplitude for 35 min, (c) 80% amplitude for 25
min, and (d) 80% amplitude for 35 min.

110



Increasing ultrasonication amplitude to 80% was very effective on
fibrillation. It was observed that ultrasonication of fibers at 80% amplitude for 25
min produced a dispersion of high aspect ratio nanofibers with a decreased
average diameter of 19 nm (Fig. 5-2c¢).

A 10 min increase in the ultrasonication time with a total time of 35 min
further improved the extent of fibrillation to obtain nanofibers with an average
diameter of 15 nm, resulting in more entangled fiber network due to strong
hydrogen bonds as a large number of hydroxyl groups were exposed with the
decreased fiber size. Almost 75% of the nanofibers displayed diameters between 5
and 20 nm, and the missing 25% fibers were in the range of 20-30 nm.

The effect of amplitude on fibrillation is related with the intensity as
intensity of sonication is directly proportional to the amplitude of vibration
(Mason, 2000). Therefore, an increase in the amplitude of vibration led to an
increase in the intensity of vibration, favoring cellulose fibrillation to nano-size.
Longer treatment times at higher amplitudes resulted in better fibrillation, which
positively correlated with the WRV values (Figure 5-3) as swelling capacity

increased with the decreased size.
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Figure 5-3. Effect of WRV values on the average diameter size at 50-80%
amplitude for 25-35 min.

Even though improved fibrillations with smaller size were found at higher
amplitudes, further increase of amplitude and time could produce more
agglomerated and entangled nanofibers. Moreover, longer processing times at
high amplitudes may increase the chance of cellulose degradation and disrupt the
structural integrity of the fibers (Li et al., 2012). Optimization of minimum
amplitude required is important to achieve the cavitation threshold to obtain the
desired fibrillation. Amiralian et al. (2015) reported that the ultrasonication of
chemically pretreated (alkali treated and bleached) Triodia pungens fibers at low
amplitude (20%) for either 5 or 20 min, resulted in a high aspect ratio cellulose

nanofiber with an average diameter of 4.1 and 6.8 nm, respectively. The
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morphologies and size distributions of the cellulose nanofibers obtained were in
good agreement with the results of the WRV measurements as the sample with
the well nanofibrillated network and the lowest average diameter size had the
highest WRV.

Figure 5-4 compares the SEM images of purified lupin hull cellulose
fibers and isolated cellulose nanofibers at 80% amplitude for 35 min after oven
drying at 40 °C for 48 h and freeze drying at -45 °C for 48 h. During oven drying
of the aqueous dispersions of cellulose nanofibers, the adjacent individual
nanofibers first collapsed due to the capillary force (Nystrom et al., 2010). Then,
the attraction of nanofibers to one another occurred, forming agglomerates, which
exhibited a rough surface structure (Fig. 5-4b). Agglomeration among the fibers
are promoted by hydrogen bonds interactions due to the abundance of hydroxyl
groups on the cellulose nanofiber surface (Peng et al., 2012), which may attract
particular interest for producing cellulose nanofiber films. On the other hand,
freeze drying of the aqueous dispersions minimized the aggregation of the
cellulose nanofibers, forming porous structure as seen in Figure 5-4c. However,
the morphology of freeze dried nanofibers are influenced by the diameter size and
the concentration of the cellulose in dispersion affecting the self-organizing

behavior of the fibers (Han et al., 2013).
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Figure 5-4. Scanning electron microscopy (SEM) images of (a) purified lupin
hull cellulose microfibers, (b) isolated cellulose nanofibers (80% amplitude for 35
min); oven dried at 40 °C for 48 h, and (c) freeze dried at -45 °C for 48 h.

5.3.3. Attenuated Total Reflectance-Fourier Transform Infrared
Spectroscopy

Major components of agricultural residues, such as cellulose,
hemicellulose and lignin are composed of alkanes, aromatics, esters, ketones, and
alcohols with different oxygen containing functional groups. Thus, Attenuated
Total Reflectance FTIR (ATR-FTIR) spectral analysis of the untreated lupin hull,
purified cellulose fibers, and cellulose nanofibers were conducted to evaluate the
functional group changes in the fibers after ultrasonication (Fig. 5-5). The peak
observed at 3000-3600 cm™! band in the spectra of all samples was associated to
the OH stretching vibrations of hydrogen bonded hydroxyl group, which was
related to specific intermolecular hydrogen bonds of cellulose (Yang et al., 2007).
The peaks in the range of 1734 cm ™! and 1600 cm™! (C=O stretching) in untreated
lupin hull were attributed to the acetyl and uronic ester groups of hemicelluloses
or the ester linkage of the carboxylic groups of the ferulic and p-coumaric acids of
lignin (Sun et al., 2005). No equivalent peaks were observed in the ATR-FTIR

spectra of the purified cellulose and cellulose nanofibers, ensuring the removal of
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most hemicelluloses and lignin. The existence of these peaks was reported earlier
(Alemdar and Sain, 2008; Ruangudomsakul et al., 2015). The peak appearance at
around 896 cm ™! indicated the B-glycosidic linkages of glucose ring of cellulose
(Xiao et al., 2001), which existed in the spectra of all samples. This peak was
more intense in purified cellulose and cellulose nanofibers, revealing the removal
of hemicellulose and lignin. The other characteristic peaks of cellulose at around
3297, 1131 and 1046 cm ' were significantly pronounced upon removal of

noncellulosics from lupin hull.
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Figure 5-5. Attenuated Total Reflectance Fourier Transform Infrared
Spectroscopy (ATR-FTIR) spectra of untreated lupin hull, purified lupin hull
cellulose and isolated cellulose nanofibers (80% amplitude for 35 min).
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The spectrum of untreated hull was significantly different from those of
purified cellulose and cellulose nanofibers. The peak absorptions arising from
noncellulosics were mostly removed in the purified cellulose after subcritical
water and ASC treatments. No significant differences were observed between the
spectrum of purified cellulose and cellulose nanofibers, which indicated that no
new functional groups were generated. However, the peak absorption intensities
slightly changed, which could be attributed to the effect of ultrasonication process

on the molecular or supramolecular structure of cellulose.

5.3.4. Crystallinity

Figure 5-6 compares the XRD patterns of the resultant cellulose
nanofibers with the subcritical water treated-bleached cellulose fibers. All
diffractograms presented typical cellulose I structure with three well-defined
crystalline peaks at around 26= 16.5°, 22.5°and 34.5° (Nishiyama et al., 2002),
indicating that the molecular arrangement of cellulose was not affected by the
mild pre- or post-treatments applied in this study. The crystallinity index (CI,
percentage of crystalline cellulose in the total cellulose) values of the samples
were calculated using Eq. (3.1) based on the peak heights of crystalline (Ipo2) and
amorphous (I.m) regions of cellulose. The CI value of purified cellulose was
calculated as 75.4%. No significant change was observed in the CI values of the
ultrasonicated samples at 50% amplitude for 25 and 35 min and 80% amplitude
for 25 min compared to the purified cellulose fibers (~ 75% CI). However, a

slight decrease in CI value to 73.1% was observed as ultrasonication time
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increased from 25 min to 35 min at constant 80% amplitude. This might indicate
that the crystalline region of the nanofibers was damaged upon ultrasonication at
the high amplitude (80%) and long time use (35 min). Such a decrease in
crystallinity with increasing ultrasonication time was previously reported
(Amiralian et al., 2015; Chen et al., 2015; Wang and Cheng, 2009), which was
attributed to the non-selectivity (act on both amorphous and crystalline regions) of
ultrasonication process (Li et al., 2012). Therefore, ultrasonic cavitation does not
only affect the amorphous regions, but also the crystalline regions of the cellulose,

depending on the intensitive of the vibrational energy and processing time.
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Figure 5-6. X-ray diffraction (XRD) patterns of ultrasonicated lupin hull
cellulose at different conditions: 50% amplitude for 25 min, 50% amplitude for 35
min, 80% amplitude for 25 min, and 80% amplitude for 35 min.
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Despite the decrease in crystallinity at high intensity ultrasonication
conditions, the cellulose nanofibers obtained had high crystallinity (>70%), which
is associated with the high rigidity and stiffness (Bhatnagar and Sain, 2005),

offering promising applications where high tensile strength is demanded.

5.4. Conclusions

Cellulose nanofibers were isolated from lupin hull using an
environmentally friendly subcritical water-assisted technology followed by high
intensity ultrasonication. The results revealed successful nanofibrilliation as the
ultrasonication amplitude and time were increased to 80% and 35 min. The
improvement in the degree of nanofibrillation of the cellulose fibers was also
confirmed with the increased WRYV values from 161% to 305%. The smallest
average diameter obtained after subcritical water treatment followed by
ultrasonication at 80% amplitude and 35 min was 15 nm. The ATR FTIR spectra
showed the effective removal of hemicellulose and lignin achieved after
subcritical water and bleaching treatments. Obtained nanofibers had high
crystallinity (above 70% CI), suggesting potential applications in nanopaper

production, biomedical materials, and food packaging.
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Chapter 6. Characterization of aqueous suspensions of cellulose nanofibers

from lupin hull*

6.1. Introduction

Owing to its inexhaustibility and renewability, cellulose is considered to
be the most suitable resource for the production of environmentally friendly
materials, replacing oil-derived ones. In recent years, there is a growing interest in
the isolation of cellulose nanofibers from lignocellulosic biomass due to their
desirable characteristics, such as high aspect ratio, low thermal expansion, good
mechanical and optical properties, low weight, low density, and biodegradability.
As mentioned previously, cellulose nanofibers may find applications in various
produts such as nanocomposites, reinforcing agents, coating additives, food
packaging, filtration media, functional films, thickening agents, rheology
modifiers, templates, and adsorbents (Abdul Khalil et al., 2012; Ayadi et al.,
2016; Belbekhouche et al., 2011; Brinchi et al., 2013; Dong et al., 2013;
Korhonen et al., 2011; Nakagaito et al., 2010).

Cellulose nanofibers can be produced from plant fiber cellulose using
different mechanical approaches, such as high pressure homogenization or
microfluidizers (Dufresne et al., 2000; Turback et al., 1983; Zhang et al., 2012),
super grinding/refiner-type treatments (Iwamoto et al., 2007; Taniguchi and
Okamura, 1998), cryogenic crushing (Alemdar and Sain, 2008), and high intensity

ultrasonication (Cheng et al., 2009; Wang, et al., 2016) in various combinations.

*A version of this chapter has been submitted to Fibers and Polymers as Ciftci, D., Flores, R. and
Saldafia, M.D.A. (2016). Characterization of aqueous suspensions of cellulose nanofibers from
lupin hull. 119



Some researchers have employed chemical pre-treatments, such as
enzymatic treatment (Paakko et al., 2007) or surface modifications of cellulose
fibers to add ionic groups on the surface by oxidation and carboxymethylation to
achieve better fibrillation during mechanical treatments (Besbes et al., 2011;
Hubbe et al., 2008; Wégberg et al., 2008). Cellulose nanofibers are generally
produced in the form of aqueous suspensions as water helps the swelling of the
cellulose fiber and thus facilitates the breaking of hydrogen bonds between the
cellulose cell walls during the fibrillation process. Such aqueous suspensions of
cellulose nanofibers are able to form hydrogel structures, i.e., cross-linked three-
dimensional hydrophilic polymeric networks capable of absorbing large amounts
of water and swelling due to the highly hydrophilic nature of native cellulose
(Lasseuguette et al., 2008; Padkko et al., 2007).

Self-standing cellulose nanofiber hydrogels were reported by some
researchers with the treatment of cellulose nanofiber suspensions with acid (Saito
et al.,, 2011) and alkaline media (Abe and Yano, 2011), or using cross-linking
agents like metal cations (e.g. silver nanoparticles) (Dong et al., 2013). Such
cellulose nanofiber suspensions or hydrogels have great potential for applications
in fields such as tissue engineering, including scaffolds to store human cells, drug
delivery, sorbents, sensors, contact lenses and water purification (Hubbe et al.,
2008). They can be further converted to other cellulose nanofiber forms like
aerogels via suitable drying methods, freeze drying and supercritical drying.
Characteristics of the suspensions or gels might vary depending on the raw

material, cellulose fiber composition, production methods (fibrillation and/or
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chemical pre-treatment) and surface functionalization (oxidation or
carboxymethylation) of cellulose nanofibers. The rheological behavior is one of
the key characteristics of cellulose nanofiber suspensions, which can influence
various manufacturing steps, such as pumping, mixing or coating, as well as its
final industrial applications. Few reports are available on the rheological
properties of cellulose nanofiber suspensions, which mostly include surface
functionalized nanofibers like 2,2,6,6-tetramethylpiperidine-1-oxyl radical
(TEMPO)-mediated oxidation (Herrick et al., 1983; Lasseuguette et al., 2008;
Lotti et al., 2011; Lie et al., 2015; Padkko et al., 2007; Rezayati Charani et al.,
2013, Tatsumi et al., 2002).

In this study, varying concentrations (0.1-1.9 wt.%) of cellulose nanofiber
in water suspensions were prepared by ultrasonication of lupin hull cellulose
obtained via combination of subcritical water and bleaching treatments. To the
best of the author’s knowledge, there is no study on the use of lupin hull for
hydrogel formation or the use of subcritical water-assisted treatment in the
nanofibrillation process. The objective of this study was to examine the effects of
concentration on the morphology, crystallinity, thermal stability and rheological

properties of the obtained cellulose nanofiber suspensions or hydrogels.

6.2. Materials and methods
6.2.1. Materials
Lupin hulls (Ceapro Inc., Edmonton, AB, Canada) were used as the

starting material to prepare cellulose nanofiber hydrogels. Sodium chlorite
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(NaClOz) (299.5% purity) and acetic acid (>99.7 % purity) were obtained from
Fisher Scientific (Pittsburgh, PA, USA). Distilled water was used in the

preparation of all suspensions/hydrogels.

6.2.2. Preparation of cellulose nanofiber suspensions

Lupin hull cellulose fibers were obtained after subcritical water and
bleaching treatments. Subcritical water treatments of the hulls at process
conditions of 180 °C, 50 bar and 5 mL/min, as described in Chapter 3 (Section
3.2.3), resulted in cellulose enriched fibers (~80% cellulose). Then, a bleaching
treatment described in Chapter 4 (Section 4.2.2) was conducted for 4 h to obtain
the purified cellulose fibers (Ruangudomsakul et al., 2015). Preparation of
cellulose nanofiber suspensions in various concentrations (0.1-1.9 wt.%) were
carried out by the ultrasonication of purified cellulose fibers in water for 40 min at
80% amplitude using an ultrasonicator (Model 705, 700 W, 50/60 Hz-Fischer
Scientific, Pittsburgh, PA, USA) following the procedure described in Chapter 5
(Section 5.2.3). For the X-ray diffraction (XRD) and thermo-gravimetric (TG)
analyses, the suspensions were first frozen at -18 °C and then freeze-dried at -45
°C and 15 Pa for 2 days using a freeze-dryer (Free Zone 1.0 L Benchtop Freeze

Dry System, Labconco, Kansas City, MO, USA).
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6.2.3. Microscopic analysis
The morphologies of the cellulose nanofibers were investigated with
transmission electron microscopy (TEM) (H7500 TEM, Hitachi, Tokyo, Japan)

following the procedure described in Chapter 5 (Section 5.2.6).

6.2.4. X-ray diffraction analysis

X-ray diffraction (XRD) analysis was performed using a PANalytical
Empyrean Diffractometer (Empyrean, PANalytical B.V., Almelo, Netherlands) as
described in Chapter 4 (Section 4.2.3.2). The crystallinity index (CI) of the
samples was determined using Eq. (3.1) (Ipo2 at 20 = 22.5° and L.m at 260 = 18.5°)

described in Chapter 3, Section 3.2.5.1.

6.2.5. Thermo-gravimetric analysis
Thermo-gravimetric (TG) analyses were performed using a TGA 209 F1
Libra TG Analyzer (TG 209 F1 Libra, NETZSCH, Selb, Germany) following the

procedure described in Chapter 3 (Section 3.2.5.2).

6.2.6. Rheological behavior

Rheological measurements of cellulose nanofiber suspensions were
carried out using a rotational rheometer (Physica MCR 301, Anton Paar, Ashland,
VA, USA) equipped with a cone and plate geometry (cone angle, 1.0092°;
diameter, 24.972 mm; truncation, 49 pum) at 25 °C. Steady-state viscosity

1

measurements were carried out in a shear rate range from 0.01 to 1000 s™". Strain
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sweep test was performed to determine the linear viscoelastic region within a
strain range from 0.01% to 100% at a frequency of 1 Hz prior to frequency sweep
tests. Then, frequency sweep measurements were conducted in angular frequency
range of 0.1-100 rad/s at 1% strain. Data were analyzed using the RheoPlus

software.

6.2.7. Statistical analysis
Data were presented as mean =+ standard deviation based on at least
duplicate experiments and analyses. Statistical analyses were performed using the

methodology described in Chapter 3, Section 3.2.6.

6.3. Results and discussion
6.3.1. Morphology and structure

Ultrasonication of purified cellulose fibers in water resulted in the
formation of long and entangled nanofiber networks. Figure 6-1a-d shows the
TEM images of the obtained cellulose nanofiber suspensions at 0.1-1.9 wt.%
concentrations. Cellulose nanofibers with lower concentrations of 0.1 and 0.7
wt.% presented a classical web-like network structures with long entangled
nanofiber filaments with diameters of 5-30 nm, and 5-60 nm, respectively, and
lengths of several microns (Fig. 6-la and 6-1b). However, nanofibers were
strongly aggregated as the concentration increased to 1.6 and 1.9 wt.%, appearing
as bundles or clusters with widths in the range of 5-100 nm (Fig. 6-1c and 6-1d),

which was attributed to the higher availability of interacting hydroxyl groups on
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the surface of cellulose nanofibers, leading to agglomeration (Zimmermann et al.,

2004).
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Figure 6-1. Morphology and structural characteristics of cellulose nanofibers at
different concentrations: TEM images of (a) 0.1 wt.%, (b) 0.7 wt.%, (c) 1.6 wt.%,
and (d) 1.9 wt.%, (e) XRD patterns, (f) TG curves.
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Figure 6-1e shows that all samples had the major diffraction peaks at 26=
16.5°, 22.5° and 34.5°, indicating the typical crystal patterns of cellulose I type
(Nishiyama et al., 2002) since native structure was maintained after the
nanofibrillation process, which included treatments with subcritical water,
bleaching, and ultrasonication. The CI values calculated using Eq. (3.1) indicated
that the CI values significantly (p<0.05) decreased from 75% to 71% as the
concentration decreased from 1.9 wt.% to 0.1 wt.%.

The reason that lower concentrations of cellulose nanofiber suspensions
had lower CI could be related with agitation time. Even though all suspensions
were processed for 40 min with an ultrasonicator, suspensions with higher
concentrations could not be agitated and stirred equally due to their increased
viscosity. Thus, they had a lower chance of passing the ultrasonicator probe tip
and were subjected to less ultrasonication energy. The longer ultrasonication time
might have led to a slight destruction of crystalline surfaces causing such a
decrease in crystallinity.

The degree of crystallinity of the fibers has a close relationship with their
thermal degradation behavior (Isogai, 2013). Damaging the crystalline structure
could lead to a decrease in its thermal stability. Figure 6-1f shows the comparison
of the TG curves of subcritical water treated and bleached lupin hull cellulose
with the cellulose nanofiber suspensions at different concentrations. All
suspensions exhibited a degradation behavior that is highly similar to that of the
purified cellulose fibers with the onset of degradation temperature occurring at

approximately 310 °C. Results obtained indicate that the decrease of crystallinity

126



was not significant enough to affect its thermal stability as there was no

significant decrease in the onset degradation temperature.

6.3.2. Rheological properties

Figure 6-2a-h. presents the rheological properties of the cellulose
nanofiber suspensions. Steady-state viscosities of the suspensions (0.1-1.9 wt.%)
as a function of the shear rate were shown in Figure 6-2a. Increasing
concentrations resulted in increased viscosity, indicating that a more rigid and
entangled network was created as the concentration increased, leading also to
higher resistance to flow. Regardless of the concentration, all samples displayed a
typical shear-thinning behavior as the viscosity declined with increasing shear
rate. This behavior can be attributed to the breakdown of the entangled nanofiber
network caused by high shearing, which led to a sharp drop in the viscosity.

Shear-thinning behavior of cellulose nanofiber suspensions was also
reported in different studies (Lasseuguette et al. 2008; Lotti et al., 2011; Lie et al.,
2015; Padkko et al., 2007; Rezayati Charani et al., 2013). However, different
trends of shear-thinning behaviors were reported, depending on the raw material,
the treatment and/or fibrillation methods. Lie et al. (2015) observed the four-
region shear-thinning behavior for cellulose nanofiber (Celish KY 100-S grade)
suspensions obtained using super high pressure homogenizer (2070 bar/10 passes)

in the concentration range of 0.25-1.5 wt.%.
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Figure 6-2. Rheological properties of cellulose nanofiber suspensions at different
concentrations: (a) Steady-state viscosity, (b) strain sweep test, (¢) G’ (0.1-1.9
wt.%), (d) G” (0.1-1.9 wt.%), (e) G” and G” (0.1 wt.%), (f) G’ and G” (0.4 wt.%),
(g) G’ and G” (1.0 wt.%), (h) loss tangent (0.1, 0.4 and 1.0 wt.%).
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But, Lotti et al. (2011) reported the three-region shear-thinning behavior
of nanofiber suspensions derived from Picaeabies pulp using a homogenizer (600
bar/10 passes). Rezayati Charani et al. (2013) observed the linear shear-thinning
behavior of the nanofiber suspensions derived from kraft pulp using a PFI mill.

Oscillatory shear measurements were conducted to study the linear
viscoelastic properties of the cellulose nanofiber hydrogel structures. In the first
step, a strain sweep test was performed to determine the linear viscoelastic
regions. Figure 6-2b shows that the nonlinear behavior of the dynamic moduli
(storage (G') modulus) was observed after exceeding a critical strain of
approximately 5% for the concentrations of 0.1, 0.4 and 0.7 wt.%, and 50% for
the concentrations above 0.7 wt.%, which is related to the destruction of the
elastic hydrogel network after that point.

Figure 6-2c-g presents the frequency sweep measurements performed in
the linear viscoelastic region at 1% strain. The influence of concentration on
dynamic moduli was evident. Increasing concentration of the suspension resulted
in an increase of both G’ and G” values (Fig. 6-2c and 6-2d). The highest value of
G’ was obtained as ~ 10% Pa at the highest concentration of 1.9 wt.%, whereas the
lowest value was found as 10! Pa at ~0.1 wt.% suspension. The G’, which relates
to the elastic character, describes the measure of the stiffness of the nanofiber
network of the suspension. Thus, the larger value of G’ is an indication of the
stronger network structure formation (Carreau et al., 2002). For all the

suspensions except 0.1 wt.% concentration, the G’ values were always higher than
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G” values (approximately 10-fold) in the angular frequency range of 0.1-100
rad/s, exhibiting gel-like behavior.

For suspensions with concentrations of 0.4 and 0.7%, the G’ presented
frequency independent behavior at low angular frequency region (0.1-5 rad/s),
and then increased in the higher angular frequency region, whereas G steadily
increased with frequency in all regions maintaining G’>G” trend (gel-like
behavior) at all times. For 0.1 wt.% concentration, G’ displayed relatively
frequency independent behavior until reaching around 10 rad/s, and then
dramatically increased with angular frequency, while G” was increasing
continuously throughout the entire angular frequency region. However, change
and reorganization of the network structure took place with the observation of two
cross-over points of G” and G” (G’=G"). At higher concentrations in the range of
1-1.9 wt.%, the dynamic moduli of suspensions increased steadily with angular
frequency. Increasing the concentration from 1 to 1.9 wt.% led to relatively more
frequency independent tendency of moduli, indicating formation of a stronger gel
network.

Figure 6-2h shows the loss tangent values (G’/G”) as a function of angular
frequency. A more stable gel structure was obtained with 1 wt.% concentration
and above. Below 1 wt.%, loss tangent values were not stable due to weak
network structure/gels with less cross-linking. The stronger network structure
created at a high concentration was stable enough to resist the frequency as the

rate for destroying and rebuilding the network structure could be balanced.
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Formation of cellulose nanofiber gel structure (hydrogel) is attributed to
the physical cross-linking due to the formation of an entangled network structure,
arising from the high aspect ratio and the high specific surface area of the
nanofibers (Lasseuguette et al., 2008; Padkko et al., 2007). Increasing
concentration led to increased degree of physical cross-linking due to the
availability of more inter- and intra-molecular hydrogen bonds and highly

entangled network, forming viscous hydrogels.

6.4. Conclusions

Cellulose nanofiber  suspensions/hydrogels were prepared by
ultrasonication of lupin hull cellulose obtained via combination of subcritical
water and bleaching treatments. The TEM images showed that long entangled
nanofiber network structures were formed. Fibers were aggregated as the
concentration increased from 0.1 to 1.9 wt.%. Resultant suspensions had high
crystallinity (~70%) and high thermal degradation temperature (~310 °C). All
samples displayed a typical shear-thinning behavior. Increasing concentration of
the suspension led to an increase of the dynamic moduli. All suspensions, except
at 0.1 wt.% concentration showed gel-like structures over the entire range of
angular frequency. Increasing concentration resulted in the formation of more
stable and stronger hydrogels. The obtained cellulose nanofiber hydrogels (above
0.7 wt.%) with high crystallinity and thermal stability might be used as ideal
building blocks for the formation of highly porous and lightweight aerogels to be

used in thermal insulation, filtration, catalysis, medical and pharmaceutical fields.
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Chapter 7. Lupin cellulose nanofiber aerogel preparation by supercritical

CO2 drying and freeze drying*

7.1. Introduction

Aerogels are ultra lightweight and highly porous solid materials that have
stimulated interest in a variety of applications, such as thermal/acoustic insulation,
filtration, catalysis, and cushioning (Akimov, 2003). They are known for their
extremely low densities (0.0011 to ~0.5 g/cm?), high porosity (> 80%), high
specific surface area (up to 1000 m%/g), low thermal conductivity (~15 mW/m K),
low dielectric permittivity, and shock absorption (Hiising and Schubert, 1998; Tan
et al., 2001; Tingaut et al., 2012). Such materials obtained from cellulose
nanofibers have received great attention due to renewability, biodegradability, and
biocompatibility of cellulose, which is the most abundant biopolymer on Earth
(Syverud and Stenius, 2009; Yano and Nakahara, 2004). This class of materials
offer new applications in medical and pharmaceutical fields, where
biocompatibility and biodegradability are needed (Aulin et al., 2010), as well as in
environmentally friendly packaging, high performance and biodegradable
nanocomposites (Pddkko et al., 2008). Moreover, chemical functionality of
resultant cellulose nanofiber aerogels creates more application areas, such as
development of super hydrophobic materials via post-treatment with titanium
dioxide nanoparticles (Korhonen et al., 2011) and silanes (Cervin et al., 2012) to

be used as oil adsorbents or separation medium for oil/water mixtures.

*A version of this chapter has been submitted to The Journal of Supercritical Fluids as Ciftci, D.,
Ubeyitogullari, A., Razera Huerta, R., Ciftci, O.N., Flores, R. and Saldana, M.D.A. (2016). Lupin
cellulose nanofiber aerogel preparation by supercritical CO, drying and freeze drying.
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They exhibit increased ductility and flexibility arising from high aspect
ratio and crystalline structure of nanofibers compared to traditional organic and
inorganic aerogels from derivatives of cellulose microfibers and metal oxides,
which are usually brittle (Liebner et al., 2008; Olsson et al., 2010; P4akko et al.,
2008). Moreover, addition of chemical crosslinkers are not required in the
gelation process. The aqueous gel is formed owing to the intramolecular hydrogen
bonding and the long and entangled nanofiber network. ‘‘Sponge-like’’ aerogels
are developed by replacing the liquid in the gel of cellulose nanofibers by air via a
suitable drying method that minimizes the collapse of the network structure.

The first study on aerogels based on cellulose nanofibers was reported by
Padkko et al. (2008) using two different freeze drying methods, cryogenic and
vacuum, with 2 wt.% aqueous cellulose nanofiber suspension, which was
obtained from enzymatic treatment and fibrillation of softwood pulp. Using both
methods, aerogels with a low density of around 0.02 g/cm? and high porosity of
up to 98% were obtained. Regarding the surface area, the cryogenic freeze drying
yielded a value of 66 m?/g, while the vacuum freeze drying yielded a lower value
of 20 m*/g. Similar freeze drying methods have been employed to obtain cellulose
nanofiber aerogels from biomass such as wood pulp and poplar wood by other
researchers (Aulin et al., 2010; Chen et al., 2011; Sehaqui et al., 2010). To reduce
the extent of nanofiber aggregation in freeze drying during sublimation of water,
Sehaqui et al. (2011) conducted solvent exchange from water to fert-butanol prior
to freeze drying to obtain aerogel based on wood pulp 2,2,6,6-tetramethyl-1-

piperidinyloxy (TEMPO)-oxidated cellulose nanofibers (1 wt.% solid content in
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aqueous suspension). The resultant specific surface areas were as high as 153-284
m?/g due to replacing water with fert-butanol. Freeze drying after fert-butanol
solvent exchange to obtain cellulose nanofiber aerogels was successfully
employed in other studies (Fumagalli et al., 2013; Saito et al., 2011; Wan et al.,
2015). Recently, some researchers have focused on the preparation of cellulose
nanofiber aerogels using supercritical drying (Korhonen et al. 2011; Sehaqui et
al., 2011), which is a superior method for the preparation of aerogels as it avoids
the formation of surface tension and liquid-vapor interfaces in the pores of the
material during drying (Pierre and Pajonk, 2002). Supercritical carbon dioxide
(SCCO:2) has been the most appropriate fluid due to its mild critical pressure and
temperature conditions (74 bar and 31 °C). Korhonen et al. (2011) obtained
cellulose nanofiber aerogels from undried hardwood kraft pulp with 1.7 wt.%
aqueous suspension either by freeze drying in liquid nitrogen or liquid propane or
by supercritical drying to prepare aerogel templates with the purpose of producing
inorganic hollow nanotube aerogels by atomic layer deposition onto such
templates. They reported that, in contrast to freeze drying, supercritical drying
resulted in aerogels without major interfibrillar aggregation.

Drying the gel/hydrogel plays an important role on the final aerogel
properties, including density, porosity, specific surface area and morphology, in
addition to the influence of raw material and concentration of the starting gel. In
the case of cellulose nanofiber aerogel preparation, pretreatment/fibrillation
methods and surface charge of cellulose nanofibers might be critical for most of

the resultant aerogel properties. Thus, the aim of the present study was to
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investigate the effects of two different variables involved in the formation of the
aerogels, such as the drying method and the concentration of the starting
hydrogel. Lupin hull cellulose fibers obtained by combined subcritical water and
mild bleaching treatment were used as the starting material. Hydrogels with
varying concentrations of cellulose fibers in the range of 1-2 wt.% were prepared
via ultrasonication. Two different drying processes, freeze drying and SCCO»
drying, were examined to form aerogels from the cellulose nanofiber hydrogels.
Aerogel properties, such as density, porosity, specific surface area, pore size, and
morphology, were evaluated. Crystalline structure and thermal stability of the

aerogels were also investigated.

7.2. Materials and methods
7.2.1. Materials

Lupin hulls were kindly provided by Ceapro Inc. (Edmonton, AB,
Canada). Lupin hulls were ground to particle size < 1 mm with a centrifugal mill
(Retsch, Haan, Germany). The CO: (99.99% purity) was purchased from
Matheson Tri-Gas, Inc. (Montgomeryville, PA, USA). All chemicals used, such
as sodium chlorite and ethanol, were of laboratory grade and obtained from Fisher

Scientific (Pittsburgh, PA, USA).

7.2.2. Preparation of cellulose nanofiber hydrogels
Lupin hull cellulose fibers were used as the starting material to prepare

cellulose nanofiber hydrogels. First, cellulose-rich residue was obtained using
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subcritical water technology at the optimized process conditions of 180 °C, 50 bar
and 5 mL/min, as described in Chapter 3 (Section 3.2.3). Then, the samples were
bleached for 4 h according to a modified method (Ruangudomsakul et al., 2015)
described in Chapter 4 (Section 4.2.2) to obtain purified cellulose. Formation of
hydrogels at various concentrations was induced by ultrasonication of lupin hull
cellulose fibers in water for 40 min at 80% amplitude using an ultrasonicator
(Model 705, 700 W, 50/60 Hz-Fischer Scientific, Pittsburgh, PA, USA) following

the procedure described in Chapter 5 (Section 5.2.3).

7.2.3. Preparation of cellulose nanofiber aerogels by freeze drying

Cellulose nanofiber hydrogels (7 mL) were placed in cylindrical tubes (6.0
cm height and 1.5 cm diameter) and frozen either by a rapid freezing with liquid
nitrogen at -196 °C for 10 s or in a regular freezer at -18 °C for 24 h before the
freeze-drying process. Then, the water in the frozen hydrogel was sublimated at -
45 °C and 15 Pa for 2 days using a freeze dryer (FreeZone, Labconco Corp.,
Kansas, MO, USA) where water in the solid state was converted into gas phase

and removed.

7.2.4. Preparation of cellulose nanofiber aerogels by supercritical carbon
dioxide drying

Cellulose nanofiber aerogels were prepared from cellulose nanofiber
hydrogels by first replacing the water in the hydrogels with ethanol via a

multistage solvent exchange process, and then removing the ethanol from the
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alcogels using SCCO; drying. During the solvent exchange process, the hydrogels
(7 mL) were soaked in 30, 50, 70, and 100% (v/v) excess ethanol (200 mL) for 1
h residence time, and 100% ethanol for 4 days, where ethanol was decanted and
replaced with fresh ethanol every day to obtain the alcogel. The alcogels were
then placed in cylindrical polypropylene molds to prepare alcogel monoliths.
Monolith shape was preferred because hydrogels were placed in test tubes of
cylindrical shape. Moreover, monolith shape allowed to make measurements to
determine the density of the aerogels. Finally, the ethanol in the alcogel monoliths
were removed by SCCO; drying to obtain cellulose nanofiber aerogels.

SCCO; drying was carried out in a laboratory scale SCCO: extraction
system (SFT-110, Supercritical Fluids, Inc., DE, USA) similarly to the method
used by Comin et al. (2012) and Ubeyitogullari and Ciftci (2016). Briefly, first the
alcogels were placed into a perforated (0.002 mm hole diameter) polypropylene
basket (6.0 cm height and 1.5 cm diameter) that had a stainless steel frit on top of
the perforated bottom. The basket was then placed into the high pressure vessel,
containing the alcogel that was placed on the frit. Then, an excess amount of
ethanol (20 mL) was poured into the basket to account for the loss of ethanol from
the alcogel through evaporation before the set pressure and temperature were
reached. Temperature of the vessel was set to 40 °C using the temperature
controller. After the set temperature was reached, the system was pressurized to
100 bar and kept at the set pressure for 10 min using the double head syringe
pump (model 260D, Teledyne ISCO, Lincoln, NE, USA). Then, the shut off valve

was opened and the CO; flow rate was set to 0.5 L/min (measured at ambient
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conditions) and maintained constant using the micrometering valve. The CO:
flow rate was measured by a gas flow meter. SCCO; drying was performed at the
set pressure, temperature, and CO; flow rate for 4 h. After that time, the system
was depressurized at the same CO; flow rate and temperature, and the samples
were collected from the vessel and stored at room temperature (21 °C) until

characterized.

7.2.5. Characterization of the aerogels
7.2.5.1. Bulk density and porosity

Volume of the aerogel monolith was determined from its final dried
dimensions that were measured using a caliper with a precision of 0.05 mm, and
the weight of aerogel monolith was determined using a sensitive electronic
balance with a precision of 0.1 mg. Then, the bulk density (d.) values were
obtained by calculating the ratio of the mass to the volume.

The porosity (P) of the aerogels was calculated using the d. values in Eq.
(7.1), where the density of the crystalline cellulose nanofibers (d.) is equal to 1.6

g/cm® (Chen et al., 2011).
P(%)=(1- %) 100 (7.1)

7.2.5.2. Specific surface area and pore size
Brunauer—Emmett—Teller (BET) surface area and Barrett-Joyner-Halenda

(BJH) pore size of the cellulose nanofiber aerogels were determined by low-
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temperature nitrogen adsorption-desorption method (ASAP 2020, Micromeritics
Instrument Corporation, Norcross, GA, USA). Small pieces of aerogel samples
(0.1-0.3 g) were placed in the sample tube, and then degassed under vacuum at
115 °C for 10 h prior to analysis. Nitrogen sorption experiments were performed
at -196 °C. Specific surface area was determined at a relative pressure (p/po,
equilibrium pressure of nitrogen at the sample surface/saturation pressure of
nitrogen) between 0.05 and 0.3 by multipoint BET adsorption characteristics. Pore

size distribution was at p/po> 0.35.

7.2.5.3. Microscopic analysis

Cross-sections of 1 mm thickness were cut from the aerogel monoliths,
and their morphology was analyzed by a field emission scanning electron
microscope (FE-SEM) (S4700 FE-SEM, Hitachi, Tokyo, Japan) as described in
Chapter 4 (Section 4.2.3.4).

The morphology of the cellulose nanofibers in the hydrogels were studied
with transmission electron microscopy (TEM) (H7500 TEM, Hitachi, Tokyo,
Japan) following the procedure described in Chapter 5 (Section 5.2.6). Diameters
of cellulose nanofibers were calculated using the Image] processing software
(1J1.46) by loading the TEM images into the software and measuring the fiber
diameters. Scale bars on each TEM image were used for calibration of the
software. Approximately 100 measurements were done using 10 TEM images.
The average diameters and size distributions were determined by drawing straight

lines from the selected fibers in the corresponding TEM images.
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7.2.5.4. X-ray diffraction analysis

Crystallinity of the aerogel samples was determined using a PANalytical
Empyrean Diffractometer (Empyrean, PANalytical B.V., Almelo, Netherlands) as
described in Chapter 4 (Section 4.2.3.2). The crystallinity index (CI) of the
samples was determined using Eq. (3.1) (Ipo2 at 20 = 22.5° and L.m at 260 = 18.5°)

described in Chapter 3, Section 3.2.5.1.

7.2.5.5. Thermo-gravimetric analysis

Thermo-gravimetric (TG) analyses of the aerogel samples (5-10 mg) were
done using a TG 209 F1 Libra TG analyzer (TG 209 F1 Libra, NETZSCH, Selb,
Germany) following the procedure described in Chapter 3 (Section 3.2.5.2).
7.2.6. Statistical analysis

Data were presented as mean + standard deviation based on at least
duplicate experiments and analyses. Statistical analyses were performed using the

SPSS (version 17.0) software package at 95% confidence interval.

7.3. Results and discussion
7.3.1. Aerogel properties

Lightweight and white sponge-like aerogels were obtained without
significant collapse upon complete removal of water through freeze drying and
ethanol removal through SCCO> drying. Table 7-1 shows the properties of the
cellulose nanofiber aerogels prepared by those drying techniques from cellulose

nanofiber hydrogels at different concentrations ranging from 1 to 2 wt.% (initial
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solid cellulose nanofiber content in the hydrogel). The resultant aerogel properties
were greatly affected by the initial hydrogel concentration and the drying method
employed as shown in Table 7-1. The SCCO; drying resulted in ‘better’ aerogel
properties, such as lower density, higher porosity and higher specific surface area
compared to those of freeze-dried aerogels at each concentration level
investigated. Decreasing hydrogel concentration regardless of the drying method
employed resulted in a decrease in density, and increase in porosity and specific
surface area of the aerogels obtained.

The lowest density of 0.009 g/cm® was achieved at 1 wt.% hydrogel
concentration with SCCOz drying, whereas the freeze-dried aerogel had a density
of 0.023 g/cm?® at the same concentration due to collapsing of the pores during
water sublimation, which resulted in more cellulose nanofiber per unit volume.

The density of the aerogel is negatively correlated with the porosity as
shown in Eq. (7.1). As a result of such relationship, the highest porosity was
calculated as 99.4% for the SCCO»-dried aerogel, having the lowest density of
0.009 g/cm?.

The lowest porosity was calculated as 96.6% for the freeze-dried aerogel
which had the highest density of 0.054 g/cm® at 2 wt.% concentration.
Eventhough, concentration and drying method had significant effect on average
pore size and pore volume of the aerogels, with the values in the range of 7.1-11.7

nm, and 0.08-0.36 cm?/g, respectively, there was no pattern.
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Table 7-1. Comparison of cellulose nanofiber aerogel properties obtained via different drying methods.

Property SCCO: drying Freeze drying

1 wt.% 1.5wt.% 2wt.% 1 wt.% 1.5wt.% 2 wt.%

Density (g/cm’) 0.009"  0.019°  0.050° 0.023" 0.030° 0.054¢
(0.000)** (0.001)  (0.001)  (0.001)  (0.001)  (0.001)

Porosity (%) 99.42 98.8° 96.9° 98.6 98.12 96.6°
(0.3) (0.5) (0.5) (0.3) (0.5) (0.3)
BET surface area 115° 93b 72°¢ 202 18° 16°
(m?/g) “4) (7) (5) (1) (1) (2)
BJH  desorption 8° 11.7° 7.1¢ 10.8? 10.9° 9.4
pore size (2.2) (1.7) (2.1) (1.8) (1.4) (1.9)
(nm)
BJH  desorption 0.32% 0.36 0.17° 0.08? 0.09? 0.09?
pore volume (0.03) (0.02) (0.05) (0.01) (0.02) (0.02)
(cm’/g)

* Means in the same row within each drying method (SCCO; drying and freeze drying) with different letters are
significantly different at p<0.05.

**Data values in parentheses are standard errors.

BET: Brunauer—-Emmett—Teller; BJH: Barrett-Joyner-Halenda.
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The BET surface area (specific surface area determined using the BET
method) of freeze-dried aerogels significantly increased from 16 to 20 m?%/g with
decreasing concentration from 2 to 1 wt.%, while the concentration increase had a
more pronounced effect on the BET surface area of SCCO»-dried aerogels with
values increasing from 72 to 115 m?/g as the concentration decreased from 2 to 1
wt.%.

A similar phenomenon where increasing hydrogel concentration and
density led to a lower BET surface area of the resultant acrogel was also observed
for aerogel formation based on cellulose nanofibers (Aulin et al., 2010; Paikko et
al., 2008), or cellulose (Jin et al., 2004). Increasing hydrogel concentration per
unit volume results in an increased density with less porous structure and
therefore resulted in less surface area. Aulin et al. (2010) prepared cellulose
nanofiber aerogels at 0.0031-3.13 wt.% of carboxymethylated nanofibers of
dissolved pulp. They reported that aerogels obtained from 2 wt.% hydrogel
resulted in a density of 0.02 g/cm® and BET area of 15 m?/g, whereas increasing
the concentration to 3.13 wt.% yielded a higher density of 0.030 g cm™ with a
lower BET area of 11 m?/g due to the presence of more nanofiber per unit
volume, which results in a denser structure. Comparison of the present aerogel
BET surface area values with the previous aerogel studies based on cellulose
nanofibers in the similar concentration range tested in this study showed that the
BET surface area was affected by many parameters in addition to concentration,
such as freezing type/speed and additional solvent exchange time and the solvent

used. The values for BET areas of cellulose nanofiber freeze-dried aerogels (2
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wt.%) obtained in this study were similar to those of vacuum freeze-dried
aerogels reported by Piikkd et al. (2008), who obtained the area of 20 m?/g using
2 wt.% cellulose nanofiber gel of softwood pulp. On the other hand, BET surface
area values of this study were lower than those obtained by Sehaqui et al. (2011),
who conducted an additional solvent exchange step with tert-butanol prior to
freeze drying, achieving 153-284 m?*/g with 1 wt.% concentration of wood pulp
cellulose nanofiber hydrogel. However, the use of tert-butanol in the solvent
exchange step for the preparation of aerogels from coconut shell cellulose
nanofiber gel (0.5 wt.%) resulted in much lower BET surface area (9.1 m%/g)
(Wan et al., 2015), which could be related to the influence of the other variables
involved in the formation of aerogels, such as the source, treatment/mechanical
fibrillation method used or surface charge of the starting cellulose nanofibers.
Surface modification pretreatments of cellulose fibers to add ionic groups on the
surface by oxidation and carboxymethylation before mechanical treatments can

affect the final aerogel properties, resulting in high specific surface areas.

7.3.2. Morphology
7.3.2.1. Cellulose nanofiber hydrogels

Aerogel properties might vary depending on the initial hydrogel
characteristics of the cellulose nanofibers. In this study, ultrasonication of
cellulose fibers in water resulted in formation of the hydrogel structures via
formation of a nanofiber network. As native cellulose has a highly hydrophilic

nature, cellulose nanofibers are able to retain a large amount of water (Hoffman,
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2002). Thus, aqueous suspensions of cellulose nanofibers show gel-like properties
because of the formation of an entangled network structure attributed to the high
aspect ratio and the high specific surface area of the nanofibers (Lasseuguette et
al., 2008; Paakko et al., 2007). Besides, chemical cross-linker addition was not
required to induce gelation of the present hydrogels, which were formed by the
physical cross-linking of the cellulose nanofibers.

The TEM images of hydrogels displayed a classical web-like network
structure, revealing long entangled nanofiber filaments with diameters of 5-100
nm, and lengths in several microns which is challenging to measure (Fig. 7-1). As
a result of the physical cross-linking due to extensive inter- and intra-molecular
hydrogen bonding and entanglements, formation of white, sponge-like aerogels
with well-defined shapes without significant shrinkage were observed.

Flow ability of the hydrogels varied with changing concentration from 1 to
2 wt.%. A partial gelatinous structure was observed in the 1 wt.% hydrogel;
however, increasing the concentration above 1 wt.% resulted in viscous hydrogels
with increased aggregation of nanofibers and no flow ability (inset pictures,
Figure 7-1). It was reported by Chen et al. (2011) that increasing cellulose
nanofiber content from 0.1 to 1.5 wt.% resulted in increased strength of the
formed aerogels due to the increased degree of physical cross-linking caused by
more extensive inter- and intra-molecular hydrogen bonds and entanglements in
the viscous hydrogels. They evaluated the effect of hydrogel concentration
obtained from wood cellulose nanofibers on water uptake capability of the

resultant aerogels and reported that water uptake capability (ratio of water to
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aerogel) of aerogels decreased from 155 to 54 with increasing concentration from

0.1 to 1.5 wt.% due to an increase of such physical cross-linking.

Figure 7-1. Transmission electron microscopy (TEM) images of the cellulose
nanofiber hydrogels (1, 1.5, and 2 wt.%) and the appearance of the resultant
aerogels at macroscopic level.
7.3.2.2. Supercritical carbon dioxide-dried aerogels

The morphologies of SCCO,-dried aerogels as a function of the initial
hydrogel concentration are presented in Figure 7-2. Using SCCO; drying (100
bar, 40 °C, 0.5 L/min CO> flow rate, measured at ambient conditions) to prepare
aerogels was effective to form highly porous structures. These SCCO, drying
conditions were selected based on previous reports on the formation of aerogels
(Comin et al., 2012; Ubeyitogullari and Ciftci, 2016), and preliminary tests

performed in this study for lowest pressure and temperature for efficient ethanol

removal from the alcogel.
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The morphologies with three-dimensional open nanoporous network
structure of entangled nanofibers are shown in the SEM images in Figure 7-2. At
1 wt.% concentration, more homogenous and porous aerogel network structure
was seen, which was built up with individual cellulose nanofibers without any
visible or occasional aggregation of fibers (Fig. 7-2a-c). However, random
formation of bigger fiber bundles and aggregates were observed (Fig. 7-2d-1) as
the concentration was increased from 1 to 2 wt.%, which was the result of

increased attraction among nanofibers due to more extensive hydrogen bonding.

Figure 7-2. The morphologies of supercritical carbon dioxide (SCCO.)-dried
aerogels as a function of the initial hydrogel concentration ((a-c) 1 wt.%, (d-f) 1.5
wt.%, and (g-1) 2 wt.%).
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7.3.2.3. Freeze-dried aerogels

Morphologies of the freeze-dried aerogels (Fig. 7-3), initially frozen with
liquid nitrogen, were different than those of SCCO»-dried ones. As expected, the
SCCO; drying method was more effective in forming aerogels, exhibiting more
homogenous porous structures that were composed of thinner and not aggregated
individualized fibers, which is attributed to the lack of any liquid-vapor interface
and surface tensions in the gel pores (Pierre and Pajonk, 2002).

Figure 7-3a-b showed that the cellulose nanofibers in the 1 wt.% hydrogel
self-assembled into long fibers in the longitudinal direction during the freeze-
drying process. When the hydrogel concentration exceeded 1 wt.%, the number of
pores decreased accompanied with the formation of more sheet-like structures.
Even though the average pore sizes were found to be in the range of 9.4-10.9 nm
as reported in Table 7-1, formation of micrometer-sized pores were also identified

on the sheet like surfaces (Fig. 7-3d and 7-3f).
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Figure 7-3. The morphologies of freeze-dried aerogels as a function of the initial
hydrogel concentration ((a and b) 1 wt.%, (c and d) 1.5 wt.%, and (e and f) 2
wt.%).
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Effect of the initial freezing stage

Freeze drying of cellulose nanofiber hydrogels involves two major stages.
The initial stage is freezing of the water in the hydrogels into ice crystals with
nanofibers trapped among them, leading to the formation of an ordered structure,
and the final stage is the sublimation of the water molecules, resulting in the
formation of a porous network structure (Voronova et al., 2012). Freezing speed
at the initial stage of freeze drying plays an important role, affecting the
microstructure properties of the formed aerogels, which can be related with the
size and distribution of the ice crystals formed during freezing (Quievy et al.,
2010). Figure 7-4 compares the morphologies of the aerogels obtained with the
two different freezing methods of the initial stage of freeze drying, where 1 wt.%
hydrogels were frozen with liquid nitrogen (rapid freezing) at a temperature of -
196 °C, and with regular freezing in the freezer (slow freezing) at a temperature
of -18 °C. The use of rapid and slow freezing methods prior to sublimation
resulted in aerogels with different structures. Using rapid freezing with liquid
nitrogen was more effective in preserving the porous network structure (Fig. 7-4a-
b). More compact two-dimensional sheet-like structures were formed, displaying
wave-like roughness after the relatively slow freezing process at -18 °C (Fig. 7-

4c-d).
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Figure 7-4. The morphologies of freeze-dried aerogels with (a and b) rapid
freezing using liquid nitrogen and with (¢ and d) slow freezing using regular
freezer at a hydrogel concentration of 1 wt.%.

7.3.3. Crystallinity

Figure 7-5 shows the comparison of the X-ray diffraction patterns of the
purified cellulose and SCCO»-dried aerogels as a function of the initial hydrogel
concentration. Crystalline structure arrangement of the native cellulose was
maintained in all aerogels after the applied treatments (subcritical water treatment,
bleaching, ultrasonication and drying) as all the patterns displayed a typical
cellulose I structure with three well-defined crystalline peaks around 26= 16.5°,

22.5° and 34.5° (Nishiyama et al., 2002).
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Figure 7-5. X-ray diffraction (XRD) patterns of the aerogels prepared at different
concentrations.

The CI of the purified cellulose was 75.4%. The CI value of the 1 wt.%
(72.4%) aerogel was slightly lower than that of the 1.5 wt.% aerogel (73.7%) and
the 2 wt.% aerogel (75.1%), but it was not statistically significantly different
(p>0.05). Such a decrease in crystallinity might be attributed to the damaging
effect of the ultrasonication process at increased intensity (increased time and/or
amplitude).

Li et al. (2012) reported a significant decrease in the crystallinity of
microcrystalline cellulose from 82% to 73% after ultrasonication at 1500 W for
15 min to obtain cellulose nanocrystals. Even though all the aqueous cellulose

fibers were processed for 40 min in this study, the hydrogels with concentrations
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of 1.5 and 2 wt.% might not be adequately agitated as the one with 1 wt.% due to
increased viscosity and, thus decreased flow ability during ultrasonication.
Furthermore, the resultant cellulose nanofiber aerogels still had high crystallinity
index with a value above 70%, which is crucial in terms of their potential
industrial applications like insulation as high crystallinity is closely related with

high thermal stability and good mechanical properties.

7.3.4. Thermal stability

Investigation of thermal stability is important in determining the capability
of cellulose nanofiber aerogels for high-temperature applications like thermal
insulation. Figure 7-6 presents the TG curves of subcritical water treated and
bleached lupin hull cellulose and the SCCO»-dried cellulose nanofiber aerogels at
different concentrations of 1-2 wt.%. All SCCO;-dried aerogels displayed a
decomposition behavior that is highly similar to that of the purified cellulose
fibers with the onset of degradation temperature occurring at approximately 310
°C. A decrease in the onset degradation temperature would be expected in case of
damaged crystalline region, which could lead to a decrease in the thermal stability
(Isogai, 2013). There was not such a decrease in the thermal stability, indicating
that the above-mentioned crystallinity decrease for the 1 wt.% aerogel was not

significant enough to affect its thermal stability.
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Figure 7-6. Thermo-gravimetric (TG) curves of aerogels with different
concentrations.

7.4. Conclusions

Highly porous and lightweight aerogels based on cellulose nanofibers
were successfully prepared using SCCO> drying and freeze drying methods. The
resulting aerogels had the highest specific surface area of 115 m%/g, the highest
porosity of 99% and the lowest density of 0.009 g/cm® via SCCO, drying of 1
wt.% hydrogel with a three-dimensional open nanoporous network structure.
Increasing the concentration from 1 to 2% led to more aggregated structures and
large fiber bundles after SCCO: drying and liquid nitrogen freeze drying, while
formation of two-dimensional sheet-like structures was observed during regular

freeze drying. All resultant aerogels had high crystallinity (>72%) and thermal
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stability (thermal degradation temperature of 310 °C). This new class of aerogel is
based on renewable and biodegradable cellulose nanofibers, and offers various
application areas, including environmentally friendly food packaging and tissue

engineering scaffolds.
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Chapter 8. Summary, conclusions, and recommendations
8.1. Summary and conclusions

Among the vast available lignocellulosic biomass sources, agro-industrial
by-products such as potato peel, lupin hull, and canola straw are particularly
suitable to obtain high value-added products since they do not compete with the
food sector. These lignocellulosic biomass sources mainly contain hemicellulose,
cellulose and lignin, where removal of hemicellulose and lignin leads to high
value cellulose. Production of cellulose nanofibers and its further processing to
obtain cellulose nanofiber hydrogels and aerogels are efficient ways to utilize
such underutilized and low-value by-products to obtain high profit in addition to
minimizing environmental concerns. Cellulose nanofibers have a number of
desirable characteristics, such as high aspect ratio, low thermal expansion, good
mechanical and optical properties, low weight, low density and biodegradability
(Abdul Khalil et al., 2012; Agarwal et al., 2006). Attractive applications of
cellulose nanofibers and hydrogels/aerogels based on cellulose nanofibers include
environmentally friendly food packaging, tissue engineering scaffolds, thickening
agents, rheology modifiers, adsorbents, carriers for catalysts, drug release and
thermal/acoustic insulation (Aulin et al., 2010; Belbekhouche et al., 2011; Brinchi
et al., 2013; Chen et al., 2011; Fukuzimi et al., 2009; Nakagaito et al., 2010;
Sehaqui et al., 2011).

Traditional cellulose nanofiber production methods from biomass use
hazardous chemicals and solvents, and generate waste streams raising

environmental concerns. Thus, there is a critical need for alternative methods that
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eliminates or reduces the use of hazardous chemicals and solvents and waste
generation.

Subcritical water treatment using pressure to maintain the water in the
liquid state at elevated temperatures of 100-374 °C is attracting considerable
attention as an environmentally friendly technology for lignocellulosic biomass
processing as it avoids the use of hazardous chemicals and neutralization of
sludges (Brunner, 2009; Saldafia and Valdivieso-Ramirez, 2015). Subcritical
water has unique properties of dielectric constant, ionic product, density,
viscosity, diffusivity, electric conductance, and solvent ability that can be tuned
by changing temperature (Kruse and Dinjus, 2007). Therefore, it offers an
alternative way for the removal of noncellulosics like hemicellulose and/or lignin
of biomass to obtain cellulose enriched residues that are mainly composed of
cellulose nanofibers. Hydrogels and aerogels can be further obtained after
cellulose nanofiber fibrillation and the use of suitable drying processes, such as
freeze drying and/or supercritical carbon dioxide drying.

In this thesis, sweet blue lupin (lupinus angustifolius) hull was selected as
a raw material for cellulose nanofiber production. Lupin is a legume crop with
450 species mainly cultivated in Australia (Bailey et al., 1974). Recently, the use
of lupin seeds as a food source is increasing due to its many health benefits. Lupin
protein has shown cholesterol lowering activity (Sirtori et al., 2004), and its y-
conglutin, an unusual basic 7S protein, has shown hypoglycemic effects (Vargas-
Guerrero et al., 2014). Currently, some bread manufacturers use lupin hull flour

for high fiber bread making; however, huge amounts of lupin hulls are still left as
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waste. One unique aspect of lupin hull is its low lignin content, which facilitates
access to the hemicellulose fraction to deconstruct lignocellulose complex. To the
best of the author’s knowledge, there is no study on the use of lupin hull for the
production of cellulose and cellulose nanofibers. In addition to lupin hull, canola
straw was studied as a high-lignin biomass. Canola straw, one of the major by-
products of the agricultural industry in Canada, is a potential source of cellulose.
Canola straw was used to compare the processes efficiency with a low-lignin
(lupin hull) and a high-lignin biomass (canola straw) for cellulose isolation.
However, further studies to form hydrogels and aerogels were conducted using
only lupin hull due to its low lignin content.

In Chapter 3, hydrolysis of lupin hulls was performed with subcritical
water technology using a biomass refinery approach, targeting the removal of the
maximum level of hemicellulose sugars to obtain a cellulose-rich residue. The
effects of process parameters, such as pressure (50-200 bar), temperature (160-
220 °C), flow rate (2-10 mL/min), and pH (2-12) were investigated and proper
optimization was carried out for the removal of maximum hemicellulose sugars
from lupin hull. Optimum subcritical water treatment conditions were found to be
180 °C, 50 bar, 5 mL/min, and pH 6.2, which removed 85.5% of the
hemicellulose sugars (xylose, arabinose, glucose, galactose and mannose) in the
extracts in 40 min. The analysis of the solid residue showed that the cellulose
content increased from 61.4% (160 °C/50 bar) to 86.8% (220 °C/50 bar) when
compared with the initial percentage of 45.2%, and the lignin content varied from

25.6% (160 °C/50 bar) to 5.7% (220 °C/50 bar). The increased crystallinity from
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38.2 to 58.6% and thermal stability of the solid residue confirmed the removal of
most of the hemicellulose and lignin from lupin hulls. In addition, defibrillation of
fiber bundles after subcritical water treatment was observed with scanning
electron microscopy.

In Chapter 4, cellulose fibers were isolated from lupin hull and canola
straw using a combination of sodium hydroxide (NaOH) and acidified sodium
chlorite (ASC) treatments. The aim of this study was to optimize the treatment
conditions of NaOH (5-20%, 25-75 °C and 2-10 h) and ASC (1.7%, 75 °C for 2-6
h) to remove the maximum amount of lignin and hemicellulose, leading to a high
recovery of cellulose, as well as to investigate the effect of lignin content of the
starting materials on the treatment efficiency. The maximum cellulose content
obtained was 93.2% for lupin hull after 4 h ASC treatment of NaOH-treated (15%
NaOH, 99 °C, 6 h) samples, and 81.4% for canola straw after 6 h ASC treatment
of NaOH treated (15% NaOH, 99 °C, 6 h) samples. The amount of non-cellulosic
components removal was higher for lupin hull than that of canola straw due to the
lower lignin content of lupin hull. The lignin contents of lupin hull and canola
straw were reduced by about 90 and 82%, respectively. The maximum removed
hemicellulose contents were 92 and 81% for lupin hull and canola straw,
respectively. Improved crystallinities with up to 72.6% for lupin hull and 67.4%
for canola straw were observed, indicating that amorphous noncellulosics removal
was higher in lupin hull. Thermal stabilities with onset degradation temperature of
up to 318 °C for lupin hull and 307 °C for canola straw were observed, indicating

that lupin hull had a higher cellulose content as cellulose is crystalline in nature
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and thermally more stable. The scanning electron microscopy images revealed
that the isolated cellulose fibers had more homogeneity and uniformity with
increased surface area.

The findings in Chapters 3 and 4 emphasized that the subcritical water
treatment (180 °C, 50 bar, 5 mL/min, pH 6.2 and 40 min) was as efficient as
NaOH treatment (15% NaOH, 99 °C, and 6 h) to obtain cellulos-enriched fibers
from lupin hull. Therefore, the use of subcritical water treatment could be an
environmentally friendly alternative. Further purification of subcritical water
treated lupin hulls was successfully conducted using ASC treatment as performed
in Chapter 4, where 93.2% final cellulose content was achieved. Due to the higher
level of cellulose recovery, only lupin hulls were used for the following Chapters
5-7.

In Chapter 5, production of cellulose nanofibers from lupin hull was
performed using the subcritical water treated residue (180 °C, 50 bar and 5
mL/min) obtained in Chapter 3, which was further purified by a bleaching
treatment with ASC as described in Chapter 4. Then, fibrillations into nano-scale
were conducted with ultrasonic treatments at different amplitudes (20-80%) and
times (15-35 min). The results revealed successful nanofibrillation as the
ultrasonication amplitude and time were increased to 80% and 35 min,
respectively. The smallest average diameter obtained was 15 nm at 80%
amplitude for 35 min. Resultant cellulose nanofibers had high crystallinity, with

above 70% crystallinity index.
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In Chapter 6, rheological characterization of the aqueous suspensions of
cellulose nanofibers from lupin hull was carried out. The suspensions of
nanofibers were prepared using the same approach described in Chapter 5, with
varying concentrations of 0.1-1.9 wt.%. The effects of concentration on the
morphology, crystallinity, thermal stability and rheological properties of the
obtained cellulose nanofiber suspensions were investigated. Transmission electron
microscopy images revealed the long entangled nanofiber network structures.
Strongly aggregated fibers were observed as the concentration increased from 0.1
to 1.9 wt.%. Resultant suspensions had high crystallinity (~70%) and high thermal
degradation temperature (~310 °C). Samples displayed a typical shear-thinning
behavior at all concentrations investigated. All suspensions except 0.1 wt.%
concentration showed gel-like structures over the entire range of angular
frequency. Increasing concentration led to an increase in the dynamic moduli,
favoring the formation of hydrogels with stronger network.

Based on the findings described in Chapters 6, cellulose nanofiber
suspension/hydrogel concentration range of as 1-1.9 wt.%, where stronger gel
network structures were observed, was adapted for the formation of cellulose
nanofiber aerogels in the next study.

In Chapter 7, highly porous and lightweight aerogels were prepared based
on cellulose nanofibers obtained using the same approach described in Chapter 5.
Two drying processes, SCCO; drying and freeze drying, were evaluated for the
formation of aerogels at initial hydrogel concentrations of 1, 1.5 and 2 wt.%. The

effects of concentration and drying method on the resultant aerogel properties,
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crystallinity, thermal behavior, and morphology were investigated. The properties
evaluated were density, porosity, specific surface area, pore size and pore volume.
The resulting aerogels obtained by SCCO; drying of 1 wt.% hydrogel had three-
dimensional open nanoporous (~8 nm) network structures, with the highest
specific surface area of 115 m?/g, the highest porosity of 99.4% and the lowest
density of 0.009 g/cm?, whereas freeze drying at the same hydrogel concentration
resulted in aerogels with specific surface area of 20 m?/g, porosity of 98.6% and
density of 0.023 g/cm®. High crystallinity (72%) and thermal stability (thermal
degradation temperature of 310 °C) was maintained in the SCCO»-dried aerogels.
Overall, throughout the research presented in this PhD thesis, cellulose
nanofibers and highly porous cellulose nanofiber aerogels were successfully
produced using a more environmentally approach that reduce the use of hazardous
chemicals. The findings are promising for the utilization of underutilized low-
value feedstocks, mainly lupin hull, to obtain high value-added products, cellulose
nanofibers, hydrogels and aerogels. The renewability and biodegradability of
cellulose nanofiber and its hydrogels and aerogels make it a promising potential
alternative material in the current petroleum oil crisis as a response to the current

environmental concerns and waste management issues.

8.2. Recommendations
Cellulose was enriched from low-lignin lupin hulls using subcritical water
treatment. Another approach for Chapter 3, especially for the high-lignin biomass,

could be using high pressure carbonated water that can be generated by
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pressurizing water and CO2 mixture, resulting in the formation of carbonic acid.
Such an approach could allow the recovery of hemicellulose and lignin fractions
using a chemical-free pressurized water- and CO»-based method.

Further research on the recovery and use of co-products obtained from
hemicellulose and lignin fractionation throughout the cellulose nanofiber
production process, including subcritical water treatment (Chapter 3), chemical
treatments with NaOH/ASC (Chapter 4), and subcritical water-assisted ASC
(Chapter 5) treatment is needed for their exploitation according to a lignocellulose
biorefinery concept. Such approach can generate various high-value products and
fractions. Each process can be optimized for a targeted product or fraction in
terms of yield and quality.

Cellulose nanofibers can be obtained in different forms, namely, hydrogel,
aerogel, film, and powder. Industrial applications of the cellulose nanofibers
depend on their physical form. Powder form of the cellulose nanofiber is desired
for convenient storage and transportation, as well as to develop different
formulations for targeted industrial applications such as nanocomposite
reinforcement and hydrogel formation. However, aggregation is a major issue in
cellulose nanofiber drying. Therefore, more research is needed to develop new
drying methods or improved spray drying with a new design that can preserve
nanoscale structure and ensure its redispersibility in water (Chapter 5).

Shelf life and stability of the cellulose nanofiber hydrogel could be studied
over months at both refrigeration and room temperature conditions for efficient

utilization in the industry (Chapter 6).
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Future studies for Chapter 7 should evaluate mechanical properties (e.g.,
tensile test, compressibility) and chemical functionality (e.g., chemical interaction
with the loaded compound, hydrophobicity, hydrophilicity) of the cellulose
nanofiber aerogels for various industrial applications (e.g., insulation, electronics,
energy). Finally, specific food and industrial applications of the cellulose
nanofiber aerogels could be explored, such as bioactive carriers and energy

storage for batteries.
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APPENDIX A

Figure A.1. Flow chart for experimental design of Chapter 3.

Starting material: Lupin hull

Optimization of
temperature & pressure

Subcritical water treatments
at 160-220°C and 50-200 bar
(flow rate: 5 mL/min, pH: 6.2,
and solvent to solid ratio:
66.7)

Optimization of flow rate
Subcritical water treatments at

{mp! 2-10 mL/min

(temperature: 180 °C,
pressure: 50 bar, pH: 6.2, and
solvent to solid ratio: 66.7)

g

Optimization of pH
Subcritical water treatments at
pH levels of 2-12
(temperature: 180 °C, pressure:
50 bar, flow rate; 5 mL/min,
and solvent to solid ratio: 66.7)

\/

End materials: Liquid extracts & solid residues

Characterization of extracts:

Chemical composition (NREL method)
Total phenolic content (Folin-Ciocalteau

method)

Total organic carbon (TOC-V instrument )

Characterization of residues:

Chemical composition (NREL method)
Crystallinity (X-ray diffraction analyzer)

Thermal behavior (Thermogravimetric analyzer)

Morphology (Scanning electron microscopy)

Table A.1. Effect of temperature and pressure on total hemicellulosic sugar yield
(sum of xylose, galactose, arabinose, and mannose) in the extracts (5 mL/min and

pH 6.2).
Temperature Pressure (bar)
°O)
100 150 200

160 64.0+1.2 63.9+1.6 64.2+0.7 60.8+3.9
180 85.5+£2.3 84.4+£3.2 85.3+1.1 81.5+1.8
200 79.5+0.9 79.2+2.4 79.5+1.7 76.5+3.7
220 72.94+0.5 73.0+0.4 72.94£2.2 70.7£3.4
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Table A.2. Effect of flow rate on total hemicellulosic sugar yield (sum of xylose,
galactose, arabinose, and mannose) in the extracts (180 °C, 50 bar, and pH 6.2).

Flow rate (ml/min) Yield (%)
2.5 81.3£3.1
5.0 85.5+2.3
7.5 79.4+0.9
10.0 78.4+1.4

Table A.3. Effect of pH on total hemicellulosic sugar yield (sum of xylose,
galactose, arabinose, and mannose) in the extracts (180 °C, 50 bar, 5 mL/min).

pH Yield (%)
2.6 84.5+0.6
6.2 85.542.3
8.5 80.7+1.1
11.7 79.2+0.4

Table A.4. Effect of temperature on cellulose and lignin contents of the solid
residues (50 bar, 5 mL/min, and pH 6.2).

Temperature (°C) Cellulose (wt.%) Lignin (wt.%)
160 61.4+4.7 25.6%2.1
180 78.8+5.6 15.4£1.3
200 84.6+2.5 11.4£1.9
220 86.8+3.2 5.7£1.4
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Table A.5. Effect of flow rate on cellulose and lignin contents of the solid
residues (180 °C, 50 bar, and pH 6.2).

Flow rate (ml/min) Cellulose (wt.%) Lignin (wt.%)
2.5 75.3+4.9 14.0+1.4
5.0 78.8+5.1 15.4£1.3
7.5 74.1£3.9 11.6+1.1
10.0 70.2+2.7 9.5+1.5

Table A.6. Effect of pH on cellulose and lignin contents of the solid residues (180
°C, 50 bar, and 5 mL/min).

pH Cellulose (wt.%) Lignin (wt.%)
2.6 76.5+4.2 13.9£1.1
6.2 78.8+3.8 15.4+1.5
8.5 72.3+£2.6 13.4+1.4
11.7 70.6£3.6 11.5+1.1
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Table A.7. Effect of temperature and pressure on total phenolic content of lupin

hulls.
Temperature Pressure (bar)
©0)
50 100 150 200

160 0.08+0.011 0.30+0.014 | 0.51+2.711e* | 0.68+0.018
180 0.08+0.014 0.37+0.010 0.50+0.014 0.69+0.015
200 0.06+0.019 0.34+5.693¢> | 0.55+0.011 0.65+0.036
220 0.07+0.017 0.35£2.711e* | 0.55+0.025 0.72+0.010
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APPENDIX B

Figure B.1. Flow chart for experimental design of Chapter 4.

Lupin hull & Canola straw
[

Removal of extractives
Toluene-ethanol (2:1, v/v) for 8 h at 80 °C in a Soxhlet apparatus

¥

Optimization of alkaline treatments

Sodium hydroxide (NaOH) treatments at different conditions (5-20%, 25-75 °C and 2-10 h)

‘ m) “Precipitated lignin from liquid part”

Bleaching treatments

Acidified sodium chlorite (ASC) treatments for varying time (1.7%, 75 °C for 2-6 h)

Characterization:

Chemical composition (NREL method)
Crystallinity (X-ray diffraction analyzer) -

\

“Purified cellulose fibers”

Thermal behavior (Thermogravimetric analyzer)
Morphology (Scanning electron microscopy)

Table B.1. Effect of NaOH concentration and temperature on hemicellulose and
lignin removal of (a, b) lupin hull, and (c, d) canola straw.

a)
Temperature NaOH (%)
°O
5 10 15 20
25 28+3 60+5 7443 7444
50 40+5 64+3 7843 78+2
75 56+5 7043 80+6 81+4
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b)

Temperature NaOH (%)
(°0)
5 10 15 20
25 26+4 4143 5143 5245
50 31+4 45+5 5542 5543
75 375 49+4 58+2 59+2
)
Temperature NaOH (%)
(°0)
5 10 15 20
25 30+9 5243 65+2 65+2
50 39+5 55+4 66+3 68+4
75 48+5 58+4 71+4 71+3
d)
Temperature NaOH (%)
(°0)
5 10 15 20
25 26+3 39+3 5242 54+3
50 30«1 43+2 53+4 57+2
75 37+4 47+2 57+3 60+3
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Table B.2. Effect of acidified sodium chlorite treatment (1.7%/75 °C) time (2, 4
and 6 h) on cellulose, hemicellulose, and lignin recovery of (a) lupin hull and (b)
canola straw treated at optimum NaOH conditions (15% NaOH/99 °C/6h).

a)
Biomass Time (h)
fraction
(Wt.%) 2 4 6
Cellulose 94+2 94+2 87+1
Hemicellulose 12+1 8+1 Not detected
Lignin 17+1 9+0 5+0
b)
Biomass Time (h)
fraction
(Wt.%) 2 4 6
Cellulose 93+2 93+2 9242
Hemicellulose 21+1 20+2 19+2
Lignin 23+1 18+1 161
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APPENDIX C

Figure C.1. Flow chart for experimental design of Chapter 5.

Subcritical water treated lupin hull at 180 °C/50 bar/5 mL min!
1

Bleaching with acidified sodium chlorite (1.7%, 75 °C for 4 h)

‘ “Purified cellulose (1.27%0.05% lignin)”

Ultrasonication of cellulose fibers in water (100 mL) at a fiber content of 0.1% (w/v)
(at 20-80% amplitude for 15-35 min) in an ice/water bath

¥

“Cellulose nanofiber suspensions”

Characterization:

Water retention value (WRV)
Morphology and size distributions by transmission clectron microscopy (TEM)

“Cellulose nanofiber suspensions”

v N

Freeze drying

(refrigeration of samples at -18 ° C for 24 h and
sublimation of frozen samples overnight under a
pressure of 15 Paand at -45° C)

Oven drying
(pouring of 5 mL of suspension in a aluminum
mold and drying at 40 ° C for 48 h)

\ \

Characterization: Characterization:

Crystallinity (X-ray diffraction analyzer) . Morphology (SEM)
Thermal behavior (Thermogravimetric analyzer)

Morphology (SEM)

Functional groups (Attenuated total reflectance Fourier

transform infrared spectroscopy (ATR FTIR))
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Table C.1. Water retention value (WRYV) of untreated and ultrasonicated lupin
hull cellulose at different amplitudes (20, 50 and 80%) for varying time (15, 25

and 35 min).
Amplitude (%) Time (min) WRYV (%)
0 0 157+3
30 15 16143
30 25 16642
30 35 16743
60 15 19443
60 25 246+2
60 35 263+1
90 15 207+2
90 25 287+1
90 35 30545

Table C.2. Effect of water retention value (WRV) on average cellulose nanofiber

diameter.
Amplitude (%) Time (min) WRY (%) Average
diameter (nm)
60 35 246+1 46
90 15 263+2 32
90 25 287+1 19
90 35 305+5 15
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APPENDIX D

Figure D.1. Flow chart for experimental design of Chapter 6.

. . . Characterization:
Preparation of different concentrations of
cellulose (0.1, 0.4,0.7, 1.0, 1.3, 1.6 and - Morphology and size distribution
1.9% (w/v) in water) suspensions with TEM
- Crystallinity
* +  Thermal behavior
- Rheological measurements
Ultrasonication for 40 min - Viscosity
(at an amplitude of 80%) in an ice/water Dynamic frequency sweep
bath

\

Cellulose nanofiber suspensions
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APPENDIX E

Figure E.1. Flow chart for experimental design of Chapter 7.

Cellulose nanofiber hydrogels (1, 1.5 and 2%/ at 80% amp. for 40 min )
1

Freeze drying: Supercritical CO, (SCCO;) drying:
- rapid freezing by liquid nitrogen at -196 - solvent exchange process with ethanol to
°C or in a regular freezer at -18 °C for 24 convert hydrogels to alcogels (for 4 days)
h - drying of alcogels using supercritical CO,
- sublimation of frozen samples for 2 days unit for 4 h
at -45 °C under a pressure of 15 Pa (at 100 bar, 40°C)
Cellulose nanofiber aerogels Cellulose nanofiber aerogels

Characterization

The bulk density & porosity + Mor ph0_10_gy
-Pore size & surface area - Crystallinity
(Brunauer—Emmett-Teller specific surface area (BET)) * Thermal behavior
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